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Improvements in mass spectrometry (MS)-based strategies for characterizing the plant 

lipidome through quantitative and qualitative approaches such as shotgun lipidomics have 

substantially enhanced our understanding of the structural diversity and functional complexity 

of plant lipids.  However, most of these approaches require chemical extractions that result in 

the loss of the original spatial context and cellular compartmentation for these compounds. To 

address this current limitation, several technologies were developed to visualize lipids in situ 

with detailed chemical information. A subcellular visualization approach, direct organelle MS, 

was developed for directly sampling and analyzing the triacylglycerol contents within purified 

lipid droplets (LDs) at the level of a single LD. Sampling of single LDs demonstrated seed lipid 

droplet-to-droplet variability in triacylglycerol (TAG) composition suggesting that there may be 

substantial variation in the intracellular packaging process for neutral lipids in plant tissues.  A 

cellular and tissue visualization approach, MS imaging, was implemented and enhanced for 

visualizing the lipid distributions in oilseeds.  In mature cotton seed embryos distributions of 

storage lipids (TAGs) and their phosphatidylcholine (PCs) precursors were distribution 

heterogeneous between the cotyledons and embryonic axis raising new questions about extent 

and regulation of oilseed heterogeneity.  Extension of this methodology provides an avenue for 

understanding metabolism in cellular (perhaps even subcellular) context with substantial 

metabolic engineering implications.  To visualize metabolite distributions, a free and 

customizable application, Metabolite Imager, was developed providing several tools for 



spatially-based chemical data analysis.  These tools collectively enable new forms of visualizing 

the plant lipidome and should prove valuable toward addressing additional unanswered 

biological questions. 
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CHAPTER 1 

INTRODUCTION* 

1.1 Lipid Synthesis and Composition in Plants 

Lipids are a structurally diverse group of metabolites involved in numerous cellular 

processes within plant systems including cell structure and compartmentation (Singer and 

Nicolson, 1972), metabolism (Welti and Wang, 2004), growth and development (Schmid and 

Ohlrogge, 2008), intracellular and extracellular signaling (Munnik, 2010), stress responses 

(Welti et al., 2002), and nutritional value (Lu et al., 2011).  Historically, the full-scope of the 

structural diversity and functional complexity of lipids was not realized using low-resolution 

analytical instrumentation such as thin-layer chromatography (TLC).  Early profiling methods 

focused on the separation of lipids from other plant and other biological sources to understand 

their physical properties (Cronan and Gelmann, 1975) and early-elucidated roles as high-energy 

storage molecules (Sorokin, 1967) and central components of cellular membranes (Benson, 

1964).  As the number of compounds identified as lipids has increased with modern analytical 

instrumentation and in particular mass spectrometric-based approaches, it has become 

increasingly important to define what constitutes a lipid and how to classify related molecular 

species. A number of classification systems have been developed to describe lipids from a 

structural and biosynthetic perspective (IUPAC-IUB, 1998; Christie, 2003; Fahy et al., 2005; 

Liebisch et al., 2013).  The recent, more comprehensive classification system proposed defines a 

lipid as a “hydrophobic or amphipathic small molecule that may originate entirely or in part by 

carbanion-based condensations of thioesters (fatty acids, polyketides, etc.) and/or by
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 carbocation-based condensations of isoprene units (prenols, sterols, etc.)” (Fahy et al., 2005).  

Identification and structural characterization of these lipids will enhance our understanding of 

how these compounds are synthesized and metabolized in tissues.  The composition of lipids in 

tissues, cells, and subcellular compartments is directly influenced by the mechanisms involved 

in lipid synthesis, storage and metabolism. 

Fatty acids (FA, Figure 1.1a) serve as the basic functional unit for synthesizing more 

complex and structurally diverse glycerolipids.  The mechanism and regulation of FA synthesis 

therefore play a major role in the final composition and quantities of storage, membrane and 

specialized lipids.  Unlike almost all other eukaryotic systems, FA synthesis occurs in the plastid 

compartment (chloroplasts in green tissues and leucoplasts in non-green tissues) of plant cells 

(Chapman and Ohlrogge, 2012).  The feedstock precursor for FA synthesis, acetyl-CoA (Figure 

1.1b), is at the center of primary metabolism linking anabolism and catabolism with acetyl-CoA 

synthetase and plastidic pyruvate dehydrogenase believed to generate the source of plastidial 

acetyl-CoA (Ke et al., 2000).  The FA pool of 16:0-ACP, 18:0-ACP, and 18:1-ACP (Figure 1.1b) 

represent the major products available for extraplastidial glycerolipid synthesis in most plant 

species (Schmid and Ohlrogge, 2008).  These acylated fatty acids can be further enzymatically 

modified (e.g. desaturation, hydroxylation, cyclization, etc.) to substantially increase the 

number of unique lipids within a cell, tissue, and organism.  The total fatty acid composition can 

vary considerably among different plant species (Badami and Patil, 1980), within selected plant 

genotypes (Wallis and Browse, 2002), different tissues and cellular compartments (Li-Beisson et 

al., 2010) indicating the complexity of regulating the lipid composition in different plant 

environments. 
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Glycerophospholipids are a set of abundant lipids comprising the majority of cell 

membranes and involved in numerous other cellular processes in plant tissues.  The general 

structure for glycerophospholipids includes a glycerol backbone with a polar head group 

attached at the sn-3 position and fatty acids esterified at the sn-1 and/or sn-2 position (Figure 

1.2).  This polar head group defines the lipid class and includes a phosphate group (phosphatidic 

acid, PA) plus additional diverse functional groups such as a choline (phosphatidylcholine, PC), 

ethanolamine (phosphatidylethanolamine, PE), serine (phosphatidylserine, PS), inositol 

(phosphatidylinositol, PI) and glycerol (phosphatidylglycerol, PG).  Each of these lipid classes can 

be interconverted to one another within related metabolic pathways to meet the required 

cellular needs.  Considering not only the head group diversity but the potential diversity of their 

acylated chains (as discussed above) there are a large number of individual molecular species 

within the glycerophospholipids. Their quantity and composition is tightly regulated to enable 

adaptable responses to changes in intra- and extracellular conditions including growth and 

development, temperature, osmotic pressure, nutrient stresses, and signaling mechanisms. 

Triacylglycerols (TAGs, Figure 1.3a) are the principal storage lipids in most seeds and 

oleaginous fruits and are collectively known more commonly as vegetable oils. The assembly of 

TAGs in oilseeds involves multiple pathways and subcellular compartments (Bates et al., 2009; 

Chapman and Ohlrogge, 2012). FAs destined for incorporation into TAGs are synthesized in the 

plastid and exported (mostly as 16:0 and 18:1 FA) to the ER as part of an acyl-CoA pool.  Acyl 

groups are utilized for glycerolipid synthesis in the ER by enzymes of the Kennedy pathway that 

provide DAG backbones for PC synthesis or for TAG synthesis.   Alternatively, acyl-CoAs can be 

incorporated rapidly into PC, independent of the Kennedy pathway (Bates et al., 2009).  Acyl 
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modification, including desaturation, hydroxylation, epoxidation, and cyclopropane addition, 

occurs in fatty acids esterified to PC (Bafor et al., 1991; Sperling et al., 1993; Thomæus et al., 

2001; Bao et al., 2002), so there is a dynamic and close relationship between acyl groups on PC 

and acyl groups in TAG.  FA can be shuttled to TAGs through a number of different pathways: 1) 

acyl-CoA- dependent acyltransferases that assemble TAG on the glycerol backbone (Stymne and 

Stobart, 1987); 2) an acyl-CoA independent mechanism for synthesizing TAGs (especially with 

usually FAs) through phospholipid:DAG acyltransferase (PDAT) (Dahlqvist et al., 2000); 3) an 

‘acyl editing’ mechanism between the acyl-CoA pool and PC via lysoPC acyltransferase (LPCAT) 

or phospholipase A (Stymne and Stobart, 1984); and/or 4) the transfer of the phosphocholine 

head group between PC and DAG by PC:DAG cholinephosphotransferase (PDCT) to supply 

unsaturated DAG for TAG synthesis (Lu et al., 2009). 

1.2 Lipid Droplets 

Lipid droplets (LDs), also known as spherosomes, lipid/fat/oil bodies, or adiposomes, are 

organelles that solubilize nonpolar lipids in the aqueous environment of the cytosol and are 

reservoirs for the storage of neutral lipids (i.e. TAGs). As such, LDs compartmentalize energy-

rich reserves in all cellular organisms (Murphy, 2001). In most oilseeds TAGs within LDs are 

metabolized via lipases providing a crucial energy source until the plant is able to 

photosynthesize new energy reserves. Although the endoplasmic reticulum is considered by 

most to be the major cellular location for LD biogenesis, droplets associate frequently with 

other subcellular compartments, presumably to carry out unique functions (Goodman, 2008).  

While storage is considered the principal role of neutral lipids, LDs in non-fat storing tissues 
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recently have become more appreciated for their dynamic nature and functional roles 

independent of storage (Goodman, 2008, 2009).  These roles include acyl reserves for 

phospholipid recycling (Bartz et al., 2007), lipid signaling (Granneman and Moore, 2008), 

membrane trafficking (Bartz et al., 2007; Zehmer et al., 2009), inflammation and cancer (Bozza 

and Viola, 2010), and host-pathogen interactions (Kumar et al., 2006; Cocchiaro et al., 2008).  

These various functions attributed to LDs vary with cell type and likely are manifested by 

differences in droplet composition albeit variations in protein, phospholipid and/or neutral lipid 

content.   

The basic structural model of LDs in plant seeds provides a thermodynamically stable 

organization that is thought to be conserved throughout eukaryotes, although the nature of the 

lipids and proteins associated with droplets varies with cell/tissue type (Chapman et al., 2012).  

The structure (Figure 1.3b) describes a neutral lipid core (triacylglycerols in plant seeds, and/or 

steryl esters in other organisms or cell types) surrounded by a phospholipid monolayer with 

specific proteins associated with the LD surface  (Huang, 1992).  The phospholipid and neutral 

lipid composition of LDs continues to be characterized in diverse tissues (Tauchi-Sato et al., 

2002; Rinia et al., 2008; James et al., 2010) through mass spectrometry-based approaches and 

non-invasive imaging improving our understanding LD structure and function.  

1.3 Lipidomic Analysis in Tissues 

The analysis of lipid compositions in plant tissues has seen amazing developments in 

high-resolution lipidomics aimed at improving our knowledge of the metabolism and the 

functional roles of plant lipids (Table 1.1).  The past decade has witnessed a significant 
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investment in mass-spectrometry (MS)-based instrumentation and techniques that when 

applied to plant tissues have built substantially upon an already strong foundation of lipid 

research.  Complementary  advances in genomics applications, including annotation of 

candidate genes involved in lipid metabolism (Mekhedov et al., 2000; Rhee et al., 2003; Li-

Beisson et al., 2010), availability of transgenic materials with altered lipid compositions 

(Lemieux et al., 1990; Wallis and Browse, 2002), and wealth of developmental and stress-

related gene expression data (Beisson et al., 2003),  have revealed new experimental systems 

for which lipidomics approaches are ideally suited and can contribute new information.  The 

central goal of lipidomics is to identify, quantify, and now to visualize all lipids (the lipidome) in 

plant tissues.  The lipidome of eukaryotes consists of thousands of lipids that are structurally 

and functionally diverse (Han and Gross, 2005b; Ejsing et al., 2009; Dennis et al., 2010). 

Visualizing the lipidome in plant cells and tissues through high-resolution techniques ultimately 

will lead to a more comprehensive and detailed molecular understanding of plant lipid function 

at the tissue, cellular and subcellular levels.   

1.3.1 Lipidomics in Tissues 

Conventional profiling of lipid compositions from plant tissues requires solvent-based 

methods developed for comprehensive/selective lipid extraction as well as the prevention of 

(non-) enzymatic degradation/loss of molecular species (Christie, 1993).  To accurately identify 

and quantify the lipid metabolites present in plant tissues, it is critical to minimize any trauma 

associated with extractions (Galliard, 1970).  Most commonly, plant tissues are flash-frozen to 

stop all cellular processes followed by incubation in isopropanol at high temperatures to 
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minimize enzymatic activity and artifacts (Roughan et al., 1978) of highly active hydrolytic and 

oxidative enzymes (Galliard, 1975). Popular extraction methods built on the foundation 

established by Bligh and Dyer (Bligh and Dyer, 1959) and Folch (Folch et al., 1957) rely on 

differences in metabolite polarity to selectively purify lipid components.  Several research 

groups have compared and reviewed the various lipid extraction techniques for optimal 

extraction efficiency and minimal lipid degradation (Fishwick and Wright, 1977; Kolarovic and 

Fournier, 1986; Manirakiza et al., 2001; Li-Beisson et al., 2010).  Most lipid extracts from plant 

tissues, especially non-seed tissues, will be comprised of a structurally diverse set of lipids with 

a large range of concentrations within and across lipid classes (Devaiah et al., 2006), although it 

may be necessary to alter solvent ratios to favor extraction of more polar lipids such as 

sphingolipids (Markham et al., 2006).  Therefore experimental conditions, including modes of 

sample preparation, are key to accurate lipidomics analysis. Many of the recent high-resolution 

analytical techniques are tailored toward minimal sample preparation that ultimately improves 

the integrity of the acquired results. Although advances in chromatographic separations can 

play an important role in lipidomics analysis, we focus most of our attention here on the MS 

side of lipidomics procedures.     

1.3.1 Shotgun Lipidomics: High-Resolution, Direct-Infusion Mass Spectrometry 

The analysis of lipids directly from extracts or biological sources through direct infusion 

MS (i.e. no chromatographic on-line separation) has been coined “shotgun lipidomics” (Han and 

Gross, 2005b).  By exploiting the diverse physical and chemical properties of lipids, 

contemporary mass spectrometers can be set up to analyze hundreds of lipids near-
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simultaneously (Han and Gross, 2005b).  Improvements in the mass accuracy, resolution, and 

sensitivity of contemporary mass spectrometers (e.g. Orbitrap mass analyzer (Hu et al., 2005)) 

has made it possible to identify many compounds by direct comparison of detected mass-to-

charge ratio (m/z) to theoretical m/z in public databases such as the LipidMAPS initiative ((Sud 

et al., 2007).  Structural characterization of each lipid species through ion fragmentation 

(MS/MS) can improve the molecular identification (e.g. lipid class, acyl chain length and 

saturation state, chemical modifications, etc.) while also serving as a mode for quantification.  

The development of shotgun lipidomics has resulted in three different analytical platforms 

optimized for different applications but ultimately all leading to improved identification and 

quantification of lipid species. 

The first direct infusion MS method operates by scanning for a characteristic fragment 

of each lipid class utilizing the precursor and neutral-loss scanning capabilities of a triple 

quadrupole (QQQ) MS (Brügger et al., 1997; Welti et al., 2002; Welti and Wang, 2004).  A triple 

quadrupole MS has a linear series of three quadrupoles: two identical quadrupoles that 

function as mass analyzers (denoted Q1 and Q3) and a collision cell responsible for ion 

fragmentation (denoted Q2) between Q1 and Q3.  In a precursor ion scan (PIS), Q3 selects for a 

single m/z diagnostic product (e.g. m/z 184, phosphocholine (PC) head group) generated 

through fragmentation (Q2) of each precursor ion scanned in a particular m/z range (e.g. all 

lipids from m/z 50-1200).  Neutral-loss scanning (NLS) is a variation of PIS where Q3 is also 

scanned to produce a spectrum that only shows the precursor ions that lost a particular 

fragment (e.g. m/z 141, all ions that when fragmented lose a phosphoethanolamine head 

group).  This methodology has been particularly effective in resolving polar lipid classes within 
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both mammalian and plant tissues as demonstrated by Brügger et al., 1997, Welti and Wang, 

2004, respectively. However, a large set of internal standards is recommended to account for 

potential quantitative differences brought about by energy- and mass-specific MS responses in 

precursor and neutral-loss modes (Welti et al., 2007).  Internal standards that represent each 

lipid class and are suitable for analysis (i.e. do not occur endogenously) are becoming 

increasingly available commercially. 

The second direct infusion MS method utilizes tandem MS through product ion scans at 

each unit mass (Ejsing et al., 2009).  A product ion scan, using a triple quadrupole instrument 

described above, allows the transmission of a single m/z through Q1 (e.g. Tri-18:1-TAG 

(triacylglycerol)) with all product ions scanned in Q3 (e.g. Di-18:1 DAG (diacylglycerol) fragment) 

produced via fragmentation in Q2.  This method essentially profiles the structural fragments of 

each molecule transmitted and identifies the lipid class and acyl chain composition for each 

molecule independently through software analysis.  An automated version of this platform with 

yeast cells was shown to achieve quantification of 250 molecular lipid species covering 21 major 

classes (~95% lipidome coverage), an improvement in sensitivity and coverage relative to other 

compared approaches (Ejsing et al., 2009).  However, similar to precursor/neutral-loss 

scanning, the inclusion of a large set of representative internal standards is required for 

quantification and identification purposes.       

A third direct infusion MS method for determining lipid compositions in complex 

extracts is multidimensional mass spectrometry (MDMS)-based shotgun lipidomics (MDMS-SL 

or 2D-MS) that combines NLS and PIS in a mass-ramp fashion (Yang et al., 2009; Han et al., 

2012).  Plots are generated from the lipid component fragments present (i.e. tandem m/z 
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fragments) including glycerolipid backbones, head groups, and aliphatic chains on the Y-axis 

versus the molecular ion m/z on the X-axis (Han and Gross, 2005a).  In MDMS, each set of cross 

peaks for the scanned fragments and the molecular ions can be used to determine the identity 

of all lipid species analyzed (Yang et al., 2009).  For quantification purposes, applicable internal 

standards are needed as described above to account for differences in fragmentation efficiency 

(Han et al., 2004).  Abundant and fully-resolved species are quantified by ratiometric 

comparison with an internal standard of the same lipid class.  Species that are of low 

abundance, or not-fully resolved, are quantified by one or more class-specific PIS, NLS, or both 

(Yang et al., 2009).  Automated processing algorithms identify each molecular species using the 

2D-MS data using an appropriate level of mass accuracy (Yang et al., 2009).  This method has 

been shown to profile the hepatic cellular lipidome with improved coverage in addition to a 

number of other studies applied to mammalian tissues (Han et al., 2004; Han et al., 2008). 

1.3.2 - Applications of Shotgun-Based Lipidomics Led to New Insights about Plant Lipid 

Metabolism and Signaling 

Direct-infusion MS approaches have come to play a central role in experimental analysis 

of lipid metabolism and function. Analyzing the lipid compositions in Arabidopsis mutants have 

shed new light on the roles of many genes involved in lipid metabolism and homeostasis (Wallis 

and Browse, 2002; Li-Beisson et al., 2010) and this is illustrated here by several representative 

(though not exhaustive) examples.  Comparative quantitative profiles of the polar glycerolipid 

species in Arabidopsis wildtype and phospholipase Dα1 (PLD) knockout mutants showed 

distinct lipid profiles that suggest PLD is involved in membrane lipid degradation in seeds and 
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contributes significantly to phosphatidic acid (PA) levels in roots, seeds, flowers, but not siliques 

and leaves (Devaiah et al., 2006).  Elsewhere, profiles of lipid class changes in 

trigalactosyldiacylglycerol (TGD3) mutants, disrupted in incorporation of endoplasmic 

reticulum-derived lipid precursors into thylakoid lipids, supported the role of TGD3 as a 

component of the ATPase lipid transport complex (Lu et al., 2007).  Still other lipidomics 

analysis of an Arabidopsis mutant with a disruption in the homologue of a human lipodystrophy 

gene (CGI-58),  showed marked increases in (TAG) content in leaves suggesting a role for this 

plant protein in the regulation of neutral lipid accumulation and turnover in vegetative plant 

tissues (James et al., 2010).   

Determining the detailed lipid compositions in oilseeds engineered for enhanced or 

altered lipid metabolism is likely to be important for designing optimal accumulation of various 

lipid products (Lu et al., 2011).  Many of the lipids produced in transgenic oilseeds are 

accumulated at lower concentrations than in the natural host from where the transgene was 

derived (Lu et al., 2011), and lipidomics have helped to address these difficulties in several 

ways.  Attempts to enhance the content of hydroxy fatty acids in Arabidopsis with the Ricinus 

communis type-2 acyl-coenzyme A:DAG acyltransferase (RcDGAT2) substantially modified the 

TAG pool composition (Burgal et al., 2008), as analyzed by shotgun lipidomics.  In other work, a 

bottleneck in the biosynthesis of very long chain fatty acids (VLCFAs) was identified with 

lipidomic profiles of tobacco (Nicotiana tabacum) and linseed (Linum usitatissimum) 

overexpressing fatty acyl-desaturases and elongases where the immediate shuttling of newly-

synthesized Δ6-fatty acids into TAGs prevented their accumulation in acyl-CoA pools that would 

be needed for further elongation into C20 fatty acids (Abbadi et al., 2004).  Lipidomics profiling 
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reveals global changes in lipid compositions, sometimes revealing novel consequences of gene 

expression and the accumulation of new products. For example, by suppressing PLD in soybean 

seed, lipidomic profiles showed increased levels of the polyunsaturated di-18:2 (dilinoleoyl)-

phosphatidylcholine (PC) and –phosphatidylethanolamine that have implications in the role of 

PLD in altering properties of edible and industrial soybean lecithin (Lee et al., 2011).   

Results from high-resolution MS of Arabidopsis tissues have suggested that lipids play a 

much more substantial role in plant signaling and stress responses than previously appreciated 

(Welti and Wang, 2004). Global changes in lipid compositions in response to various plant 

stresses including drought, salinity, freezing, and nutrient deficiency have emphasized the role 

of PLD- and PA-mediated signaling in plants (Li et al., 2009). For example, profiling methods 

applied to PLDζ1 and PLDζ2 knockouts in Arabidopsis demonstrated their role in lipid 

remodeling during phosphate starvation in rosettes with the concentration of phospholipids 

decreased and that of galactolipids increased relative to wild type plants (Li et al., 2006).  

Similarly, profile changes in the polar lipid species content, especially PA, during wound-

induced metabolism (Zien et al., 2001), reduced nitrogen (Hong et al., 2009), phosphorous 

deprivation (Li et al., 2006), and freezing tolerance (Li et al., 2008) suggests specialized roles for 

different PLD isoforms. Analysis of Arabidopsis lipin homologs, AtPAH1 and AtPAH2, 

demonstrated that the products of these two genes were responsible for the eukaryotic 

pathway of galactolipid synthesis during lipid remodeling under phosphate starvation 

(Nakamura et al., 2009).  And adding front-end liquid chromatography to MS-based lipidomics 

showed global changes in the Arabidopsis glycerolipidome in response to light and temperature 
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that need to be considered when establishing experimental growth conditions for 

reproducibility across labs (Burgos et al., 2011). 

1.4 Mass Spectrometry Imaging – Localizing Lipids In Situ 

Lipidomic profiles of tissue extracts have contributed substantially to elucidating the 

plant lipidome and its changes in association with physiological conditions.  However, through 

chemical-based extracts of plant tissues, the spatial organization of lipids in tissues, cells and 

subcellular compartments is mostly lost.  The location of lipids in plant tissues and cells is at 

least as important to characterize as the complexity and the quantification of the lipidome. The 

cellular distribution of lipids can be partially resolved through optical imaging techniques such 

as confocal or electron microscopy utilizing selected fluorescent dyes, antibodies, and chemical 

modifications (Eggeling et al., 2009; Wessels et al., 2010) but visualizing the detailed 

composition of individual molecular species is limited with conventional microscopy 

approaches.  The emerging field of mass spectrometry imaging (MSI) captures the spatial 

distribution of lipids in situ with detailed compositional information at the tissue, at the cellular, 

and, with certain instrument modifications, at the subcellular levels.  There are several different 

available spectrometers for MSI that vary in their forms of ionization, detection sensitivity, 

spatial and spectral resolution, and the type of information acquired.  Some instruments 

require advanced sample preparation but overall enable a diversified approach toward 

analyzing the lipidome by MSI.  While there are several comprehensive overviews of MSI 

(Chaurand et al., 2005; Dill et al., 2011; Harris et al., 2011; Lee et al., 2012) here we discuss 

methods for visualizing plant lipids at the cellular level-- focusing on matrix-assisted laser 
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desorption/ionization MS (MALDI-MS) and desorption electrospray ionization (DESI). New 

techniques allow the analysis of lipids at the subcellular level, such as direct organelle MS 

(DOMS) and live-single cell MS. Collectively, these techniques provide plant scientists with the 

opportunity to combine a breadth of chemical composition information within a biologically-

relevant spatial context.  Some alternative MS approaches for analyzing lipids in plant cells are 

also mentioned below including secondary ion MS (SIMS) and ion mobility-MS (IM-MS). 

1.4.1 Matrix-Assisted Laser Desorption/Ionization 

MALDI-MS is a versatile imaging platform that is particular amenable for sampling 

biological tissues.  While MALDI has traditionally been utilized to analyze larger biomolecules 

such as proteins and peptides, it is increasingly being applied to characterizing lipid extracts and 

visualizing lipids in situ.  Tissues are imaged by preparing thin sections that can be coated with a 

suitable matrix that limits sample damage and promotes ionization.  The choice of matrix (e.g. 

dihydroxybenzoic acid, cinnamic acid, etc.) and the method by which it is applied (e.g. 

sublimation) to the sample are important considerations since they can significantly affect 

ionization efficiency and the resulting compositional analysis. Samples coated with matrix are 

then ionized, described in detail elsewhere (Zenobi and Knochenmuss, 1998).  Briefly, a laser 

ablates a region of tissue and both matrix and tissue-derived ions are directed toward a mass 

analyzer.  The laser is rastered over the tissue sample and mass spectra are collected at each 

location, producing a chemical map of the plant material.    A resolution of 10-50 microns is 

typically used for laser-based imaging with some reports of submicron MALDI imaging 

(Guenther et al., 2010).  Since ionization typically occurs under vacuum, sample preservation 
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and preparation, in addition to the compatibility of the ionization matrix, are key factors for 

comprehensive analysis and compositional integrity.  Quantification of lipid species in tissues 

and sample extracts by MALDI-MS is limited due to suppression of certain lipid classes (i.e. PC 

generally suppresses other phospholipids and TAGs due to its favorable ionization potential 

(Emerson et al., 2010)).  Suppression is currently addressed through implementation of 

alternative matrices, correction algorithms using additional data acquired on different 

platforms instruments (Koeniger et al., 2011), and comparison of lipids only within selected 

lipid classes (Horn et al., 2012).    Validation with conventional shotgun lipidomics as well the 

inclusion of internal standards within or in addition to the matrix might resolve suppression-

influenced quantification.      

Several studies using MALDI-time-of-flight (TOF) MS have profiled plant lipid extracts as 

an alternative to separation-based MS methods.  There are several sample deposition 

techniques for sampling lipid extracts by conventional MALDI that result in different analytical 

responses (Fuchs et al., 2010).  The dried-droplet or mixed-matrix method involves mixing the 

sample extract with a prepared matrix solution, loading the mixture onto a MALDI sample plate, 

and allowing the solvent to evaporate inducing co-crystallization of the extract-matrix mixture.  

Conversely the overlay method or analyte first method involves spotting the analyte on the 

MALDI plate and allowing it to dry first before overlaying the sample with matrix.  In some cases 

this spotting variation has led to enhanced sensitivity is more reflective of many imaging matrix 

deposition methods (Murphy et al., 2009).  These MALDI-TOF-MS data also support 

standardization of the platform for future in situ analysis. An in-depth study on PC species 

extracted from soybean (Glycine max) and potato tubers determined that the individual 
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isomeric PC species could be resolved using the enzymatic digestion of PC species and analysis 

by MALDI-TOF in full-scan mode and through post-source decay of fragments generated during 

their flight in the mass spectrometer (Zabrouskov et al., 2001). Similar methodology was 

applied successfully to the analysis of the glycerophospholipid and glycolipid species of the 

plant-like green alga Chlamydomonas reinhardtii (Vieler et al., 2007). Lipid-soluble betacyanin 

pigments, utilized for food colorants and as antioxidants, were extracted from Amaranthus 

tricolor seedlings, Gomphrena globosa flowers, and Hylocereus polyrhizus fruits and structurally 

characterized by MALDI-quadrupole ion trap-TOF MS (Cai et al., 2006). Similar characterization 

was carried out with chlorophyll and its derivatives extracted from spinach (Spinacia oleracea 

L.) leaves using MALDI-TOF MS (Suzuki et al., 2009).  The TAG and fatty acid composition of 

total lipid extracts from olive (Olea europaea) and pomegranate (Punica granatum) seeds were 

standardized using MALDI-TOF as an alternative to fatty acid analysis by gas chromatography 

for quality assurance in industrial production of seed oils (Wiesman and Chapagain, 2010).   

In terms of imaging lipids in situ, most analysis by MALDI-MS to date has been focused 

on mammalian tissues in the context of genetic disorders of lipid metabolism (Murphy et al., 

2009; Fuchs et al., 2010).  Recently, however, MALDI-MS has been used for in situ analysis of 

plant lipids and several other types of metabolites (Kaspar et al., 2011).  Surface lipids were 

imaged directly in Arabidopsis floral and leaf tissues by MALDI-MS (Cha et al., 2008; Jun et al., 

2010; Vrkoslav et al., 2010).  Elsewhere, MALDI-MS using colloidal graphite as a matrix for 

ionization, the free fatty acids were imaged in strawberry seeds and apple tissues (Zhang et al., 

2007). MSI in rice (Oryza sativa) grain profiled PC molecular species (Zaima et al., 2010).   
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Infrared-laser desorption/Ionization (IR-LDI)-oTOF MS has been used to directly profile 

metabolite changes in the defense responses in tobacco leaves (Nicotiana tabacum) against the 

oomycete Phytophthora nicotianae (Ibanez et al., 2010).  In this set of time-dependent profiling 

experiments a group of peroxidized oxylipins, which can act as stress signaling molecules, and 

their precursor γ-linolenic acid, were detected in response to pathogen infection.  This IR-LDI-

oTOF-MS technique was also implemented to generate lipid profiles (i.e. TAGs, FAs, PCs, etc.) 

directly from pieces of green olive, sesame seed, sunflower seed, white coconut flesh, 

strawberry seeds, and a red rose leaf showing the diversity of plant tissues that can be quickly 

profiled (Dreisewerd et al., 2007).  Atmospheric pressure IR MALDI-MS was utilized to obtain 

(infusion-like) profiles from various plant organs including TAGs within sections of almond seeds 

(Prunus amygdalus) (Li et al., 2007). Laser ablation ESI (LAESI) was used to profile the two-

dimensional distribution (with ~350 µm lateral and ~50 µm depth resolution) of metabolites 

within the polyketide kaempferol biosynthesis pathway in variegated Zebra plant (Aphelandra 

squarrosa) leaf tissue (Nemes et al., 2008).  Similar imaging analysis was performed to 

reconstruct three-dimensional profiles metabolites of A. squarrosa and Peace lily 

(Spathiphyllum lynise) leaves including those of the kaempferol pathway and chlorophyll 

pigments (Nemes et al., 2009).  Localizing lipid metabolites directly in plant tissues will provide 

a new basis for lipidomics at the cellular level, and will provide important spatial information 

for studies lipid metabolism and function.   
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1.4.2 Desorption Electrospray Ionization (DESI) 

DESI is an ambient ionization technique that combines features of electrospray and 

desorption ionization for direct tissue analysis (Harris et al., 2011).  DESI ionizes molecules by 

generating pneumatically-assisted charged droplets directed towards the tissue surface that 

upon collision give rise to secondary droplets from compounds on the tissue surface that can be 

analyzed by high-resolution MS (Takáts et al., 2004).  DESI-MS is an attractive technique for MSI 

applications since it requires little to no sample preparation (i.e. no matrix required) relative to 

MALDI-MS and samples are not introduced into high vacuum conditions (Harris et al., 2011).  A 

major limitation of DESI is its mode of ionization results in poor spatial resolution, on the order 

of 100-250 micron tissue resolution which is generally larger than most MALDI instruments 

which operate in the range of 10-50 microns (Dill et al., 2009).  Additionally, the selection of the 

solvent composition is critical since different solvents affect the desorption and ionization of 

analytes during DESI (Eberlin et al., 2011).  Despite potential difficulties in normalizing the 

solvent system for comprehensive lipid imaging in tissues, altering the solvent composition can 

be advantageous for enhancing or promoting ionization of different species (Eberlin et al., 

2011). 

Despite their ease of ionization, DESI applications focusing on lipids have been limited 

(Eberlin et al., 2011).   The in situ distributions of phospholipids, sphingomyelin, and sulfatides 

have been shown to distinguish disease states in rat, human, and canine species (Wiseman et 

al., 2008; Dill et al., 2009).  In plants, the majority of MSI employing DESI has focused on the 

analysis of secondary metabolites.  Applications of DESI to plant tissue containing thick cuticles 

has created problems of penetration below the surface that result in insufficient signal intensity 
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and stability (Thunig et al., 2011).  The same study confronted this limitation by making tissue 

prints of plant material from leaves and petals of Hypericum perforatum (St. John’s Wort) and 

leaves of Datura stramonium (thorn apple) that revealed increased signal intensity and 

sampling reproducibility for identification of a number of secondary metabolites (Thunig et al., 

2011).  Similar tissue prints on ordinary printer paper were used to image the distribution of 

alkaloid malabaricone C in Myristica malabarica (Lam) seed cross sections (Ifa et al., 2011). 

Principal component analysis of TAGs analyzed in common plant oils (e.g. olive, safflower, 

hazelnut) on glass slides by DESI demonstrated high resolution of MS analysis with limited 

sample preparation (Gerbig and Takáts, 2010).  Recently glycosides were detected from Stevia 

leaves with additional limited spectral information possibly identifying fatty acids and other 

lipids (Liu et al., 2011).  A number of additional ambient sampling/ionization MS methods and 

applications being developed will likely find their way into the analysis of plant lipids in the near 

future (Harris et al., 2011). 

1.4.3 Secondary Ion Mass Spectrometry (SIMS) 

Secondary ion MS is particular well-suited for visualizing lipid compositions at much 

higher-resolutions on average than other contemporary imaging techniques.  SIMS is based on 

the use of an accelerated primary ion beam directed at a sample that upon impact with the 

surface generates a source of secondary ions that are analyzed by the MS (Boxer et al., 2009).  

Since the ion beam source is not limited by the diffraction of light, resolutions at about 100 nm 

are possible with specialized instruments (Boxer et al., 2009), with routine resolution of 400 nm 

to 1-2 µm achievable (Brunelle and Laprévote, 2009).  While SIMS has been available for several 
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decades, recent developments in ion sources have increased the upper mass limit of ~200 to 

above 1000 m/z which is necessary for imaging lipids (Johansson, 2006).  Similar to other 

imaging techniques SIMS is performed under vacuum so sample preparation is important to the 

integrity of the analytes visualized (Boxer et al., 2009).  SIMS depth profiling with C60 

Buckminsterfullerene primary ions has been used to generate 3D profiles of phosphocholine 

and cholesterol in freeze-dried oocytes (Fletcher et al., 2007) that at the current stage is not 

possible with other imaging techniques.  There are several  other applications of TOF-SIMS (for 

review see (Passarelli and Winograd, 2011)) where images showed the distribution of 

phosphocholine and sphingolipid head groups in cultured mouse neuron (Yang et al., 2010) and 

glycerolipids in microbial mats (Thiel et al., 2007).  Conveniently, newer SIMS instrumentation 

seems to preferentially visualize lipids from biological tissues making it a potentially attractive 

technique for future plant lipid research (Johansson, 2006). There have been a limited number 

of SIMS applications in plant tissues to date.  SIMS analysis of arsenic (As) and silicon in rice 

demonstrated that As was sequestered in roots which will be important to know when 

developing strategies to reduce the As concentration in rice (Moore et al., 2011).   In other 

work, polyketide flavonoids were shown by SIMS to be present at increased concentrations in 

seed coats of peas (Pisum sativum)  and Arabidopsis thaliana, with mutants showing variations 

in flavonoid content (Seyer et al., 2010).  SIMS has also been recently used to directly detect 

and image lipid membranes both in synthetic membrane model systems and biological tissues 

at high resolutions (Johansson, 2006). 
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1.4.4 Ion Mobility-MS (IM-MS) 

Another underutilized dimension of MS analysis that may substantially improve the 

resolution and ability to determine plant lipid compositions is the inclusion of an ion mobility 

(IM) cell on the front end of a high-resolution MS analyzer (Kanu et al., 2008; Kliman et al., 

2011b).  Ion mobility is the motion of free (gas-phase) ions in the presence of gas collisions (i.e. 

a pressured chamber between 1 and 760 Torr) which is in contrast to a mass spectrometer that 

operates in the absence of gas collisions (i.e. under vacuum) (Eiceman and Karpas, 2010; Kliman 

et al., 2011b). Under low electric field conditions, the time for an ion to move through an ion 

mobility drift cell is related to its collision-cross sectional area (i.e. its physical structure) and 

interaction with the gas.  This form of separation can be coupled with conventional MS to 

provide additional resolution and structural information for differentiating classes of 

biomolecules and even isobaric ions within lipid species (Kanu et al., 2008; Kliman et al., 2011a).  

Differences in the drift times of lipids due to the structural characteristics including the length 

of acyl chains, number of double bonds, head group, and degree of ionization produce an 

additional dimension of molecular resolution (Jackson et al., 2008).   The drift time properties of 

individual phospholipid molecules (including Soybean PCs) by IM coupled to a MALDI source 

demonstrated a marked improvement in mass resolution when applied to complex 

phospholipid mixtures. The phospholipid drift time decreases relative to the degree of acyl 

chain unsaturation, independent of head group and m/z, at an approximately linear rate 

(Jackson et al., 2008).  Since the unsaturation state results in the bending of acyl chains IMMS 

might provide additional resolution for deconvoluting two isobaric species whose double bonds 

result in different bending patterns.  Phospholipid head groups that are larger (and hence a 
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larger cross-sectional area) tend to have longer drift times than phospholipids with smaller 

head group which can be used to reconcile the m/z assignment in complex mixtures (Jackson et 

al., 2008).  Inclusion of different cations (e.g. H+, Na+, Cs+) shifts the drift time m/z space for a 

set of compounds and was key to uncovering a number of additional compounds present in a 

mixture that were masked with traditional MALDI TOF MS (Jackson et al., 2008).  This additional 

dimension of analysis through IM is an important development toward visualizing the lipidomes 

of biological organisms.  Application of IM methodology has mostly been applied to mammalian 

tissue extracts (Trimpin et al., 2009; Dwivedi et al., 2010), but will likely be important for plant 

lipid research in the future.  
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1.5 Figures and Tables 

Figure 1.1 Fatty acid structures. 

(a) Representative fatty acid structure: 9-octadecanoic acid (common name oleic acid) denoted 
with shorthand notation 18:1 or 18 carbons plus 1 double bond.  The double bond is located at 
the delta (Δ)-9 position.   
(b) Structure of acetyl-Coenzyme A (acetyl-CoA), the basic building block of fatty acid synthesis 
and key intermediate of primary metabolism. 
(c) Major acyl-ACP (acyl carrier protein) metabolites generated through plastidial fatty acid 
synthesis. 
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Figure 1.2 Structures of common glycerophospholipids 

(a) Glycerophospholipids have a glycerol backbone with a phosphate group esterified at the sn-
3 position and acyl chains esterified at the sn-1 and/or sn-2 positions.  The head group at the 
sn-3 position (denoted as X above) defines the different phospholipid classes which in turn have 
different structural and physiological characteristics.    R1 and R2 represent esterified acyl 
chains that make up individual molecular species within each class. 
(b) An example phosphatidylcholine (shorthand notation PC-34:2 (16:0/18:0)) with an 16:0 and 
18:2 at sn-1 and sn-2 positions, respectively. 
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Figure 1.3 Triacylglycerol and lipid droplet structure. 

(a) Representation of triacylglycerol with three esterified acyl chains (18:1, 18:2, and 16:0).  Acyl 
chains can vary in chain length and degree of saturation depending on  the species and 
genotype. 
(b) Simplified representation of lipid droplet structure with 3D phospholipid monolayer 
encompassing an energy-dense neutral-lipid core (left) and 2D-LD cutout showing oleosin 
proteins embedded and surrounding the phospholipid monolayer and neutral-lipid core (right). 
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Table 1.1 Summary of selected techniques for profiling plant lipids. 

Technique Advantages Disadvantages Spatial Resolution Plant Lipids 
Profiled to Date 

Representative 
References 

Shotgun 
Lipidomics 

high-throughput 
analysis; detailed 
compositional 
analysis; well-
established 
methods 

low spatial resolution; 
lose cellular localization 

Tissue Phospholipids, 
glycolipids, 
sphingolipids, 
TAGs, sterols, 
others  

(Welti and Wang, 
2004; Han and Gross, 
2005b) 

MALDI in situ localization; 
cellular resolution 

difficult sample 
preparation; lipid 
fragmentation in 
source; slow imaging at 
high-resolution 

Tissue/Cellular 
(10-50 µm) 

Cuticular waxes; 
polyketides; 
chlorophyll; TAG, 
FA, PC 

(Murphy et al., 2009; 
Fuchs et al., 2010) 

DESI little to no sample 
preparation; in situ 
localization 

low spatial resolution; 
penetration of plant 
cuticle 

Tissue/Cellular 
 (100-250 µm) 

TAG, FA (Takáts et al., 2004; 
Wiesman and 
Chapagain, 2010) 

DOMS direct sampling; 
organellar analysis; 
high-sensitivity 

low-throughput; limited 
size of nanospray tips; 
clogging of tips in situ 
analysis 

Cellular/Subcellular 
(< 1 µm) 

TAG, 
galactolipids 

(Horn and Chapman, 
2011; Horn et al., 
2011b) 

Video MS direct sampling; 
cellular analysis 

low-throughput Cellular/Subcellular 
(< 25 µm) 

Isoprenoids (Tsuyama et al., 2008; 
Lorenzo Tejedor et al., 
2009) 

SIMS very high spatial 
resolution 

variable ionization 
efficiencies within 
matrices 

Cellular/Subcellular 
(400 nm – 2 µm)   

Polyketides (Heien et al., 2010; 
Passarelli and 
Winograd, 2011) 

Abbreviations: MALDI: matrix-assisted laser desorption/ionization, DESI: desorption electrospray ionization, DOMS: direct organelle mass 
spectrometry, SIMS: secondary ion mass spectrometry; TAG: triacylglycerols, FA: fatty acids, PC: phosphatidylcholine 
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CHAPTER 2 

VISUALIZATION OF LIPID DROPLET COMPOSITION BY DIRECT ORGANELLE MASS 

SPECTROMETRY* 

2.1 Abstract 

An expanding appreciation for the varied functions of neutral lipids in cellular organisms 

relies on a more detailed understanding of the mechanisms of lipid production and packaging 

into cytosolic lipid droplets (LDs).  Conventional lipid profiling procedures involve the analysis of 

tissue extracts and consequently lack cellular or subcellular resolution.  Here we report an 

approach that combines the visualization of individual LDs, microphase extraction of lipid 

components from droplets, and the direct identification of lipid composition by nanospray mass 

spectrometry, even to the level of a single LD.  The triacylglycerol (TAG) composition of LDs 

from several plant sources-- mature cotton (Gossypium hirsutum) embryos, roots of cotton 

seedlings, and Arabidopsis thaliana seeds and leaves-- were examined by direct organelle mass 

spectrometry (DOMS) and revealed the heterogeneity of LDs derived from different plant tissue 

sources.  The analysis of individual LDs makes possible organellar resolution of molecular 

compositions and will facilitate new studies of LD biogenesis and functions, especially in 

combination with analysis of morphological and metabolic mutants. Further, direct organelle 

mass spectrometry could be applied to the molecular analysis of other subcellular 

compartments and macromolecules. 
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2.2 Introduction 

LDs are organelles that are specialized for the storage of neutral lipids and as such provide 

energy-rich reserves in all cellular organisms (Murphy, 2001).  Understanding LD ontogeny is of 

major importance to human physiology; on the one hand seed oils, packaged in LDs, make up a 

growing proportion of daily caloric intake in most diets around the world, and on the other 

hand, the regulation of lipid storage and mobilization underlies significant human health 

issues—obesity, diabetes and cardiovascular disease.  

Although storage is considered the principal role of neutral lipids, LDs in non-fat storing 

tissues recently have become more appreciated for their dynamic nature and functional roles 

independent of storage.  These roles include acyl reserves for phospholipid recycling (Bartz et 

al., 2007), lipid signaling (Granneman and Moore, 2008), membrane trafficking (Bartz et al., 

2007; Zehmer et al., 2009), inflammation and cancer (Bozza and Viola, 2010), and host-

pathogen interactions (Kumar et al., 2006; Cocchiaro et al., 2008).  These various functions 

attributed to LDs vary with cell type and likely are manifested by differences in droplet 

composition.  The basic structural model of LDs in plant seeds provides a thermodynamically 

stable organization that is thought to be conserved throughout eukaryotes, although the nature 

of the lipids and proteins associated with droplets varies with cell/tissue type.  The structure 

describes a neutral lipid core (triacylglycerols in plant seeds, and/or steryl esters in other 

organisms or cell types) surrounded by a phospholipid monolayer with specific proteins 

associated with the LD surface  (Huang, 1992). Although the endoplasmic reticulum is 

considered by most to be the major cellular location for LD biogenesis, droplets associate 
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frequently with other subcellular compartments, presumably to carry out unique functions 

(Goodman, 2008).   

The recent emphasis on studying the formation and turnover of these organelles and the 

importance of this compartment to general cellular physiology has prompted the development 

of advanced analytical tools for these organelles. Visualization of cytosolic LDs has commonly 

been carried out by conventional light microscopy and confirmed by histochemical and/or 

fluorescent neutral lipid specific stains (e.g. Sudan III, Nile Red, and BODIPY derivatives (Gocze 

and Freeman, 1994; Fukumoto and Fujimoto, 2002; Guo et al., 2008)).  Electron microscopy, 

such as TEM or freeze-fracture and low-temperature SEMs have supported the description of 

the fine ultrastructure of LDs within various plant and mammalian tissues yielding information 

on structural variability among an assortment of mutants and under a range of environmental 

conditions (Slack et al., 1980; Leprince et al., 1997; Fujimoto et al., 2008; Robenek et al., 2009). 

More recently third-harmonic generation microscopy (THG) (Debarre et al., 2006) and high-

resolution, nonresonant confocal Raman microscopy (van Manen et al., 2005) have been 

developed to selectively image unstained LDs unveiling novel interactions in complex cellular 

environments.  In combination with two-photon and second-harmonic generation microscopy, 

THG offers 3D spatial resolution that can be used to visualize LDs for long periods.  Raman-

based microcopy can even provide some molecular composition information for LDs within 

single cells. 

The rapidly developing field of lipidomics has led to a renewed effort to analyze 

triacylglycerol (TAG) prevalence and composition within LDs by mass spectrometric approaches 

(Bartz et al., 2007).  Many studies have now detailed the complex fragmentation patterns for 
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the complete structural elucidation and quantification of TAGs (Cheng et al., 1998; Schmelzer et 

al., 2007; Zehethofer and Pinto, 2008).  Supported by advances in bioinformatics 

(www.lipidmaps.org/) (Sud et al., 2007), improvements in mass spectrometry, and availability 

of unique purified standards, it is now feasible to achieve comprehensive lipid identification 

and quantification directly from complex mixtures.  For lipidomics applications, lipids most 

often are extracted from tissues or cell lines in organic solvents, losing the spatial information 

of lipid organization within the original sample. Others have combined mass spectrometry with 

microscopy approaches such as MALDI-MS (Murphy et al., 2009), SIMS (Brunelle and Laprévote, 

2009), DESI-MS (Dill et al., 2009) to preserve spatial context with composition information, but 

the resolution currently remains at the cellular/tissue level, and the compositional analysis is 

limited and incomplete. 

Here we have developed a novel technique for direct organelle mass spectrometry (DOMS) 

that couples direct visualization with detailed mass spectrometric analysis of organelles.  A 

multifaceted nanomanipulator, previously demonstrated to extract peptides from a single bead 

(Brown et al., 2010) and extract and analyze trace fiber analytes (Ledbetter et al., 2010), was 

equipped with glass nanospray emitters prefilled with organic solvent capable of extracting  the 

lipid contents out of LDs.  Here this approach is illustrated with LDs from diverse plant sources 

(Gossypium hirsutum and Arabidopsis thaliana).  We demonstrate the capability to directly 

sample populations of purified LDs as well as perform single-organelle mass spectrometry 

(SOMS) and lipid characterization.  To illustrate the utility of this approach we show a 

compositional shift in TAG profiles in LDs purified from modified oleic cottonseed lines 

previously generated in our laboratory (dominant negative expression of Bnfad2 (Chapman et 
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al., 2001; Chapman et al., 2008)), the presence of cyclic fatty acids in TAGs of cotton root LDs, 

and the molecular comparison between Arabidopsis seed and leaf LDs.  These new approaches 

complement existing analytical and cell biology techniques and can be extended to the analysis 

of LDs and organelles from other organisms.  This approach will help facilitate new studies 

about LD heterogeneity and the molecular nature of subcellular compartments in cellular 

systems.  

2.3 Results 

2.3.1 Direct Organelle Mass Spectrometry 

Interfacing direct organelle sampling with nanospray mass spectrometry required the 

incorporation of nanospray emitters that could control the liquid flux at the tip opening in 

contact with the sample of interest while also sufficiently concentrating the extracted lipids to 

detect their composition with high resolution.  The development of a nanomanipulator 

apparatus (Figure 2.1) (Brown et al., 2010)   coordinated the positioning of up to four emitters 

in a three-dimensional plane situated on the stage of an inverted light microscope for maximum 

working distance.  Emitters, prefilled with an organic microextraction solution that served the 

dual purpose of extracting the lipids from the droplets and facilitating the formation of 

nanospray droplets, were positioned adjacent to purified LDs (Figure 2.1a).  Direct interfacing 

the emitter with a dynamic pressure injector provided the sensitivity necessary to fill nanoliter 

volumes (usually between 5 to 30 psi of fill pressure) and selectively capture individual 
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organelles (Figure A.1).  After sampling LDs the emitters were remounted onto the nanospray 

apparatus (Figure 2.1b) for chemical analysis.        

2.3.2 Lipid Droplet Characterization 

To test the DOMS approach, LDs were purified from mature cotton embryos (cv Coker 312) 

due to their abundance within seed tissues, relative ease of purification and the known 

composition of TAGs in standard cottonseed oil (Lísa and Holcapek, 2008).  These LDs, 

suspended in approximately 100 μL, were somewhat variable in size (~0.5 to 2.0 µm diameter) 

(Figure 2.1a) but retained similar spherical morphology to that observed in situ.  A random 

sampling of approximately two dozen LDs produced a high-resolution spectrum of TAGs (Figure 

2.2a).  The TAG molecular species under these conditions were of sufficient concentration to 

analyze by MS/MS and confirm/assign acyl composition (Figure 2.2b, c).  Tandem MS of TAG 

precursor ions produce diacylglycerol product ions that lead to a high confidence of acyl chain 

identification (Byrdwell, 2005).  The TAG acyl chain distribution in purified LDs primarily 

consisted of linoleic (18:2), oleic (18:1) and palmitic acids (16:0).    

Most LDs share a similar spherical morphology despite some significant alterations in the 

composition of their neutral lipid core or surrounding phospholipid/protein-lined monolayer 

(Huang, 1992; Chapman et al., 2008; Guo et al., 2008).  However, the size of LDs is much more 

variable depending on tissue type (Murphy, 2001) and/or metabolic state (Chapman et al., 

2008; Guo et al., 2008).  Expression of a Brassica nonfunctional allele of a delta-12 fatty acid 

desaturase (Bnfad2) in a Coker 312 wildtype background produces fewer and larger LDs in 

cotyledons (Figure 2.3a, b) (Chapman et al., 2008).  Purification of these LDs was verified by 
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bright field (Figure 2.3c, d) and epifluorescence microscopy (stained with a neutral lipid specific 

fluorescent dye, BODIPY493/503) (Figure 2.3e, f).  Direct sampling of these Bnfad2 LDs showed 

a distinct shift toward increased oleic acid (18:1) acyl chain distribution within TAG at the 

expense of linoleic acid (18:2) (Figure 2.3g) that was confirmed qualitatively and quantitatively 

with conventional chemical extractions of total seed lipids (Figure 2.4) and analysis of total fatty 

acid content by GC-FID (Figure A.2), consistent with suppression of endogenous oleic acid 

desaturation by FAD2 (dominant-negative mutation).   Hence, with this approach it was 

possible to demonstrate directly a change in molecular composition at the organelle level in 

these metabolic mutants. 

Sampling a population of LDs resulted in high localized TAG concentrations within the 

nanospray emitters allowing detailed compositional information to be acquired through 

tandem MS.  The overall heterogeneity in TAG composition from sampling small, random 

populations of cottonseed LDs (10-25 droplets per sample) was relatively low (Figure 2.4c,d).  

Direct visualization and sampling of a single Bnfad2 LD (Figure 2.5a) as demonstrated in Figure 

A.3 required fine-tuning the filling conditions to prevent multiple LDs from entering the tip and 

diluting the final suspension of purified LDs.   

To assess the heterogeneity of purified single LDs from cottonseed embryos several LDs 

were sampled individually from both the Coker 312 and Bnfad2 (Tables 2.1 and 2.2, Figure 

2.5c.).   Representative TAG spectra from Coker 312 (Figure 2.5b top) and Bnfad2 (Figure 2.5b 

bottom) showed similar compositional profiles as multiple LDs (Figure 2.3g) and conventional 

lipid extractions.  Spray times were not optimal for tandem MS limiting the designations of acyl 

composition to comparison of the m/z ratios with sampling of multiple LDs. While the mean 
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TAG molecular composition of sampling individual LDs approached that of multiple LDs, there 

was considerable heterogeneity within purified seed lipid droplets.  These results indicate that 

this technique can be used to assess lipid droplet heterogeneity using single organelle mass 

spectrometry – or SOMS. 

One advantage of sampling multiple LDs would be to distinguish by molecular composition 

between LDs of similar morphology.  Cyclic fatty acids accumulate in root tissues of cotton 

seedlings during the early growth stages and include malvalic acid (8,9-methylene-8Z-

heptadecenoic acid, 32.6% of total fatty acid), sterculic acid (9,10-methylene-9-octadecenoic 

acid, 11.0 %), and dihydrosterculic acid (9S,10R-methylene-octadecanoic acid, 0.6 %) (Schmid 

and Patterson, 1988; Sud et al., 2007).  These cyclic fatty acids are enriched in the TAG fractions 

and presumed to be packaged into LDs in root cells.  LDs in root cells (visualized by BODIPY-

specific fluorescent staining) appeared to be either localized in clusters around the nucleus or 

dispersed throughout the cytosol in different root cells (Figure 2.6a).  Isolation and purification 

of these LDs did not affect their size and morphology (Figure 2.6b), and this morphology was 

similar to the LDs purified from cotyledons of seed tissues (Figure 2.3c).  TAG profiles in root 

LDs were distinct from those derived from cotyledon tissues of seeds (Figure 2.6c), and indeed 

these root TAGs were enriched in cyclic fatty acids with sterculic and dihydrosterulic acids on 

one or two acyl chains (confirmed by tandem MS, Figure 2.7b,c).  While malvalic acid is known 

to be prevalent in roots by GC studies (Schmid and Patterson, 1988), here by MS it was not 

distinguishable from linoleic acid (Figure 2.7a) in the purified droplets (both fatty acids have an 

molecular mass of 280.45 g/mol). Nonetheless, it was possible to directly distinguish LDs of 

differing molecular composition that were otherwise indistinguishable by morphology, 
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illustrating that DOMS or SOMS might be used to assess organelle heterogeneity within a given 

tissue or cell type. 

A single Arabidopsis thaliana seed (~15-25 µg) provides more than enough LDs for direct 

organelle mass spectrometry (Figure 2.8a) and these seed LDs can be purified by a rapid two-

step procedure (Figure 2.8f) reducing the time from LD purification to determination of LD TAG 

composition to under an hour.  On the other hand, the rosette leaves (approximately 1 mg dry 

weight) of 40-d old Arabidopsis plants contain very few LDs per cell (Figure 2.8c, e), and much 

more tissue was required for purification of LDs from leaves.  DOMS (Figure A.4) showed that 

the seed LDs contained characteristic 20:1/eicosenoic fatty acids in their TAGs while the LDs 

from leaves instead contained more 16:3 and 18:3 fatty acids that are most characteristic of 

leaf acyl lipids (Figure 2.8b) (Yang and Ohlrogge, 2009). LDs in leaves (Figure 2.8c), although 

similar in morphology to those in seeds (Figure 2.8d), likely have a function different from the 

long term storage function of TAGs in seeds for germination and seedling establishment. 

Profiling organelles by DOMS from different tissues and metabolic contexts will provide new 

insights into how cellular and subcellular heterogeneity contributes to cellular function—

questions difficult to address directly until now. 

2.4 Discussion 

The development of the L200 nanomanipulator supports a variety of potential analytical 

techniques at the cellular and subcellular level.  Here we illustrate some of these capabilities by 

the direct visualization of LDs derived from various cell types coupled with detailed chemical 

analysis.  Conventional lipid profiling by MS although detailed and capable of resolving highly 
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complex compositions of molecules at a range of endogenous concentrations, relies on total 

extractions of lipid molecules from organs, tissues or cell types, resulting in a rich mixture of 

compounds that lose all spatial context.  Here the DOMS and SOMS facilitate a complete, 

comprehensive lipidomics profiling while maintaining organellar identity of the sample source. 

While seed LDs contain mostly TAG molecules there are also a small proportion of 

phospholipids (PL) and proteins (e.g. ~97% TAG, 1% phospholipid, 2% protein in a 1 µm 

diameter LD) (Huang, 1992).  While only TAG molecules were detected with DOMS it appears 

that possible ion suppression effects prevented the detection of PL and/or proteins with the ion 

trap.  It is possible through instrument modifications that interfacing DOMS with a triple quad 

MS might improve the detection of PL and/or proteins and lead to new insights on lipid droplet 

PL composition and proteins directly associated with LD.     

The current method of sampling purified LDs by DOMS requires significant non-automated 

handling that limits the throughput and consequently additional assessment of LD 

heterogeneity.  Considering the low variability of sampling multiple LDs it was surprising to 

uncover significant TAG compositional heterogeneity when sampling individual LDs.  In order to 

increase sample throughput and decrease handling it might be possible to interface microfluidic 

devices with the nanomanipulator.   

This technique is versatile and could be combined for the lipid profiling of other subcellular 

components and combined with microscopic analysis serve as a means of evaluating detailed 

molecular changes at the organellar level to address arrange of biological questions 

unaddressable until now.   Further, it is possible to envision this approach expanded to support 

broad-based MS analysis of other macromolecules in organellar samples—such as proteomic or 
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general metabolomic studies—placing this DOMS approach at the forefront of biochemical 

analysis with microscale resolution.  While the positioning resolution of the L200 surpasses 

many commercially available nanomanipulators, the relative ease of combination of a standard 

robotic-controlled microscope stage with conventional light microscopy and standard MS 

instruments (nanospray source mounted on an ion-trap or triple quad MS) provides a high level 

of flexibility to achieve diverse and specialized systems (Brown et al., 2010; Ledbetter et al., 

2010).  In this case, only a single end-effector holding a glass nanospray emitter was necessary 

for sampling purified LDs; however, there are multiple ports on the L200 that could be used as 

molecular “tweezers” and low impedance electrical positioners (Brown et al., 2010) that might 

be advantageous for handling and/or sampling cellular constituents on-stage, either from 

purified populations as was shown here, or perhaps even in situ by microdissection of whole 

tissue samples. 

Recent advancements in imaging MS (MALDI-MS (Murphy et al., 2009), DESI-MS (Dill et 

al., 2009), SIMS (van Manen et al., 2005; Brunelle and Laprévote, 2009)) and Raman 

spectroscopy (van Manen et al., 2005) has acquired compositional information in association 

with spatial distribution.  The limited resolution of MALDI-MS (typical lateral resolution of 25-

100 µm (Murphy et al., 2009)) and DESI-MS (typically only 250 µm (Dill et al., 2009)) makes it 

impossible to resolve the compositional information of single organelles.  While Raman 

spectroscopy approaches afford some chemical compositional information at high spatial 

resolution in situ, this information is limited to gross chemical information, such as confirming 

neutral lipid classes or overall saturation of acyl-chains.  A significant advantage of imaging MS 

is acquiring chemical information in situ.  However, significant tissue preparation is often 
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required that can adversely affect quantitative accuracy and compositional distribution 

(Murphy et al., 2009).  For example, the quantitative accuracy of MALDI-MS and TOF-SIMS is 

significantly affected by sample preparation necessary to withstand vacuum pressure and ion 

generation energies (Dill et al., 2009).  Our DOMS method can derive information at a single 

organelle (LD) level with more comprehensive chemical compositional information than is 

possible by any current MS imaging approach that relies on direct ionization properties of 

molecules from a surface.   

Indeed the DOMS approach presented here might be modified to be combined or to verify 

some in situ imaging techniques, and together help to generate more complete chemical maps 

of cells and subcellular compartments than is currently available.  Currently the nanospray 

emitters have been unable to penetrate the thick plant cell wall making in situ extraction of LD 

difficult.  Although these small emitter openings allow for low nanoliter flow rates and support 

appropriate concentrations to detect lipids from a single LD, they tend to get clogged with 

cellular residues.  In the future it might be possible to directly probe mammalian tissues that 

lack the cell wall and/or use some combination of laser dissection, cell wall digests to analyze 

LD in situ. 

The DOMS approach developed and described here has the potential to be applied to 

diverse areas of cell biology and address many questions.  In specific applications toward LDs, 

while significant progress has been made in understanding the mechanisms of lipid production, 

packaging into cytosolic LDs, and physiological roles of LDs, there are still many questions that 

remain unanswered, or require additional technical advances to address.  For example, what is 

the extent of heterogeneity in organelle composition with a cell or within tissues?  Considering 

38



the acyl chain diversity of the core neutral lipid compounds, how are lipids packaged or 

trafficked within LDs or between associated organelles? What is the diversity of proteins or 

phospholipids in the LD monolayer and are these compositions dependent on or independent 

of the neutral lipid components in the core?  Does the size, surface composition or neutral lipid 

core impact the rate of lipid accumulation or mobilization?  These and many other important 

biological questions can be, in part, addressed with the advances in analytical approaches at 

the microscale level like those presented here.  
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*Sections 2.5 and is reproduced with minor modifications and with permission from John Wiley
and Sons ©. Horn PJ and Chapman KD. Lipidomics in tissues, cells and subcellular 

compartments. The Plant Journal (2012) 70, 69-80   

2.5 Addendum* 

2.5.1 New Insights into Lipid Droplet Composition from DOMS 

DOMS was applied to directly visualize organellar lipid compositional differences 

between metabolic mutants in cotton (Gossypium hirsutum) seed tissues (Horn et al., 2011b). 

Purified LDs from mature cotton embryos expressing a non-functional allele of the Brassica 

napus Δ-12 fatty acid desaturase (Bnfad2). LDs from mutant seeds showed distinctly different 

lipid profiles from wildtype (cv Coker 312) LDs.  There was a dramatic shift toward increased 

oleic acid (18:1) acyl chain distribution within TAGs and these appeared to be at the expense of 

linoleic acid (18:2), consistent with suppression of endogenous oleic acid desaturation by FAD2 

(dominant-negative mutation).  While similar conclusions were reached with total seed lipid 

extracts analyzed by direct infusion MS, DOMS facilitated the visualization of isolated LD and 

the analysis of TAG molecules within a small population (10-25 LDs) of purified LDs.  Direct 

infusion MS of tissue extracts or even other forms of imaging MS at the cellular level does not 

allow for organelle level analysis, and this becomes important when sampling tissues of 

unknown composition.  For example, DOMS was utilized to identify TAGs in isolated LDs (~12 

LDs) from leaves of wild-type and genetically modified mutants Arabidopsis plants (James et al., 

2010). While LDs are abundant in cells of seeds and overwhelm the total seed fatty acid 

composition of seed extracts, LDs are rare within leaf tissues, and their contribution to the total 

fatty acid composition of leaves is far overshadowed by membrane lipids. In Arabidopsis 

mutants with a disruption in the homologue of a human lipodystrophy gene (CGI-58), the total 

number and distribution of neutral-lipid-stained particles were increased substantially in a 
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manner similar to the β-oxidation acx1/acx2 double mutants  (Slocombe et al., 2009).  DOMS 

was able to demonstrate directly that TAGs were indeed up-regulated and were 

compartmentalized in cytosolic LDs in these mutants.  Through DOMS analysis, it was also 

possible to suggest the likely metabolic source of these TAGs (James et al., 2010).   

Importantly, DOMS also allows for questions of heterogeneity of organelle composition 

to be asked for the first time (Figure 2.9).  In other words, does the lipid composition of 

organelles vary from one to another, or is it identical? DOMS has enough sensitivity to profile a 

single LD within nanoliters of solvent at the nanospray tip opening. Seven individual LDs were 

directly visualized and analyzed by DOMS from both wildtype- and Bnfad2 seeds.  Their relative 

TAG compositions were quantified by the addition of an internal standard within the 

extraction/infusion solvent.  Both wild-type and mutant LDs showed substantial compositional 

heterogeneity within their respective genetic backgrounds.  Despite the variability in TAG 

composition seen among individual droplets, when the overall composition of individual LDs 

was averaged, the TAG composition resembles that of standard cottonseed oil.  Analysis of 

tissue extracts by direct infusion MS or cellular imaging MS techniques in their current form 

lack the resolution to demonstrate organelle-to-organelle heterogeneity.  There are many 

reasons to characterize the lipid composition of organelles with high-resolution (Horn and 

Chapman, 2012).  Identifying lipid compositional heterogeneity may help explain some 

compartmentation limitations in metabolic engineering strategies.  Or, detailing the 

heterogeneity of organelle membranes may impact our current understanding of membrane 

structure and function.  Certainly localized changes in lipid signaling molecules at the 

subcellular level may be unmasked by DOMS that would otherwise go undetected against a 
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backdrop of analyzing lipids in whole tissue extracts.  And maybe questions of metabolic 

channeling at the subcellular level can be partially addressed through the use of DOMS.   

Another interesting concept that can be addressed with DOMS is to measure the 

amount of total neutral lipid that is/could be packaged into a single seed LD.  Using the infusion 

flow rates of the nanospray capillary (~100 nL/min for a 4 µm diameter tip opening), the 

analysis spray time (i.e. 1.1 minutes for a single wild-type, ~1 µm diameter LD), and the 

concentration of a spiked internal standard (i.e. 2 µM Tri 15:0-TAG), the estimated number of 

moles of 15:0 TAG can be calculated in the overall MS analytical run (i.e. 200 fmol).  By 

normalizing the TAG peak areas to the spiked standards peak area, with correction for isotopic 

overlap, the sum of moles of TAGs for a single LD can be estimated to range from 9.9 -to- 50.9 

fmol, or approximately 6.0x109 -to- 3.1x1010 molecules of TAG in a single isolated cottonseed 

LD.  Given the actual range of LD sizes of a little more than 1 micron in diameter, this fits well 

with a theoretical estimate of the number of TAG molecules in a LD (making a few assumptions 

about the space occupied by a single molecule of TAG).  For a 1 µm diameter spherical LD the 

internal volume is 0.52 µm3.  Assume that a TAG molecule (Figure 2.9D) approximates the 

shape of rectangular prism on a flattened plane where length (l) is the distance between the 

carbon at the omega end of the longest acyl chain and the glycerol backbone, height (h) is the 

length of the glycerol backbone, and width (w) is the thickness of atoms using van der Waals 

radii if modeled as spheres.  For a Tri 18:1-TAG molecule with a molecule length (l) of 1.97 nm, 

height (h) of glycerol 0.5 nm, and width (w) of 0.34 nm (van der Waals radii of carbon)  the size 

of the molecule is approximately 0.39 nm3.  An estimation of the number of theoretical 

(Tri18:1) TAG molecules that could fit into a single LD with a 1 µm diameter is 1.34x109 
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molecules, reasonably close to the amounts quantified by DOMS.  The marked sensitivity of MS 

makes lipidomics at the subcellular level now readily achievable.   

2.5.2 Chloroplast Galactolipid Analysis 

LD analysis by DOMS is of interest in its own right but might DOMS be extended to other 

subcellular compartments?  Here we show the determination of galactolipid composition in 

isolated chloroplasts of Spinach leaves (Figure 2.10). Chloroplasts were visualized directly by 

both brightfield and epifluorescence microscopy and five chloroplasts were selected, drawn 

into capillary tip and analyzed by DOMS.  Galactolipid molecular species and lipid-soluble 

pigments were easily resolved in these spectra, suggesting that chloroplast analysis on a single-

organelle level may be possible with DOMS.  Are all chloroplasts functionally similar, equally 

susceptible to similar stressors, and do these functional aspects of this organelle biology relate 

to the compositional differences among chloroplasts? While many questions of the like remain 

open, a new tool in the micro-analysis of cells—DOMS—will help to provide new information 

about cellular compartments at a whole new scale of biochemistry.   In fact, the expansion of 

DOMS to lipidomics analysis of other organelles is easy to envision, but it is likely that this 

approach also could be modified for in-tip protein digestion and micro-proteomics analysis by 

nanospray MS. In this way, DOMS would provide for analysis of protein compositions at an 

organelle level.  
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2.6 Methods 

2.6.1 Plant Growth Conditions 

Cottonseeds were propagated under air-conditioned greenhouse conditions at 30°C and 

supplemented with Na-vapor lamps to extend day length to 16h.  Opened bolls were harvested 

and seeds were delinted in a table-top, 10-saw laboratory gin.  Seeds were from cultivar Coker 

312 (non-transgenic) or were from transgenic lines (T5 generation) in the Coker 312 

background, expressing a non-functional allele of the Brassica delta-12 desaturase (Bnfad2) 

under the control of a seed specific promoter (Chapman et al., 2001; Chapman et al., 2008).  

These seeds displayed reduced oil, elevated oleic acid phenotype relative to Coker 312 seeds 

(Chapman et al., 2001; Chapman et al., 2008).  Intact embryos (mostly cotyledon tissues) were 

harvested from desiccated seeds following seed coat removal.  Roots were collected on ice 

from germinated cottonseeds (cv Coker 312) grown in the dark at 30°C for 48-72 hours.  

Arabidopsis wildtype (Col 0) seeds were obtained from the Arabidopsis stock center at Ohio 

State University and propagated in-house.  Plants were grown in soil at 21°C in a 16-h light/8-h 

dark cycle (between 45 and 65 µmol/m2/s). 

2.6.2 Imaging Iipid Droplets In Situ 

LDs were imaged by confocal scanning fluorescence microscopy using BODIPY493/503 to 

selectively visualize LDs in situ.  All tissues were fixed in 4% w/v paraformaldehyde in 50 mM 

PIPES pH 7.0 and stained with 1-10 µg/mL BODIPY493/503. For BODIPY imaging, excitation of 

BODIPY was at 493 nm.   Emission wavelength for BODIPY stained LDs was 520 nm, exposed for 

0.4-10 seconds, no gain. In leaves, chloroplast autofluorescence was acquired with an excitation 
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of 493 nm and an emission wavelength at 692 nm exposed for 0.4 seconds.  Images were 

acquired with a Zeiss 200M optical microscope fitted with a CSU-10 Yokogawa confocal scanner 

(McBain Instruments) and captured with a digital camera (Hamamatsu, Phoenix, AZ). LD 

morphology and localization were characterized using MBF (McMaster Biophotonics Facility, 

www.macbiophotonics.ca) and Image J software (NIH, version 1.43T). 

2.6.3 Lipid Droplet Purification 

LDs from unfixed embryos of mature cottonseeds were isolated and purified in 100 mM 

Tris-HCl, 600 mM sucrose, 10 mM KCl, 1mM EDTA, essentially as described in Chapman and 

Trelease (Chapman and Trelease, 1991) and based on methods developed by Huang (Tzen et 

al., 1990).  Embryos were chopped into approximately 1 mm pieces with a razor-blade in ice-

cold buffer and purified through a sequential series of three flotations through 500 mM sucrose 

at 10,000Xg (Sorvall SS-34 rotor or HB-6 rotor in a Sorvall RC 5C centrifuge, or in a Centronix 

Microcentrifuge 1236V for smaller sample sizes).  LDs were purified in a similar manner from 

cotton roots (at least 500 mg fresh weight) of 48-72 h-old seedlings, Arabidopsis leaves of 40-d-

old plants (about 8 g fresh weight), or Arabidopsis seeds (10 mg).  LDs from Arabidopsis leaves 

are few in number and a final ultracentrifugation step (TLA-100 rotor at 100,000X g 1 h, 

Beckman TL100 ultracentrifuge) helped to enrich these organelles in the top layer.  For some 

experiments, 50 mM PIPES–NaOH, pH 7.0, buffer was employed for homogenization and 

floatation.  For all purifications the fat pads was carefully collected with a spatula and the LDs 

suspended in buffer on ice.  LDs were stained with 0.1-1 µg/ml BODIPY493/503 in 50 mM PIPES 

buffer.     
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2.6.4 Nanomanipulator Workstation 

The Biometric L200 nanomanipulator workstation developed by Zyvex (Richardson, TX) and 

the Verbeck group combines four nanopositioners with a piezo voltage source and a PM 2000B 

Programmable 4-Channel Pressure Injector (Microdata Instruments, South Plainfield, NJ) 

situated on an inverted microscope stage (TE2000U, Nikon, Melville, NY, diagrammed in Figure 

2.1).  The nanomanipulator has two modes of motion along the X, Y, and Z axes. The fine mode 

has 100 microns of travel in the X and Z axis and 10 microns of travel in the Y axis with 3.4 nm 

resolution controlled by piezo-electric crystals. The coarse mode has 12 mm of travel in the X 

axis and Z axis and 28 mm of travel in the Y axis with 100 nm resolution. The positioners consist 

of end-effectors made up of six isolated, low impedance electrical connections and two glass 

capillary attachments.  The end-effectors are used for manipulation and, if needed, low 

impedance electrical characterization.  Probes and capillaries attached to the positioners can be 

manually landed onto the sample and manipulated electronically using a joystick to control the 

end-effector’s position.  The capillaries are connected by Teflon tubing to a PM 2000B 

Programmable 4-Channel Pressure Injector.  LDs were visualized by epifluorescence, bright field 

or differential scanning interference optics during collection (Nikon NIS elements) and the lipids 

were micro-extracted in the capillary before MS in 10 mM ammonium acetate in chloroform: 

methanol (1:1, v/v).  For single lipid droplet analysis the extraction solution was spiked with a 

final Tri 15:0 TAG concentration of 2 µM. 
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2.6.5 Nanospray Mass Spectrometry 

A Proxeon nanospray source (Proxeon Biosystems, Odense, Denmark) was mounted on a 

Thermo LCQ Deca XP Plus quadrupole ion trap (Thermo Fisher Scientific Inc., Waltham, MA). 

The lipids in the nanospray emitters (New Objective (Woburn, MA) Econo12 PicoTipTM Emitter 

platinum coated or PROT12 break-to-open platinum emitters (tip openings 1 ± 0.2 µm and 1-10 

µm, respectively) were subjected to typical ion source conditions consisting of a potential of 0.8 

to 1.5 kV, capillary temperature of 200oC, and capillary voltage of 3.0 V.  Mass spectra were 

acquired using the LCQ Tune software program in the positive ion mode with 3 microscans and 

a continuous acquisition time.  The mass spectra were analyzed with the XCalibur 2.0 software 

package.  Tandem mass spectrometry (MS/MS) analyses were used to confirm the identity of 

the triacylglycerols by a characteristic diacylglycerol fragment.  Tandem spectra were acquired 

in positive ion mode with a typical isolation width of 3.0 m/z, normalized collision energy of 35 

%, activation Q of 0.250, and an activation time of 30 milliseconds.  Quantitative calculations of 

molecular compositions were carried out in Microsoft Excel with in-house algorithms 

integrating peak areas, correcting for isotopic overlap, and when available normalizing to 

included purified standards.     

2.6.6 Conventional Lipid Extraction 

Total lipids were extracted from LDs purified from mature embryos of desiccated seeds (cv 

Coker312, without and with a Brassica FAD2 non-functional allele) using the method of Bligh 

and Dyer (Bligh and Dyer, 1959).  Total lipid extracts were dissolved in 10 mM ammonium 
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acetate in chloroform: methanol (1:1, v/v) and characterized by nanospray mass spectrometry 

or converted to fatty acid methyl esters and analyzed by GC-FID (Chapman and Trelease, 1991). 

2.6.7 Fatty Acid Methyl Ester Preparation and Analysis 

Additional total lipid extracts of the purified LD fractions were converted into fatty acid 

methyl esters (FAMEs).  FAMEs were prepared by transesterification with 1 N methanolic HCL 

at 85°C for 2 hours.  A heptadecanoic acid (C17:0) standard was added to aid quantification. 

FAMEs were separated on a Supelcowax 10 fused silica capillary column on a HP 5890 Series II 

Plus Gas Chromatograph with an initial oven temperature of 200°C increasing at a rate of 

1.3°C/min to a final temperature of 230°C.   

2.6.8 Electrospray Mass Spectrometry 

Since the ion trap is limited in its ability to carry out precursor-product scans, additional 

acyl chain information was derived from analysis of  total lipid extracts of LD fractions purified 

from cotton (seed, root) and Arabidopsis tissues (seed, leaf) using a Waters Micromass Quattro 

Ultima triple quadrupole mass spectrometer (Waters, Milford, MA).  Typical scanning 

conditions for a direct infusion rate of 10-20 µl/min were carried out in positive ion mode with 

a 3-3.5 kV spray voltage, 40 V cone voltage, and a scan range of 750 to 1000 m/z.  The 

desolvation and source temperatures were maintained at 200 and 80°C, respectively, and the 

desolvation and cone gas flows were set at 300 and 80 L/hr, respectively.   Tandem scans 

(MS/MS), whether detecting the precursor ions that lost a particular acyl chain in neutral loss 
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mode or single precursor-product species, were performed with collision energy of 30V with a 

scan range from 400 to 1000 m/z.    
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2.8 Figures and Tables 

Figure 2.1 Schematic of direct organelle mass spectrometry. 

A schematic representation of direct organelle mass spectrometry (DOMS) using the L200 
nanomanipulator coupled to nanospray mass spectrometry.  (a) The nanopositioner, set on an 
inverted microscope stage, electronically controls the x, y, and z positioning of a nanospray 
emitter through a user-operated joystick.  The nanospray emitter is prefilled with a 
microextraction solvent and is directly connected to a pressure injector.  Approaching purified 
LDs in buffer, the emitters can selectively load LDs of interest, microextract their lipid contents, 
and (b) analyze their compositions by nanospray mass spectrometry.  Scale bar represents 2 
µm. 
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Figure 2.2 TAG profiles of purified cottonseed lipid droplets analyzed by DOMS. 

(a) Representative positive-ion, high-resolution TAG profile of purified LDs from mature cotton 
embryos (cv Coker 312).  Dominant TAG species are identified as ammonium adducts [M + 
NH4]+ with peaks labeled according to the three fatty acids present in each TAG molecular 
species as identified through subsequent tandem MS analysis by collision induced dissociation, 
CID.  (b) Schematic of tandem MS of a TAG with acyl chains R1, R2, R3—fragmentation of the R1 
ester bond (blue line) produces a corresponding DAG plus hydrogen adduct (blue: R2, R3) and 
FFA plus ammonia (blue: R1). (c) Confirmation of acyl chain composition by tandem MS detects 
the diagnostic DAG product ions minus a FFA compared to known masses (Byrdwell, 2005).  
DAGs represented in multiple TAGs shown are only labeled once for clarity.  Sn-positioning of 
each acyl chain was not determined.  Fatty acid abbreviations are P, 16:0-palmitic acid; O, 18:1-
oleic acid; L, 18:2-linoleic acid.   
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Figure 2.3 Characterization of lipid droplets from high oleic cottonseed mutants. 

Representative in situ confocal images of mature cotton embryos from (a) wildtype (cv Coker 
312) and a (b) transgenic line expressing a Brassica nonfunctional allele of a delta-12 fatty acid 
desaturase (Bnfad2) stained with BODIPY 493/503.  Purified LDs of Coker 312 (c, e) and Bnfad2 
(d, f) mature embryos visualized in bright field and stained with BODIPY 493/503.  (g) 
Representative TAG profiles of Bnfad2 (blue) and Coker 312 (red) using DOMS of the purified 
LDs shown in (c) and (d).  Scale bars represent 10 µm (a, b) and 2 µm (c-f). 
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Figure 2.4 Validation of DOMS with conventional total lipid extracts. 

Representative TAG profiles from total lipid extracts of purified LDs from mature cotton 
embryos of (a) Coker 312 wildtype and (b) Bnfad2 transgenic lines. Dominant TAG species are 
identified as ammonium adducts [M + NH4]+ with peaks labeled according to the total number 
of carbons followed by the total number of double bonds for that particular TAG mass-to-
charge ratio.  Quantitative comparison of molecular TAG content (c, Coker 312; d, Bnfad2) 
acquired through direct organelle mass spectrometry of small LD populations (10-25 LDs) 
relative to conventional total lipid extracts.  Predominant acyl chain combinations were 
quantified by integrating the absolute intensities of peaks identified through tandem MS, 
correcting for isotopic overlap, and converting to molecular percentages.  Fatty acid 
abbreviations are P, 16:0-palmitic acid; O, 18:1-oleic acid; L, 18:2-linoleic acid. 
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Figure 2.5 Single lipid droplet mass spectrometry and lipid droplet heterogeneity 

(a)  Bright field snapshot image of a nanospray emitter directly sampling a single LD as 
demonstrated in Figure A.3. Scale bar represents 5 µm. (b) Representative TAG profiles with 
acyl chain designations of single LD from Tables 2.1 and 2.2 (Coker 312 LD6 and Bnfad2 LD6.  
LD-TAGs peaks are attenuated according to right axis to show resolution of peaks relative to 
spiked Tri15:0 TAG standard represented by the left axis (c)  Heterogeneity of TAG content 
within single seed LDs (n = 7 for both Coker 312 and Bnfad2).  Numerical values are in Tables 
2.1 and 2.2. 
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Figure 2.6 Detection of lipid droplets with cyclic fatty acyl chains in cotton roots. 

(a) Representative confocal image of BODIPY 493/503 stained LDs of 48-hr germinated roots. 
(b) Bright field image of purified root LDs and resulting TAG profile (c, blue) relative to 
cotyledon cottonseed LDs (c, red).  Cyclic fatty acid abbreviations: Sc: Sterculic acid; Dsc: 
Dihydrosterulic acid.  Scale bars represent 10 µm.   
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Figure 2.7 Tandem MS analysis of lipid extracts of purified cotton root lipid droplets. 

In addition to tandem MS of LDs sampled through DOMS, precursor-product scans of lipid 
extracts of purified LDs of cotton roots aided in identification of cyclic fatty acids.  Shown are 
precursors TAG profiles of (a) malvalic/linoleic, (b) sterculic, and (c) dihydrosterculic fatty acids 
analyzed in neutral loss mode on a triple-quad MS. Dominant TAG species are identified as 
ammonium adducts [M + NH4]+ with peaks labeled according to the total number of carbons 
followed by the total number of double bonds for that particular TAG mass-to-charge ratio.  
Underlined species in malvalic/linoleic scan (a) correspond to TAGs with at least one sterculic or 
dihydrosterculic acyl chain.   
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Figure 2.8 Characterization of Arabidopsis leaf and seed lipid droplets. 

Representative TAG profiles of LDs purified from Arabidopsis mature seeds (a) and rosette 
leaves of 40-d old plants (b).  Labels show the total number of carbons followed by the total 
number of double bonds for that particular TAG mass-to-charge ratio.  Seed LDs showed an 
abundance of 20:1/eicosenoic fatty acids while leaf LDs showed typical 18:3/16:3 fatty acids. 
Representative in situ confocal image (c) of wildtype Arabidopsis mesophyll tissue stained with 
BODIPY 493/503 (red autofluorescence represent chloroplasts) and bright field snapshot image 
(e) of purified Arabidopsis leaf LDs as demonstrated in Figure A.4. Representative in situ 
confocal image (d) of wildtype Arabidopsis seed LDs and epifluorescence image (f) of purified 
Arabidopsis seed LDs stained with BODIPY 493/503.  Scale bars represent 20 µm (c), 10 µm (c, 
inset), 5 µm (d,e,f) 
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Figure 2.9 Imaging subcellular lipid droplet TAG heterogeneity by direct organelle mass 

spectrometry. (Horn and Chapman, 2012, with permission) 

(a) Brightfield image and cartoon model of purified seed lipid droplets composed of a 
phospholipid monolayer (green) with a core of TAG molecules with different acyl chains (for 
example, blue represents linoleic acid (18:2), yellow oleic acid (18:1), and red palmitic acid 
(16:0)). 

(b) Representative spectra of a single wildtype cottonseed lipid droplet analyzed by DOMS with 
TAG species labeled according to their acyl-chain composition.   

(c) Total fatty acid (top) and TAG acyl-chain (bottom) composition of single wildtype 
cottonseed lipid droplets analyzed by DOMS.   

(d) Structural model of a Tri-18:1-TAG molecule represented as a rectangular prism where 
length (l) is the  distance between the carbon at the omega end of the longest acyl chain 
and the glycerol backbone, height(h) is the length of the glycerol backbone, and width (w) 
is the thickness of atoms using van der Waals radii if modeled as hard spheres. 
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Figure 2.10 Imaging subcellular chloroplast lipid composition by DOMS. (Horn and Chapman, 

2012, with permission) 

(a) Brightfield image of purified chloroplasts from Spinach leaves and nanospray capillary with 
a tip opening of approximately 5 microns.  Scale bar represents 20 microns. 

(b) Epifluorescence image of purified autofluorescent chloroplasts from Spinach leaves. Scale 
bar represents 20 microns. 

(c) Representative mass spectra of a set of (5) chloroplasts sampled by DOMS.  Selected major 
galactolipid and  lipophilic pigment species are labeled including 
monogalactosyldiacylglycerol (MGDG) species with acyl chain compositions of 34:3 
(18:3/16:0), 34:6 (18:3/16:3), 36:6 (18:3/18:3), 36:3 (18:3/18:0), digalactosyldiacylglycerol 
(DGDG) species with acyl chain compositions of 36:6 (18:3/18:3) and 36:3 (18:3/18:0), and 
chlorophyll/pheophytin molecular species.  
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Table 2.1 Heterogeneity of TAG molecular species in Coker 312 purified lipid droplets. 

PPLa PPO PLL PLO POO LLL LLO LOO OOO 

TAG Molecular Composition (mol %) 

LD1 15.9 4.5 19.8 14.8 9.8 11.0 10.9 6.1 7.1 
LD2 9.1 5.7 18.5 11.5 10.4 15.2 13.0 10.4 6.3 
LD3 14.7 9.1 16.0 12.4 9.0 9.8 10.9 8.4 9.6 
LD4 17.2 4.3 27.9 14.2 4.9 13.1 9.7 5.4 3.2 
LD5 16.7 3.8 26.0 14.1 6.3 12.3 10.1 6.0 4.7 
LD6 13.0 2.6 26.9 13.4 6.5 16.3 10.5 6.1 4.6 
LD7 7.2 4.2 16.6 13.2 9.1 16.6 13.7 11.4 8.0 

Mean 13.4 4.9 21.7 13.4 8.0 13.5 11.3 7.7 6.2 
STDb 3.9 2.1 5.1 1.2 2.1 2.6 1.5 2.4 2.2 

          Fatty acid abbreviations are P, 16:0-palmitic acid; O, 18:1 oleic acid; L, 18:2-linoleic 
acid. (Horn and Chapman, 2012, with permission) 
aTAG acyl chains are sn-nonspecific 
bStandard deviation 
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Table 2.2 Heterogeneity of TAG molecules in Bnfad2 purified seed lipid droplets 

PPLa PPO PLL PLO POO LLL LLO LOO OOO 

TAG Molecular Composition (mol %) 

LD1 17.9 14.0 7.0 16.2 22.7 1.6 4.0 8.8 7.7 
LD2 13.0 8.3 13.2 22.3 15.4 6.5 10.3 7.9 3.1 
LD3 13.2 9.4 11.4 21.4 20.4 5.0 8.5 6.9 3.8 
LD4 14.9 11.6 9.2 19.8 22.8 3.7 5.5 6.5 6.0 
LD5 13.6 7.5 14.1 20.4 18.5 5.1 10.7 8.3 1.7 
LD6 11.8 10.5 10.8 22.8 20.3 4.1 7.8 9.0 3.0 
LD7 16.0 15.0 10.6 17.1 20.7 4.5 7.8 7.7 0.7 

Mean 14.3 10.9 10.9 20.0 20.1 4.4 7.8 7.9 3.7 
STDb 2.1 2.8 2.4 2.5 2.5 1.5 2.4 0.9 2.4 

          Fatty acid abbreviations are P, 16:0-palmitic acid; O, 18:1 oleic acid; L, 18:2-linoleic 
acid. (Horn and Chapman, 2012, with permission) 
aTAG acyl chains are sn-nonspecific 
bStandard deviation 
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CHAPTER 3 

SPATIAL MAPPING OF LIPIDS AT CELLULAR RESOLUTION IN EMBRYOS OF Gossypium hirsutum, L.* 

3.1 Abstract 

Advances in mass spectrometry (MS) have made comprehensive lipidomics analysis of complex 

tissues relatively commonplace.  These compositional analyses, although able to resolve hundreds of 

molecular species of lipids in single extracts, lose the original cellular context from which these lipids 

are derived.  Recently, high resolution MS of individual lipid droplets from seed tissues indicated 

organelle-to-organelle variation in lipid composition (Horn et al., 2011, J Biol Chem, 286: 3298-306), 

suggesting that heterogeneity of lipid distributions at the cellular level may be prevalent.  Here we 

have employed matrix-assisted laser desorption/ionization -MS imaging (MALDI-MSI) approaches to 

visualize lipid species directly in seed tissues of upland cotton (Gossypium hirsutum).  MS imaging of 

cryosections of mature cotton embryos revealed a distinct, heterogeneous distribution of molecular 

species of triacylglycerols (TAGs) and phosphatidylcholines (PCs), the major storage and membrane 

lipid classes in cotton embryos.  Other lipids were imaged including phosphatidylethanolamines (PEs), 

phosphatidic acids (PAs), sterols and gossypol indicating the broad range of metabolites and 

applications for this chemical visualization approach. We conclude that comprehensive lipidomics 

images generated by MALDI-MSI report accurate, relative amounts of lipid species in plant tissues, and 

reveal previously unseen differences in spatial distributions providing for a new level of understanding 

in cellular biochemistry.  
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3.2 Introduction 

Technical advances in mass spectrometry (MS) over the past decade have produced a wealth of 

information on the abundance and identification of metabolites (lipids, carbohydrates, etc.) and 

proteins in a manner analogous to the implementation of sequencing and microarray tools for genetic 

applications.  This has led to development of new ‘-omics’ (e.g. metabolomics, proteomics, lipidomics, 

etc.) techniques that focus on analyzing complex chemical compositional data for biological 

interpretation (Schmelzer et al., 2007; Welti et al., 2007).  Until recently, conventional methods for 

analyzing metabolites by MS involved time-consuming, chemical-based tissue extractions followed by 

physical/chemical purification (e.g. liquid chromatography) and infusion of samples into the MS (Han 

and Gross, 2005b).  While this approach has been valuable for compound identification and 

quantification, this methodology is limited in its ability to distinguish where these molecules were 

localized in situ.  On the other hand, optical imaging techniques such as confocal or electron 

microscopy utilizing selected fluorescent dyes, antibodies, and chemical modifications can hint at 

cellular localization (Eggeling et al., 2009; Wessels et al., 2010) but currently cannot derive 

comprehensive compositional information within these images alone. 

The development of mass spectrometry imaging (MSI) allows the capability to capture the 

chemical composition within the spatial context of biological tissues (Cornett et al., 2007; Lee et al., 

2012).  One type of MSI that offers ease of sample preparation, soft-ionization, and MS-based analysis 

of cellular metabolites is matrix-assisted laser desorption/ionization mass spectrometry (MALDI-MS).  

Improvements in the spatial resolution of MALDI-MSI have progressed from resolutions greater than 

200 µm down to submicron levels in some applications (Koestler et al., 2008), with 10-50 µm the most 

commonly achievable spatial resolution at this time.  New generations of mass spectrometers capable 
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of extremely high mass resolution and accuracy (Hu et al., 2005; Schaub et al., 2008) makes metabolite 

identification possible at the tissue and cellular levels.   

Lipid analysis is particularly amenable to MALDI-MSI.  Most of the applications of MALDI-MSI 

analysis in situ (Murphy et al., 2009; Fuchs et al., 2010) have centered on membrane lipids in 

mammalian tissues such as kidney (Murphy et al., 2009), lung (Berry et al., 2011), brain slices in mice 

(Chen et al., 2008), and whole body imaging (Chaurand et al., 2011).  These studies were directed 

toward spatial analysis of lipid metabolites that have improved our understanding of diseases and 

genetic mutations.  Phospholipids and triacylglycerols (TAGs) imaged in kidney slices show complex 

molecular distribution profiles likely a result from tightly regulated lipid metabolism (Murphy et al., 

2009).  Further, a recent paper detailing an abundance of phospholipids with polyunsaturated fatty 

acids in the airways of lung tissue by MALDI-MSI demonstrated how spatial organization improves our 

understanding of how these lipids might be involved in inflammatory responses (Berry et al., 2011).  

Elsewhere, molecular species of gangliosides in brain slices demonstrated the utility of MALDI-MSI as a 

histological tool for analyzing models of Tay-Sachs and Sandhoff disease (Chen et al., 2008).  

 Few examples of MALDI-MSI in situ analysis of plant lipids are available, although several other 

types of metabolites have been profiled (for a recent review see (Kaspar et al., 2011; Lee et al., 2012) ).  

Several studies have adapted MALDI time-of-flight (TOF) MS to analyze plant lipid extracts including 

TAGs from fruit of olives (Olea europaea) and pomegranate (Punica granatum) seeds (Wiesman and 

Chapagain, 2010), phosphatidylcholines from soybean (Glycine max) (Zabrouskov et al., 2001), lipid-

soluble pigments (Cai et al., 2006; Suzuki et al., 2009), and galactolipids in plant-like green alga (Vieler 

et al., 2007).  In plant tissues, surface lipids have been mapped in situ on Arabidopsis floral and leaf 

tissues by MALDI-MSI (Cha et al., 2008; Jun et al., 2010; Vrkoslav et al., 2010).  Free fatty acids were 

profiled from apple core and strawberry seeds using colloidal graphite as the matrix (Zhang et al., 
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2007). More recently, imaging MS has been applied to rice grain (Oryza sativa) for the analysis of 

individual phosphatidylcholine species (Zaima et al., 2010).  Elucidating the spatial distribution of lipid 

metabolites within plant tissues provides a new perspective to metabolism.  This will aid in 

understanding metabolic compartmentation within plant tissues, help to predict enzyme localization, 

and provide insights into lipid signaling pathways (Burrell et al., 2007).    

Here we present results of MALDI-MSI approaches to study the distribution of lipids in cotton 

(Gossypium hirsutum, L.) seeds. Cotton is a typical oilseed, storing lipids and proteins in cytosolic 

organelles of mature seed tissues.  In cottonseeds the amount of stored lipid is approximately 20% of 

the seed dry weight (Horn et al., 2011a), making refined cottonseed oil a valuable co-product of fiber 

production. However, the anti-nutritional secondary metabolite, gossypol, must be removed from seed 

oil extracts through the refining process, and gossypol residues in the protein meal limit its use as a 

high-value meal (Jones and King, 1996).  Successful efforts to reduce gossypol levels through genetic 

engineering approaches are likely to support more widespread use of cottonseed products globally 

(Sunilkumar et al., 2006).  Cottonseed oil is extracted and refined for food applications, and it is 

composed almost exclusively of TAGs containing linoleic (18:2 at 55 mol %), palmitic (16:0 at 26 mol %), 

oleic (18:1 at 15 mol %), and stearic (18:0 at 2 mol %) acids (Jones and King, 1996).  Several cyclic fatty 

acids also are found in TAGs in cottonseeds in minor quantities including sterculic, dihydrosterculic and 

malvalic acids (Schmid and Patterson, 1988; Obert et al., 2007).  Together these TAG storage molecules 

are packaged within the seed tissues into lipid droplets surrounded by a single monolayer of polar 

lipids (e.g. phosphatidylcholine (PC)).   

While the abundance and composition of the lipid molecules in cottonseeds are well defined 

from chemical extracts (Lísa and Holcapek, 2008; Horn et al., 2011b) there is little information available 

about their overall cellular distribution and heterogeneity.  Recently, high resolution MS of individual 
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lipid droplets isolated from cotton seed tissues indicated a marked difference in organelle-to-organelle 

lipid compositions (Horn et al., 2011b), suggesting that heterogeneity of lipid distributions at the 

cellular and tissue levels may be prevalent.  Our overall objective is to map the chemical distribution of 

the major and minor storage and membrane lipids throughout the mature cotton embryo tissues and 

assess the potential heterogeneity of distribution of these molecules by MALDI-MSI.  These studies will 

form the basis for improved spatial understanding of the biosynthetic pathways leading to TAGs in 

cotton embryos, and may suggest potential tissue-specific considerations for the metabolic 

engineering of oilseeds in general.  Further, this approach provides a new tool for the prediction and 

analysis of lipid metabolism and function in plant tissues more broadly. 

3.3 Results 

3.3.1 General Distribution of Selected Lipid Classes in Cotton Embryos 

The reasonably large seed size and the recent MS information on lipid droplet variation (Horn 

et al., 2011b) made cotton seed a good candidate for analyzing lipid heterogeneity by MALDI-MSI 

(Figure 3.1). Total ion intensity profiles were imaged in mature embryos for major storage (TAG) and 

membrane (PC) lipid classes and compared to summed ion counts for PE, PA, beta-sitosterol, and the 

cotton-specific polyphenolic, gossypol (Figure 3.2). Cross- and longitudinal- sections were prepared 

from representative areas of mature cotton embryos (Figure 3.1), and a raster step size of 50 microns 

with a laser spot size of ~35 microns was used to sample each section, a resolution about the size of 

mature cotyledon cells (Chapman et al., 2008). MALDI-MSI profiles (Figure 3.1D) showed multiple 

adducts for lipid species (primarily H+, Na+ and K+), some substantial ion suppression of TAGs by PC 

(Emerson et al., 2010), and evidence of diacylglycerol fragments produced by laser-induced compound 

fragmentation of PC and TAG (Gidden et al., 2007). The molecular species within each lipid class were 
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identified using predefined databases from conventional electrospray ionization-MS (ESI-MS) profiles 

as well as accurate mass-to-charge ratio (m/z) searches for unique or less prevalent compounds and 

summed to show distributions for the total classes.    

The total ion counts (TIC) for total TAG, PA and PE were distributed relatively heterogeneously 

throughout cross and longitudinal sections of embryos (Figure 3.2B, D, and E), whereas the total PC 

ions were more uniformly distributed throughout the cotyledonary tissues, although relatively less 

abundant within the embryonic axis region of the embryos (Figure 3.2C).  The predominant free sterol 

in cottonseed tissues, beta-sitosterol (Verleyen et al., 2002), (Figure 3.2F, m/z 397.383 [M – H2O + H]+), 

was localized mostly to the embryonic axis.  Due to ion suppression of TAG (and other lipids) by PC, 

there appeared to be relatively more “masking” of TAG in the cotyledonary tissues, even though there 

is generally more oil in the cotyledon tissues than in the embryonic axis (see Figure 3.3).  This apparent 

shortcoming of MSI is overcome easily by examining mol % distributions within lipid classes (below), 

but it is important to be cautious not to interpret absolute ion counts as quantitative when comparing 

lipids across classes. On the other hand, relative quantification within lipid classes by MALDI- MSI was 

remarkably consistent when compared with other methods (see below).  Figure A.5 shows an example 

of a raw MS data set and its conversion to a set of MS images for distribution analysis. 

The terpenoid gossypol (Figure 3.2G) is found in the small pigment glands of cottonseed 

(Adams et al., 1960) and is synthesized for insect and pathogen defense (Hedin et al., 1992; Stipanovic 

et al., 1999). Gossypol (m/z 501.191) was easily identified in cottonseed sections as a “minus-water”, 

protonated species [M – H2O + H]+ and was localized in discrete circular regions in the sections 

corresponding to the locations of the pigmented glands.  This emphasizes the value of imaging MS to 

combine visual structural features with direct chemical information and demonstrates its utility to the 

localization of plant secondary metabolites.   
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To compare the distribution of total TAG in embryos by a non-destructive means, intact 

cottonseeds were subjected to magnetic resonance imaging by 1H-NMR (Neuberger et al., 2008).  

Based on NMR imaging of intact seeds (Figure 3.3) there were localized areas enriched in TAG with 

clear evidence of heterogeneity of total lipid content. There appeared to be regions within cotyledons 

and within the axis concentrated with more TAG, and not just a uniform, consistent distribution of 

storage lipid throughout the seed as might be expected.  This heterogeneity could be a result of 

differences in localized enzyme activities or tissue maturity differences, but it suggests a non-uniform 

distribution of TAG in cotton embryos as observed by MALDI-MSI.   

3.3.2 Heterogeneous Distribution of Individual TAG Molecular Species 

The most illuminating information obtained by MALDI-MSI of lipids came from examining the 

percentages of molecular species within classes.  While NMR-based imaging points to localized 

differences in seed lipid reserve accumulation within embryos, it does not provide information about 

specific molecular composition.  MALDI-MSI revealed the spatial organization of individual TAG 

molecular species (Figure 3.4) on the basis of mol % of total TAG.  Individual TAG molecular species 

were identified as both Na+ and K+ adducts in MALDI-MSI full scans from a database of their theoretical 

monoisotopic masses established from literature sources (Yunusova et al., 1982; Lísa and Holcapek, 

2008; Horn et al., 2011b) and by comparison to ESI-MS data (see below).   

Three distinct distribution patterns were identified within the TAG lipid class when comparing 

the molecular species distributions in cotton embryos. The two most abundant TAGs, PLL (m/z 

877.726, Figure 3.4B) and LLL (m/z 901.726, Figure 3.4D), showed marked differences in location with 

less occurrence in the inner embryonic axis region relative to the outer cotyledonary region. TAGs with 

two 16:0 acyl chains, e.g., PPL (m/z 853.725, Figure 3.4A), or one 16:0 and one 18:1 acyl chain, e.g., 
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PLO (m/z 879.742, Figure 3.4C), were found to have a greater relative occurrence within the embryonic 

axis relative to cotyledonary tissues.  A third distribution pattern that was relatively uniform 

throughout the entire embryo was evident for some TAGs including LLO (m/z 903.742, Figure 3.4E).  A 

more comprehensive list of TAGs identified is available in Table B.1.   

Several cyclic fatty acids are found in cottonseeds in minor quantities including sterculic, 

dihydrosterculic and malvalic acids (Schmid and Patterson, 1988; Obert et al., 2007).  Sterculic and 

dihydrosterculic acids and are readily identifiable in odd chain TAGs.  TAGs containing at least one 19C 

cyclic fatty acid were exclusively localized in the embryonic axis of cotton embryos (Figure 3.5) and not 

detected in the outer cotyledonary regions representing a TAG distribution pattern distinctly different 

from TAGs without a cyclic fatty acid. The minimum scale shown in Figure 3.4 is at least 20 times higher 

than the instrument detection limit and if there is any TAG with a cyclic fatty acid present in cotyledon, 

its abundance should be at least 20 times lower than that in embryonic axis. GC-MS analysis 

demonstrated the enrichment of cyclic fatty acids in the embryo axis and their near absence from the 

cotyledons (Figure A.6). The most abundant species of these cyclic TAGs (LScP, LDscP/OScP, ODscP) all 

contained one palmitic acid, one 18 carbon unsaturated fatty acid (oleic or linoleic), and one sterculic 

or dihydrosterculic fatty acid (Figure 3.5A-C). One of the less abundant cyclic TAGs contained two 

linoleic fatty acids and either sterculic or dihydrosterulic (Figure 3.5D).  Malvalic acid is present in 

cottonseeds, but has the same chemical formula and is not distinguishable from oleic acid by MS in full 

scan mode.  Malvalic acid can be distinguished in derivatized fatty acid profiles by gas 

chromatography/MS (Bao et al., 2002), but we were unable to obtain any information on TAGs with 

malvalic acid by MALDI-MSI here. 

TAG molecular species were identified and profiles were compared across analytical platforms 

at distinct tissue resolutions (Figure 3.6A-B)-- total lipid extracts from intact seeds (TLE), MALDI-MSI of 
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seed sections, and direct organelle mass spectrometry (DOMS) of purified cottonseed lipid droplets 

(Horn et al., 2011b).  TLE and DOMS included quantitative standards, and so provided a reference basis 

for absolute quantification of TAG molecular species. TAG molecular species profiles were relatively 

similar across the different analytical platforms (Figure 3.6A and B) demonstrating the validity and 

utility of visualizing the lipid composition through MALDI-MSI.  The cross- and longitudinal- sections 

revealed almost identical compositional profiles to each other, averaged from 20,000+ MS scans over 

entire embryo sections and these were in good agreement with ESI-MS analyses.   

The cyclic TAGs were more readily detectable in the longitudinal sections, but based on the 

optical images, it appears a slightly oblique cut was made which could lead to a larger portion of the 

embryonic axis being profiled.  By comparison, cyclic TAGs appeared to be over-estimated in direct 

infusion ESI-MS of extracts.  We suspect that this was due to the inability to resolve their m/z peaks 

with overlapping TAG species that appear as oxidized m/z artifacts.  This over-estimation of cyclic TAG 

in ESI-MS was evident following conventional total fatty acid analysis of seed lipid extracts by gas 

chromatography- MS (Figure 3.6C and Figure A.6) which were consistent with values from the 

literature (Schmid and Patterson, 1988; Obert et al., 2007).  Hence, because of the high-resolution of 

the Orbitrap-MS, analyses by MALDI-MSI were able to resolve these oxidized species and exclude them 

from relative quantification calculations, making MALDI-MSI a better representation of cyclic TAG 

content in embryos than ESI-MS approaches in this case and emphasizing the importance of comparing 

multiple methods to verify lipidomics results. 

Stereospecific designations (i.e. sn-position of each fatty acid) were not determined in our 

analyses, but have been shown to be possible in ESI-MS/MS of total lipid extracts (Han and Gross, 

2001). The MALDI-MSI instrument used in this study has MS/MS capability and we have previously 

shown structural isomers can be distinguished in MALDI-MS/MS imaging (Perdian and Lee, 2010).  
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Here, however, molecular species were distinguished only by overall acyl composition (numbers of acyl 

carbons and numbers of double bonds).  

3.3.3 Heterogeneous Distribution of Individual PC Molecular Species 

Phosphatidylcholine (PC) is one of the most frequently analyzed lipid classes in MALDI-MSI due 

to its abundance, matrix compatibility and ease of ionization (Zabrouskov et al., 2001).  Total PC 

distribution (Figure 3.7C) in the cross- and longitudinal- sections of cotton embryos was relatively 

homogenous with a slight reduction in PC within the embryonic axis.  However, individual PC molecular 

species showed some substantial differences in tissue distribution when calculated as a mol % of the 

total PC (Figure 3.7).  The two most abundant PC molecular species, PC-36:4 (m/z 782.571, Figure 3.7C) 

and PC-34:2 (m/z 758.571, Figure 3.7A), were enriched within the cotyledons compared to the 

embryonic axis.  The difference in PC-36:4 (LL) distribution was more pronounced than PC-34:2 (PL) 

reminiscent of the patterns found in the major TAG molecular species, TAG-54:6 (LLL, Figure 3.4D) and 

TAG-52:4 (PLL, Figure 3.4B).  The presence of 18:1 within a PC molecular species reversed the relative 

distribution patterns to where the embryonic axis was more enriched; i.e., PC-36:3 (LO, m/z 784.586, 

Figure 3.7D vs. 7C) and to a lesser degree PC-34:1 (PO, m/z 760.585, Figure 3.7B vs. 7A).  The same 

trend was also found in TAG; the replacement of L with O resulted in reversed or even distribution 

patterns between the cotyledons and axis (PLL vs PLO and LLL vs LLO).  The relative average quantities 

determined by MALDI-MSI of each molecular species of PC in both cross and longitudinal sections were 

similar to distributions quantified in total lipid extracts by ESI-MS (Figure 3.8).  Unlike cyclic TAGs, cyclic 

PCs were slightly more abundant in the cross sections compared to longitudinal sections relatively 

speaking, but in both cases, cyclic PCs were localized almost exclusively within the embryonic axis 

(Figure 3.9). A comprehensive list of PCs identified by MALDI-MSI is available in Table B.2.   
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In Sterculia foetida, where cyclopropenoic fatty acids are found up to 65-78 % in seeds, there is 

evidence that the cyclopropane fatty acid synthase enzyme synthesizes dihydrosterculate by an 

addition of a methyl group (from S-adenosyl-L-methionine) at the delta-9, 10 position of oleate 

esterified at the sn-1 position of a PC molecule (Bao et al., 2002).   Desaturation of dihydrosterculate to 

produce sterculate then occurs by a cyclopropane fatty acid desaturase that is less characterized (Bao 

et al., 2002).  Therefore, 19C cyclic FA on PC serves as the precursor source for cyclic FA transferred to 

TAG molecules as for other acyl moieties.  Similar to the cyclic-TAG molecular species imaged in 

cottonseeds, the PC molecular species with a sterculic or dihydrosterculic fatty acid were almost 

exclusively found in the embryonic axis of embryos (Figure 3.9) consistent with previous reports that 

radicle tips were enriched in cyclic fatty acids (Schmid and Patterson, 1988).  Several cyclic PC 

molecular species were identified that contain one linoleic acid or palmitic acid and either a sterculic or 

dihydrosterulic acid (Figure 3.9A-E).  The co-localization in the embryonic axis of cyclic- PC and cyclic 

TAG molecular species reinforces the important ability with imaging MS to visualize the spatial 

relationships of metabolites, especially where engineering elevated levels of industrial lipids (like cyclic 

fatty acids) might be desirable (Liu et al., 2009).  

3.3.4 Graphical Representation of Lipid Distributions 

An alternative approach to visualizing the distribution of molecular species within a lipid class 

by MALDI-MSI was to plot the mol % values relative to their x and y position (i.e., Figures 3.4, 3.5, 3.7, 

and 3.9). Traversing across the tissue sections (Figure 3.10A) represented two distinct tracks through 

developmentally and functionally different tissues.  TAG and PC molecular species showed remarkably 

variable distribution patterns across the x-axis (Figure 3.10B, C), especially between cotyledons and the 

embryonic axis.  Despite being sectioned in different orientations, cross- and longitudinal- sections 
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showed similar distribution patterns of TAG and PC relative to one another.  These graphical 

distribution-type profiles, obtained from individual scans averaged at each location, can be adapted to 

the analysis of other metabolites and will be valuable in other studies for showing metabolite changes 

as a result of developmental maturity, cell type differences, or responses to environmental stresses.   

3.3.5 Imaging Other Membrane and Signaling Lipids 

PE is a common membrane phospholipid that contains a free amino group at the polar end of 

the molecule, unlike PC.  Acyl groups on PE molecular species are not direct substrates for TAGs, but PE 

and PC share a biosynthetic route and potential diacylglycerol precursors in the ER.  We were curious if 

this lipid class could be ionized and imaged in MALDI-MSI, given that embryos had been lightly fixed 

prior to sectioning.  Indeed PE molecular species profiles in embryos were profiled readily by MALDI-

MSI (Figure 3.11), and profiles were in reasonably good agreement with those obtained by 

quantitative, shotgun ESI-MS (Figure 3.11C). Although fewer major molecular species of PE were 

identified than for PC (compare Table B.2 and Table B.3), some of the major species corresponding to 

the dominant PE species could be identified.  Molecular species profiles of PE displayed a 

heterogeneous distribution (Figure 3.11), but different than might be predicted if PC and PE 

biosynthesis were coincident. PE-34:2 and PE-36:4 were distributed different from one another (Figure 

3.11), demonstrating heterogeneity within the PE lipid class like that for other glycerolipids. 

Interestingly, PE-34:2 was distributed coincident with PC-34:2-- more enriched in cotyledons than the 

axis.  On the other hand, PE 36:4 was enriched in interior tissues of embryos, opposite the distribution 

of PC-36:4 (compare Figures 3.7C and 3.11C), suggesting that there is an unequal utilization of DAG-

36:4 precursors for these two membrane lipids in these two different tissues of the embryo, a concept 
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that might have gone unrecognized without the ability to localize specific membrane lipid species 

together in situ. 

PC and PE are abundant membrane lipids, but some membrane lipids occur in much lower 

concentrations like PA that functions as both an intermediate in TAG biosynthesis and an important 

signaling molecule in various stress responses (Testerink and Munnik, 2005; Wang et al., 2006).  Here 

we imaged the prevalent PA molecular species in cottonseeds (Figure 3.12).  The major molecular 

species of PA was PA-36:3 (see Table B.4 for all PA species identified) and it was distributed throughout 

the embryo with a greater relative percentage in the cotyledons.  This acyl composition of the major 

PA species in embryos was not a reflection of the major TAG species in the cotyledon regions (LLL, PLL; 

Figure 3.4), and was opposite the distribution of PC-36:3 (potential precursor; Figure 3.7), which was 

more concentrated in the axis of the embryo.  Several of the minor PA species showed some 

interesting apical/basal polarity in distribution within the embryo (Figure 3.12). For example, the PA 

34:2 in longitudinal sections appeared to be enriched in micropylar regions of the embryo (Figure 

3.12A, lower right).  While the functional significance of differences in PA species distributions remain 

to be elucidated, it appears from the species imaged here that the PA connection in these desiccated 

seeds is not one to TAG metabolism (which is most active during the embryo maturation stage), but 

rather may be linked to signaling functions of PA related to seed germination.  These results indicate 

that lipids with known signaling functions can be imaged by MALDI-MSI, and open the possibility of 

studying lipid signaling within a cellular context. 

3.4 Discussion 

Visualizing the dynamic complexity of lipid metabolism at cellular resolution is not currently 

achievable with conventional, extraction-based lipidomics.  In this study, we have adapted MALDI-MSI 
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to uncover the detailed molecular distribution of major storage and membrane lipid classes in tissues 

of mature cotton embryos.  Even minor membrane lipids and other types of lipid-soluble metabolites 

were able to be imaged by MALDI-MSI.  Remarkable cell-type/tissue-specific variation was observed 

throughout the embryo in the composition of TAG, PC, PE, and PA molecular species, but there were 

discernible, apparently related, patterns based on acyl moieties in PC and TAG (Figures 3.4, 3.5, 3.7, 

3.9, 3.10).  Individual TAG and PC molecular species with similar fatty acid compositions had similar 

MALDI-MSI distribution profiles (Figure 3.10), which is not surprising given the metabolic relationship 

between PC and TAG (Chapman and Ohlrogge, 2012).  On the other hand, it was not previously 

appreciated that species with polyunsaturated fatty acids (almost all linoleic in cottonseed) were found 

at higher relative abundances in the cotyledon regions of the embryo relative to the embryonic axis 

(see also Figure A.6).  This was opposite for palmitic and oleic acids which contributed proportionally 

more to glycerolipid species found within the embryonic axis.  Lipids containing the less abundant 

stearic, arachidic (20:0), and palmitoleic (16:1) fatty acids were found uniformly distributed throughout 

the embryo (Figure 3.10D).  Finally sterculic and dihydrosterulic acids (cyclic fatty acids) were localized 

almost exclusively in the embryonic axis (see also Figure A.6).  The differences in molecular distribution 

of lipids are most certainly a consequence of differential gene expression and enzyme localization, but 

also may imply differences in localized function beyond metabolic precursor/product relationships (i.e., 

PC-36:3 vs. PC-36:4 or PA-36:3 vs. PA-34:2).  

The information here about the heterogeneous distribution of lipids in cotton embryos is 

surprising, but is consistent with the results from recent work with organellar lipidomics from cotton 

embryos (DOMS).  DOMS of individual lipid droplets revealed that lipid droplets in cottonseed embryos 

displayed a remarkable organelle-to-organelle difference in TAG composition, yet when these different 

compositions were averaged together, they resembled the overall composition of cottonseed oil (Horn 
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and Chapman, 2011; Horn et al., 2011b). Individual lipid droplets showed distinctly different 

compositions of TAG molecular species.  Now these compositions of individual droplets can be 

explained at the level of regional heterogeneity within the embryos. For example, one droplet 

contained 17% PPL, 26%, PLL, 14% PLO, 12% LLL and 10% LLO.  This composition is consistent with the 

TAG molecular species composition range imaged by MALDI-MSI in the embryonic axis region (Figure 

3.10). Hence, heterogeneity at the subcellular organelle level in lipid droplets from cottonseeds likely is 

contributed by the regional differences in TAG synthesis and packaging in cottonseed embryos.  The 

overall concept of cellular heterogeneity presents new challenges when considering cellular 

biochemistry in multicellular organisms.   Further work will be needed to understand the precise 

mechanisms for regulating these compositional differences at the cellular level, but this type of 

information may be important to predicting and defining limitations in metabolic engineering 

strategies.   

The assembly of TAGs in oilseeds involves multiple pathways and subcellular compartments 

(Bates et al., 2009; Chapman and Ohlrogge, 2012). Fatty acids (FA) destined for incorporation into TAGs 

are synthesized in the plastid and exported (mostly as 16:0 and 18:1 FA) to the ER as part of an acyl-

CoA pool.  Acyl groups are utilized for glycerolipid synthesis in the ER by enzymes of the Kennedy 

pathway that provide DAG backbones for PC synthesis or for TAG synthesis.   Alternatively, acyl-CoAs 

can be incorporated rapidly into PC independent of the Kennedy pathway (Bates et al., 2009).  Acyl 

modification, including desaturation and cyclopropane addition, occurs in fatty acids esterified to PC 

(Sperling et al., 1993; Bao et al., 2002), so there is a dynamic and close relationship between acyl 

groups on PC and acyl groups in TAG.  FA can be shuttled to TAGs through a number of different 

pathways: 1) acyl-CoA- dependent acyltransferases that assemble TAG on the glycerol backbone 

(Stymne and Stobart, 1987); 2) an acyl-CoA independent mechanism for synthesizing TAGs (especially 
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with usually FAs) through phospholipid:DAG acyltransferase (PDAT) (Dahlqvist et al., 2000); 3) an ‘acyl 

editing’ mechanism between the acyl-CoA pool and PC via lysoPC acyltransferase (LPCAT) or 

phospholipase A (Stymne and Stobart, 1984); and/or 4) the transfer of the phosphocholine head group 

between PC and DAG by PC:DAG cholinephosphotransferase (PDCT) to supply unsaturated DAG for 

TAG synthesis (Lu et al., 2009). 

Consequently, molecular species information for PC and TAG in cotton embryo tissues may help 

to predict unforeseen spatial differences in the pathways, genes and enzymes responsible in the 

assembly of cottonseed TAG.  For example, the identification of PC-36:3 with one 18:1 acyl chain in the 

embryonic axis suggests that this species is the source of 18:1 for the cyclopropane fatty acid (CPFA) 

synthase and desaturase that is then transferred as cyclic FA to TAG.  Also, the higher levels of linoleic 

acid in PC and TAG in the cotyledon tissues suggests there is a difference in delta-12 desaturase (FAD2) 

enzyme distribution with cottonseeds, and, it is likely that a PDCT activity also functions in these 

tissues to enrich polyunsaturated FA in TAG (e.g., LLL, PLL).  Addressing these types of questions at 

different stages of development or in combination with transgenic experiments and expressions 

studies will lead to new insights into the cellular regulation of lipid synthesis in oilseeds.  By 

extrapolation, studies of lipid metabolism by MALDI-MSI in other plant tissues, or in different 

environmental conditions will extend a new perspective to the importance of lipid localization and 

function. 

The major molecular species of PE and PC are not exactly similar in cottonseeds (Figures 3.8, 

3.10). But curiously, even the mol % distributions were differentially localized between the two major 

molecular species of PE and PC that had the same diacylglycerol moiety. For PC-36:4 and PE-36:4 (both 

di-18:2), the distributions were opposite; PC-36:4 made up a larger mol fraction of total PC in the 

cotyledons than in the axis, whereas PE-36:4, although distributed throughout the embryo, appeared 

77



to make up a larger proportion of the total PE class within regions of the embryonic axis.  On the other 

hand, PC-34:2 and PE-34:2 (both 16:0/18:2) appeared to have a similar, somewhat uniform distribution 

to one another, although PC-34:2 was slightly more concentrated in cotyledonary tissues than in the 

axis tissues, relatively speaking.  These differences in location may imply differences in function, but 

they are perplexing in terms of our views of PC/PE biosynthesis, since the diacylglycerol moieties for 

both of these phospholipid classes are believed to be assembled in the same subcellular compartment.  

Does this reflect differences in substrate preferences between choline- and ethanolamine- 

phosphotransferases?  Why is so little PE-36:3 made at all when PC-36:3 is a major PC molecular 

species concentrated within the embryonic axis?  These results seem to point to an unknown level of 

compartmentation (and perhaps enzyme distribution/specificity) for membrane lipid biosynthesis that 

only now can be appreciated.    

The mass accuracy and dynamic range of the LTQ-Orbitrap mass spectrometer interfaced with 

MALDI ionization supported the identification and characterization of large number of lipid compounds 

in cotton embryos.  There remains a wealth of chemical information to be mined from MS imaging 

data.   In typical MALDI-MSI spectra there were multiple adducts (i.e., H+, K+, and Na+) for each lipid 

molecular species that substantially increased the number of detectable compounds two-to-three 

times that of direct infusion ESI-MS with a single adduct.  For PC and TAG species, most of these peaks 

could be separated from the surrounding other peaks by accurate mass measurements.  The 

comparisons of spectra from MALDI-MSI with those from traditional chemical-based extracts analyzed 

by ESI-MS/MS were extremely valuable for compound identifications, and should be employed in the 

analysis of other plant tissues by MALDI-MSI.  MALDI-MSI yielded spectra with many peaks that have 

yet to be identified indicating the need for algorithms to identify novel compound candidates that, 

because of their stability, localization, or concentration, are not otherwise possible to identify by ESI-
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MS/MS.  The wide dynamic range of the instruments used permitted the detection of low-abundant 

cyclic fatty acids esterified to PC (e.g., most abundant cyclic PC is 1% of total PC which itself is only 

approximately 2% of total lipid, which itself is about 20% oil of total seed weight – or about 0.0004 % of 

the total seed weight).   Detection of minor lipid species makes it likely that lipids functioning as 

signaling molecules may be able to be localized by MALDI-MSI in the future. 

By way of example, the profiles of PA were determined in cottonseed sections.  Amounts of PA 

are normally low in plant tissues and this lipid can serve as intermediate in TAG biosynthesis or as a 

central lipid mediator in signal transduction pathways (Testerink and Munnik, 2005; Wang et al., 2006) 

. The distribution of PA species in embryos were intriguing, and based on comparisons of acyl 

composition of PA, PC and TAG, the PA in desiccated seeds did not appear to be a reflection of 

metabolic flux to TAG.  PA molecular species composition was dominated by PA 36:3 and this was 

distributed throughout the cotyledonary and embryonic axis tissues, with perhaps less relative 

representation in the axis region (based on mol percent of total PA).  This is in sharp contrast to the 

distribution of TAG and PC species that contain the combinations of 18:1 and 18:2 FA (see Figures 3.4, 

3.7, 3.10).  It is likely that direct-infusion lipidomics analysis of total seed extracts would have revealed 

this same information, but what would be entirely obscured in tissue extractions is the apparent 

“polar” distributions of certain PA molecular species.  The PA composition within the hypocotyl-root 

axis and the micropylar regions of the cotyledonary tissues of the embryo were very different from the 

rest of the embryo.  Several relatively minor species were much more concentrated in these regions. 

PA has been shown interact with the ABA regulation of seed germination and post-germinative growth 

(Katagiri et al., 2005), and these PA species and their distribution in the radicle near the location of 

radicle protrusion may indicate a role in seed biology more related to signaling than TAG metabolism. 

Of course this speculation remains to be tested experimentally but questions would not have been 
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considered without knowing the heterogeneous localization of PA molecular species.  Further, these 

results point to the realistic possibility of imaging other signaling lipids and molecules for localized 

effects in plant tissues, opening up a new approach to visualizing signal transduction directly at the 

chemical and cellular levels. 

Several considerations were addressed when evaluating the veracity of the MALDI-MSI 

approach in seed sections.  Analysis of PC and TAG (and other lipid classes) together by MS is known to 

be difficult due to ion suppression phenomena (Emerson et al., 2010).  Ion suppression makes 

quantitative conclusions tenable without the addition of internal standards, as is routine in direct-

infusion lipidomic analyses.  Here we observed clear evidence of ion suppression in MALDI-MSI where 

ion intensities for TAG species were much less overall than for PC species despite the fact that there is 

about 50 times more TAG than PC in cottonseeds.  Therefore it is not prudent to interpret quantities of 

lipid classes directly from ion intensities in these MALDI-MSI spectra.  This caution is reinforced when 

comparing the images from total ion distribution (Figure 3.2) to images of total lipid distribution by 1H-

NMR (Figure 3.3). NMR-derived images of cottonseed lipids, like those for soybean (Neuberger et al., 

2008) showed most of the seed oil in cotyledon tissues relative to the embryonic axis (Figure 3.3).  This 

appeared to be the reverse in ion intensity profiles by MALDI-MSI (Figure 3.2B).  However, PC was 

relatively more abundant in cotyledon tissues of cotton embryos (Figure 3.2C), and we presume that 

signals from TAG were relatively more suppressed by PC in these regions.  The future development of 

methods to include internal standards within the sample matrix may help to improve the quantitative 

nature of imaging in situ.  Nonetheless, it was still possible to obtain relative composition information 

within lipid classes by MALDI-MSI.  This was confirmed by comparing MS scans averaged across 

sections where mol percentages of TAG molecular species (Figure 3.7) were in excellent agreement 

with those obtained by quantitative, direct infusion ESI-MS/MS of lipid extracts, or by direct organelle 
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MS of isolated cottonseed lipid droplets (Horn et al., 2011b).  Similar results were observed for PC 

species profiles (Figure 3.10).  There may be an over-representation of cyclic FA species in ESI-MS, but, 

in general the TAG and PC lipid compositions by MALDI-MSI were similar to those obtained by 

conventional quantitative techniques, and these were all in good agreement with values reported in 

the literature for cottonseed lipid species quantified by other methods (e.g., HPLC/TLC/GC, (Lísa and 

Holcapek, 2008; Dowd et al., 2010)). It should be noted that the same approach has been taken by 

Murphy and coworkers in comparison of each PC molecular species of rat brain cross-sections between 

MALDI-MSI and LC-MS/MS analysis, and quantitative agreement was found regardless of the tissue 

type (Hankin and Murphy, 2010)). We conclude that by examining the mol fraction of individual species 

within lipid classes, MALDI-MSI is an accurate representation of lipid distribution within sections of 

plant tissues.  

In expanding applications of MALDI-MSI to other types of plant tissues, attention will need to 

be placed on sample preparation and the balance between structural and chemical integrity.  First of 

all, according to our and others’ experience, polymer embedding materials cannot be used for soft 

plant tissues in cryosectioning because they penetrate into the tissues and produce significant polymer 

contaminations in mass spectrometric measurements.  Other materials, such as ice and gelatins, are 

suggested in those cases (Chughtai and Heeren, 2010).  We could still use OCT polymers in hard tissues 

like cottonseeds, but we had another issue of surface smearing during the cryosectioning.  Hence, we 

fixed the embryos with paraformaldehyde before cryosectioning to preserve the tissue integrity.  It 

should be emphasized here that chemical profiles for lipids were not different between unfixed and 

lightly fixed seed tissues.  Also lipid molecular species profiles by MALDI-MSI were in good agreement 

with those obtained from total lipid extracts by ESI-MS.  This was even the case for PE, which has a free 

amino group and might be expected to be susceptible to fixation by formaldehyde.  So while fixation 
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might present a problem in the profiling of proteins, we do not consider this to be a major issue for 

lipid imaging by MALDI-MSI.  However, it is possible that other targeted lipid classes or species may be 

impacted adversely by chemical fixation or embedding procedures, and suitable methods may need to 

be developed to broaden the range of compounds that can be imaged by MALDI-MSI.  In any case, the 

major value of knowing the spatial distribution of chemical compositions in plants will likely drive 

development of new approaches that combine MS-based analysis with cellular and even subcellular 

imaging, and these efforts will form the basis for improved understanding of plant biochemistry at 

higher resolution.   

3.5 Addendum 

Visualization of differences in the distribution of TAG species between the cotyledons and 

embryonic axis of mature, wild type cottonseeds (cv Coker 312) suggested the need for further MS 

imaging of seeds with altered lipid compositions.  To this end TAG molecular species were spatially 

mapped in a similar fashion as described above within high oleic (18:1) cottonseeds expressing a 

catalytically non-functional Brassica napus fad2 allele (Bnfad2) in the Coker 312 cultivar background. 

Cross sections of Bnfad2 seeds showed a shift in the fatty acid composition overall composition and 

some altered TAG distribution patterns (Figure 3.13 and 3.14).  Bnfad2 seeds have a shriveled seed 

phenotype with reduced cotyledon area (Figure 3.13a) and damaged cellular morphology relative to 

wild type seeds as previously described (Chapman et al., 2008).  The predominant TAG in wild type 

seeds, TAG-52:4 (Figure 3.13d), is substantially reduced in Bnfad2 and shows a slightly altered relative 

distribution in the cotyledon versus embryonic axis tissue.  TAG species with one or more oleic acid 

acyl chains were elevated in cotyledon tissues, TAG-50:1 (Figure 3.13c), TAG-52:3 (Figure 3.13e), TAG-

52:2 (Figure 3.13f), TAG-54:4 (Figure 3.13i), TAG-54:4 (Figure 3.13i) and TAG-54:3 (Figure 3.13j), than in 

82



wild type demonstrating the availability of oleic acid for incorporation into TAG molecular species. 

Unusual gradients within the Bnfad2 cotyledons, i.e. TAG-50:2 (Figure 3.13b) and TAG-52:2 (Figure 

3.13f), suggest possible differences in expression of the non-functional allele and therefore alterations 

in the high oleic phenotype within the cotyledons.  MS imaging of seeds with engineered seed oil 

compositions provides additional information for evaluating biochemical pathways and metabolic 

engineering strategies.      

Overall TAG profiles in individual seeds imaged for both wild type and Bnfad2 agreed well with 

the total lipid extracts from individual seeds analyzed by both conventional MALDI and via shotgun 

lipidomics with electrospray ionization (ESI)-MS (Figure 3.14).  Seed-to-seed variability in TAG content 

of Bnfad2 seeds was not entirely unexpected even within T4 seeds due to the polyploidy nature of 

cotton and variability in FAD2 expression.  Nonetheless, in most cases, imaging of individual 

cottonseed cross sections agrees well with conventional extracts of whole seeds supporting the 

identification and distribution of these individual TAG species by MALDI-MSI.  Evaluation of 

representative sections from independent seeds (Figure 3.15) shows some variability in the cotyledon 

versus embryonic axis TAG-distribution phenotype but overall shows the distribution patterns to be 

ubiquitous in wild type seeds and supports the presence of seed-specific heterogeneity as 

demonstrated by MS imaging.  

3.6 Methods 

3.6.1 Cottonseed Material 

Cotton (Gossypium hirsutum, L., cultivar Coker 312) plants grown in soil were maintained at 

30°C in an air-conditioned greenhouse supplemented with Na-vapor lamps for an extended day length 

of 16h. Seeds were harvested from mature bolls and delinted in a table-top, 10-saw laboratory gin. 
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Intact mature embryos were excised from the seed coat with a standard razor blade in preparation for 

sectioning or chemical extraction.  

3.6.2 Sample Preparation for MALDI-MS Imaging 

Mature cotton embryos were either unfixed or lightly fixed with 4% paraformaldehyde for 30 

min to preserve structural characteristics during sectioning.  Excess fixative was washed off the seeds 

with three successive 5 minute washes in 50 mM PIPES-NaOH, pH 7.2.  Seeds were mounted on a 

minimal amount of optimal cutting temperature polymer (OCT from Sakura Finetek USA) and then 

covered with the OCT completely.  The samples were flash frozen with powdered dry ice on a cryostat 

holder, covered with an aluminum foil and maintained at -80°C for 10-15 min. Seeds were sectioned in 

a cryostat (Leica 1800 cryocut) at -20°C and 30 micron sections in cross- or longitudinal- orientation 

relative to the embryonic axis were collected on glass slides and placed in evacuated desiccators at 

room temperature until ready for shipment to Iowa State University (ISU) for analysis.  Samples were 

stored in desiccators at ISU until ready for MSI analysis. 

3.6.3 Mass Spectrometry Imaging 

2,5-Dihydroxybenzoic acid (DHB; Sigma-Aldrich, St. Louis, MO, USA) was applied by sublimation, 

using a procedure adapted from Hankin et al (Hankin et al., 2007).  MS imaging was conducted using a 

MALDI linear ion trap-Orbitrap hybrid mass spectrometer (MALDI LTQ Orbitrap-Discovery; Thermo 

Fisher Scientific, Bremen, Germany).  Spectra were collected using the Orbitrap analyzer with Xcalibur 

(v.2.0.7) data acquisition software.  The instrument was equipped with an intermediate pressure (75 

mTorr) MALDI source using a nitrogen laser (MNL 100; Lasertechnik Berlin, Berlin, Germany), providing 

an output at 337 nm with a maximum energy of 80 µJ per pulse and a repetition rate of 60 Hz (Strupat 
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et al., 2009).  A 3 mm aperture was placed in the beam path to reduce the spot size at the sample 

surface to 35-40 µm, as measured by inspection of burn marks on a thin film of α-cyano-

hydroxycinnamic acid (Qiao et al., 2008).  MS images were collected for the selected area in the 

positive ion mode with a 50 µm raster step size. Orbitrap analyzer was used for MS data acquisition at 

the nominal resolution of 30,000. Automatic gain control (AGC) was turned off and other data 

acquisition conditions were optimized each time. Typical experimental conditions were following: laser 

power per pulse of 5-10 μJ, the number of laser pulse per spectra of 1-5, and the number of scans 

averaged per pixel of 3-10. To avoid damage to tissue sections used for imaging, sections prepared in 

parallel to those imaged were used for this optimization.   

3.6.4 Processing for Mass Spectrometric Imaging 

Raw spectra files acquired from the Orbitrap analyzer were converted to “.txt” files using 

Xcalibur 2.0.7 conversion feature for further processing with a custom, in-house Java MALDI-imaging 

analysis application “LipidImager.”  The text version retains all spectral information in a format suitable 

for further analysis with LipidImager.  Each MALDI mass scan (or set of scans) represents an absolute 

position (i.e. with x, y coordinates) analyzed within the seed section.   Individual scans, or an averaged 

sets of scans, at a particular x, y position were processed to search for compounds of a desired m/z 

within tolerance limits of 0.02 Da.  This tolerance was selected based on the high resolving power of 

the Orbitrap analyzer and refined through rounds of m/z analysis of peaks identified (see Tables B.1-4).   

Several adducts were found for each lipid class analyzed (see Tables B.1-4).  TAGs were 

detected as both sodium and potassium adducts with both being used to generate chemical images of 

TAGs. Mol percentages within a particular lipid class at an x, y position were calculated based on 

absolute intensities of identified compounds relative to the total ion intensity summed for the lipid 
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class (see example calculation in Figure A.5).  Since no internal standards were able to be added, 

absolute quantities (e.g. µg) were not calculated.  MALDI-MS images were generated in Java by 

converting the x, y coordinates associated with each scan and the corresponding mol % of a particular 

compound at that location into a colored-square pixel according to a grey or green-to-red color scale 

(see example in Figure A.5).  Distribution profiles of sections were generated from a known absolute x, 

y position of a scan (or set of scans) and the pixels representing the mol % (or total ion count) at that 

point.  Scale bars were automatically generated by converting the absolute size of the pixel 

representation used for each image. Using an optical image from each type of section, an outlined 

template was overlaid onto each MALDI image in Adobe Photoshop CS4.  

3.6.5 Total Lipid Determination by Magnetic Resonance Imaging 

The NMR imaging experiments were carried out using a Bruker 750 WB Micro Imaging System 

(Bruker, Rheinstetten, Germany) equipped with a 20mm birdcage coil. To visualize the lipids within the 

seed, a spin-echo sequence with selective excitation of the lipid resonance was applied. In order to 

avoid noise due to relaxation the echo time was minimized (4.5 ms) and a long repetition time of 3.5 s 

was chosen. During the 19.5 h measurement an isotropic resolution of 80 µm was achieved. The 

images were quantified based on the total seed lipid content, determined using a Bruker minispec 

mq60 (Bruker, Rheinstetten, Germany). 

3.6.6 Lipid Extraction 

Total lipids were extracted from seeds as described (Chapman and Moore, 1993), except that 

seeds were flash frozen in liquid nitrogen and powdered with a mortar and pestle. Powdered seed 

material, while still frozen, was transferred to hot (70°C) isopropanol (IPA) and incubated for 30 
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minutes to inactivate endogenous phospholipases.  Chloroform was added at a ratio 2:1:0.45 (v/v/w) 

IPA: chloroform: tissue to form a monophasic extraction solution that was incubated overnight at 4°C. 

Lipids were purified by two phase partitioning with chloroform and 1M KCl, and the organic layer was 

washed 3 times with 1M KCl.  Lipid samples were dried under N2 and resuspended in chloroform and 

stored at -20oC under N2 until MS or GC/MS analysis.  Polar lipids were fractionated from total lipid 

extracts by silica gel column chromatography in methanol (Supelco Discovery DSC-Si 6 mL, 500-mg 

solid phase extraction cartridges) after eluting neutral lipids in two steps with hexane:diethyl ether at 

4:1 and 1:1 by volume. 

3.6.7 Gas Chromatography (GC)-MS analysis of Fatty Acid Composition 

Total lipid extracts subjected to GC-MS analysis were dried under N2 and resuspended in 

toluene.  Fatty acid methyl esters (FAMEs) were prepared via base-catalyzed transesterification 

essentially as described by W.W. Christie (Christie, 1989). Briefly, 0.5 M sodium methoxide in 

anhydrous methanol (Sigma-Aldrich) was added to total lipid extracts and maintained at 50°C for 10 

minutes. After addition of acetic acid and water, FAMEs were extracted into hexane.  

FAMEs were separated on an Agilent model 6890 GC with a DB-5 column and analyzed with a 5973 

mass selective detector.  A multi-ramp temperature program was applied for optimal separation with 

an initial 3 min initial hold at 150°C, increasing to 210°C at 10°C/min, increasing to 215°C at 0.8°C/min, 

increasing to 250°C at 5°C/min, increasing to 280°C at 15°C/min, and a final 2 min hold at 280°C.  

3.6.8 Direct Infusion ESI-MS 

Total lipid extracts were analyzed by direct infusion ESI-MS/MS (Bartz et al., 2007) on a Waters 

Micromass Quattro Ultima triple quadrupole mass spectrometer (Waters, Milford, MA).  Samples were 
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evaporated to dryness and resuspended in 1:1 (v/v) chloroform: methanol plus 10 mM ammonium 

acetate for MS.  TAGs were identified as ammonium adducts in positive ion mode with acyl 

composition determined through neutral loss fragmentation scans (collision energy 30) for individual 

acyl chains.  TAGs were quantified in full scan mode.  PCs were identified and quantified as hydrogen 

adducts in positive ion mode (collision energy 35) with a precursor loss of the phosphocholine head 

group (+184 m/z).  PEs were identified and quantified as hydrogen adducts in positive ion mode 

(collision energy 30) with a neutral loss of the phosphoethanolamine head group (+141 m/z).  Typical 

scanning conditions included a direct infusion flow rate of 15 µl/min, capillary voltage of 3.5 kV, cone 

voltage of 40 V, hexapole two voltage of 1.0 V, source/desolvation temperatures of 80/200°C, and 

cone/desolvation gas flows of 75/200 L/Hr.  All solvents were optima grade from Thermo-Fisher 

Scientific.  
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3.8 Figures 

Figure 3.1 Schematic overview of cottonseed anatomy and MALDI-MSI process. 

(A) Longitudinal diagram of mature cotton embryo primarily composed of folded cotyledon tissues surrounding the 
embryonic axis (hypocotyl and radicle).  Pigment glands containing the terpenoid gossypol are present throughout the 
tissue.   
(B) Intact embryos are chemically fixed and sliced into thin cross- or longitudinal-sections with a cryostat.  Sections of 
approximately 30 microns are adhered to a glass slide and coated with matrix, 2,5-dihydroxybenzoic acid (DHB).   
(C) A laser beam is rastered across the section in a serpentine pattern ionizing the seed lipid/matrix mixture at an imaging 
resolution of 50 microns.  Generated lipid ions as [M + H]+, [M + Na]+, or [M + K]+ adducts are directed into a mass analyzer 
for the mass spectral data acquisition.   
(D) Each laser shot and detection cycle generates a raw data spectrum for each x, y position of the seed section. A sample 
spectrum shows the identification of the matrix (DHB identified as [2DHB - 2H2O + H]+ at m/z 273.04) and three distinct 
compound regions, phospholipids and in particular phosphatidylcholine (PC, red region), triacylglycerols (green region), and 
diacylglycerols (blue region) from in-source fragmentation of TAG and PC species. Representative species and adducts are 
labeled with their total acyl composition.  For a more comprehensive list of species and adducts identified see Tables B.1-4.   
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Figure 3.2 Distribution of absolute total ion counts/ intensities of cottonseed metabolites. 

(A) Optical cross (left) and longitudinal (right) sections prepared from the middle segment of the seed. Scale bars represent 
1 mm for all images.  
(B) Distribution of total triacylglycerol (TAG) ions (sum of ions listed in Table B.1 normalized to the total ion count (TIC) on 
each pixel (max = 0.1 for both cross- and longitudinal-sections).   
(C) Distribution of total phosphatidylcholine (PC) ions (sum of ions listed in Table B.2) normalized to TIC on each pixel (max 
= 0.3).  
(D) Distribution of total phosphatidic acid (PA) ions (sum of ions listed in Table B.4) normalized to TIC on each pixel (max = 
0.03).
(E) Distribution of phosphatidylethanolamine (PE) ions (sum of ions listed in Table B.3) normalized to TIC on each pixel (max 
= 0.01).  
(F) Distribution of beta-sitosterol ion (m/z 397.383) normalized to TIC on each pixel (max = 0.003).  
(G) Distribution of gossypol (m/z 501.191) normalized to TIC on each pixel (max = 0.01). 
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Figure 3.3 Distribution of total seed lipid content by nuclear magnetic resonance (NMR). 

(A)  Longitudinal representation of total seed lipids within an intact embryo.  
(B-D) Representative cross-section profiles through the (B) chalazal, (C) middle, and (D) micropylar 
sections of the intact embryo.  
(Courtesy of Ljudmilla Borisjuk and Johannes Fuchs) 
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Figure 3.4 Distribution of selected TAG molecular species. 

Distribution of selected TAG molecular species in mol %. Ion counts within ± 0.02 m/z units of each 
sodiated [M + Na]+ (labeled on figure) and potassiated [M + K]+ monoisotopic masses are normalized to 
the total TAG ion signals on each pixel. A red-green linear color scale is used with maximum mol % 
value corresponding to 35 % of total TAG for all images. See Table B.1 for all TAG species identified and 
m/z analysis for each species. Scale bar represents 1 mm.  
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Figure 3.5 Distribution of TAG molecular species containing sterculic and/or dihydrosterculic (cyclic) 

fatty acids. 

Distribution of selected cyclic TAG molecular species in mol %. Ion counts within ± 0.02 m/z units of 
each sodiated [M + Na]+ (labeled on figure) and potassiated [M + K]+ monoisotopic masses are 
normalized to the total TAG ion signals on each pixel. A red-green linear color scale is used with 
maximum mol % value corresponding to 3 % of total TAG for all images. See Table B.1 for all cyclic TAG 
species identified and m/z analysis for each species. Scale bar represents 1 mm. 
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Figure 3.6 Comparison of TAG molecular species profiles at different spatial resolutions. 

(A) Individual non-cyclic TAG species were quantified as mol percentages of total TAG content: (1) at tissue resolution – 
total lipid extract (TLE) of mature embryos sampled through direct infusion ESI-MS (n = 3); (2) at cellular resolution – 
MALDI-MSI longitudinal- and cross- sections; (3) at subcellular resolution – direct organelle mass spectrometry (DOMS) of 
small lipid droplet populations (n = 3 sets of 10 – 25 lipid droplets) (Horn et al., 2011b). See Table B.1 for all non-cyclic TAG 
species identified and m/z analysis for each species. 
(B) Mol % distribution of TAGs with one or more acyl cyclic fatty acids (sterculic and/or dihydrosterculic) normalized to total 
TAG content in MALDI-MSI sections.   See Table B.1 for all cyclic TAG species identified and m/z analysis for each species. 
(C) Comparison of total 19C cyclics quantified by MALDI-MSI and GC-MS.  For MALDI sections, 19C cyclic TAGs (sterculic + 
dihydrosterculic) were normalized to total TAG content.  For GC-MS analysis, TLE were converted to fatty acid methyl esters 
with total 19C cyclic fatty acids (sterculic + dihydrosterculic) normalized to total fatty acid content (n = 3).  See Figure A.6 for 
total fatty acid composition quantified by GC-MS. 
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Figure 3.7 Distribution of selected PC molecular species. 

Distribution of selected PC molecular species in mol %. Ion counts within ± 0.02 m/z units of each 
protonated [M + H]+ (labeled on figure), sodiated [M + Na]+ and potassiated [M + K]+ monoisotopic 
masses are normalized to the total PC ion signals on each pixel. A red-green linear color scale is used 
with a maximum mol % value corresponding to 35 % of total PC for all images. See Table B.2 for all PC 
species identified and m/z analysis for each species. Scale bar represents 1 mm. 
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Figure 3.8 Comparison of PC molecular species from MALDI-MSI sections and total lipid extracts. 

Individual PC species were quantified as mol % of total PC content for MALDI-MSI sections and by 
direct infusion ESI-MS of the polar lipid fraction (purified through solid-phase extraction) of total 
embryo lipid extracts (n = 3).    
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Figure 3.9 Distribution of PCs containing sterculic and/or dihydrosterculic fatty acids. 

Distribution of selected cyclic PC molecular species in mol %. The embryonic axis is outlined in the 
longitudinal sections to emphasize the localization of cyclic PCs. Ion counts within ± 0.02 m/z units of 
each sodiated [M + Na]+ (labeled on figure) and potassiated [M + K]+ monoisotopic masses are 
normalized to the total PC ion signals on each pixel. A red-green linear color scale is used with a 
maximum mol % value corresponding to 1 % of total PC for all images. See Table B.2 for all cyclic PC 
species identified and m/z analysis for each species. Scale bar represents 1 mm. 
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Figure 3.10 Distribution of TAG, PC, and corresponding fatty acid species across MALDI-MSI sections. 

(A) Total ion count distribution of cross- and longitudinal- sections. The line drawn through the sections represents the set of x, y 
coordinates analyzed for their TAG and PC relative molecular distributions (i.e. each pixel traversed across will have a MALDI-MSI 
spectrum associated with it).  Scale bars represent 1 mm. 
(B) Distribution of selected TAG species across center of cross-section plotted relative to their x-axis location.  Thin lines represent 
the individual mol % values at that x, y position for a particular species (purple, TAG-52:4 PLL; red, TAG-54:6 LLL; green, TAG-50:2 
PPL; yellow, TAG-52:3 PLO; light blue, TAG-54:5 LLO; dark blue, combined sterculic/dihydrosterculic cyclic TAGs).  Thick lines 
represent a polynomial fit using Microsoft Excel to aid visualization of changes across the section.     
(C) Distribution of selected PC species across center of cross-section plotted relative to their x-axis location.  Thin lines represent 
the individual mol % values at that x, y position for a particular species (purple, PC-34:2 PL; red, PC-36:4 LL; green, PC-36:3 LO; 
yellow, PC-36:2 LS/OO; light blue, PC-34:1 PO; dark blue, combined sterculic/dihydrosterculic cyclic PCs).  Thick lines represent a 
polynomial fit using Microsoft Excel to aid visualization of changes across the section.     
(D) Summary of fatty acid distribution patterns relative to their mol % contribution of the cross- and longitudinal sections.  Four 
distinct distributions patterns were present throughout the seed sections.  Pattern strokes represent relative abundances for 
identified fatty acids: P-16:0, palmitic; Po-16:1, palmitoleic, Ln-18:3, linolenic; L-18:2, linoleic; O-18:1, oleic acid; S-18:0, stearic, A-
20:0: arachidic; Sc-19:1 sterculic acid; Dsc-19:0-dihydrosterculic acid as well as those without identification (No ID). 
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Figure 3.11 Distribution of selected phosphatidylethanolamine (PE) molecular species. 

(A-C) Distribution of selected PE molecular species in mol %. Ion counts within ± 0.02 m/z units of each potassiated 
[M + K]+ (labeled on figure), protonated [M + H]+, and sodiated [M + Na]+ monoisotopic masses are normalized to 
the total PE ion signals on each pixel. A red-green linear color scale is used with a maximum mol % value 
corresponding to 50 % of total PE for all images. See Table B.3 for all PE species identified and m/z analysis for each 
species. Scale bar represents 1 mm.  
(D) Comparison of PE molecular species from MALDI-MSI sections and polar lipid fractions (purified through solid-
phase extraction) of total lipid extracts (TLE) analyzed by direct infusion (n = 3). 
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Figure 3.12 Distribution of selected phosphatidic acid (PA) molecular species. 

(A-D) Distribution of selected PA molecular species in mol %. Ion counts within ± 0.02 m/z units 
of each potassiated [M + K]+ (labeled on figure), and sodiated [M + Na]+ monoisotopic masses 
are normalized to the total PA ion signals on each pixel. A red-green linear color scale is used 
with a maximum mol % value corresponding to 60 % of total PA for all images. See Table B.4 for 
all PA species identified and m/z analysis for each species. Scale bar represents 1 mm.  
(E) Comparison of PA molecular species from MALDI-MSI sections. 
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Figure 3.13 Comparative distribution profiles of major triacylglycerol molecular species in 

wildtype and Bnfad2 seeds. 

(a) Brightfield cross-sectional image from a wildtype (cv Coker 312, left) and mutant (Bnfad2, 
right) seed.  Scale bar represents 1000 µm. 
(b-j) Relative distribution profiles of selected TAG molecular species by mass spectrometry 
imaging.  Each image is normalized to a maximum of 20 mol % of TAG, except for  (d) where 
TAG-52:4 in wildtype is set to maximum of 35 mol % due to its higher abundance relative to 
other species imaged.  TAG species are denoted with the total number of acyl carbons and 
double bonds (e.g. TAG-50:2) followed by their primary fatty acid chains (P: palmitate (16:0), O: 
oleic (18:1), L: (18:2)). 
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Figure 3.14 Validation of MS imaging and evaluation of seed-to-seed variability 

(a) Comparison of total lipid extracts (TLE) of individual wildtype (cv Coker 312) seeds analyzed 
by direct infusion, electrospray ionization (ESI)-MS and MALDI- MS (n = 9 independent seeds) 
relative to imaged sections by MALDI-MSI (n = 5 independent seeds). 
(b) Comparison of total lipid extracts (TLE) of single transgenic (Bnfad2) seeds analyzed by 
direct infusion, electrospray ionization (ESI)-MS and MALDI (n = 15 independent seeds) relative 
to imaged sections by MALDI-MSI (n = 4 independent seeds). 
(c) Comparison of extreme low and normal seed oil phenotypes of individual Bnfad2 transgenic 
seeds  by ESI-MS (taken from b) to show dramatic differences in TAG species with oleic acid 
(e.g. TAG-52:2) and linoleic acid (e.g. 52:4, 54:6) between severe mutant versus normal 
embryos in segregating progeny. 
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Figure 3.15 Evaluation of seed-to-seed heterogeneity. 

Wildtype (cv Coker 312) seed-to-seed variability (n = 5 independent seeds, *P < 0.10, ** P < 
0.05) of TAG molecular species imaged within the embryonic axis (black) and the cotyledon 
(grey) tissue regions selected computationally from the whole seed images.   
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CHAPTER 4 

METABOLITE IMAGER: CUSTOMIZED SPATIAL ANALYSIS OF METABOLITE DISTRIBUTIONS IN 

MASS SPECTROMETRY IMAGING 

4.1 Abstract 

Mass spectrometry (MS) is currently the most utilized analytical instrument for evaluating the 

metabolite composition of a biological sample at both the qualitative and quantitative level. 

The exponential growth of raw data generated through increasingly versatile mass 

spectrometers requires sophisticated algorithms to process and visualize the raw data to 

address biological questions. The structural and quantitative diversity of a single species’ 

metabolome (e.g. all metabolite species) under different experimental conditions itself forms a 

very large and complex dataset to analyze.  We have developed a free, Java-based 

metabolomics application “Metabolite Imager” (www.metaboliteimager.com) that enables 

customized analysis and visualization of the metabolite distributions in tissues acquired through 

mass spectrometry (MS)-based imaging approaches.  Metabolite Imager algorithms perform 

customized targeted searching of metabolites through user-defined databases enabling the 

analysis of spatial distributions of large metabolite numbers in tissue sections.  Metabolite 

Imager’s automated, two-dimensional image generator has several customizable features for 

producing high-resolution images.  Additional Metabolite Imager algorithms support identifying 

targeted and unknown detected metabolites in selected tissue regions using spatially-based 

enrichment analysis that could impact metabolic engineering strategies.  Co-localization 

algorithms of metabolites and selected ions by m/z enable analysis of precursor-product 

104



relationships in situ that will be important for expanding the biological context of metabolic 

pathways. 

4.2 Introduction 

The analysis of complex biological systems through mass spectrometry (MS)-based 

approaches enables the evaluation of metabolite compositions that are present in tissues, cells, 

and subcellular compartments (Fiehn, 2002; Scalbert et al., 2009; Horn and Chapman, 2012).  

Typically these biological molecules are extracted from their in vivo or in situ environment 

through a variety of approaches that aim to preserve both the structural integrity of the 

isolated metabolites as well as accurate quantitative representations (Wu et al., 2008; Canelas 

et al., 2009; Dietmair et al., 2010).  The sheer number of metabolites in biological systems (e.g. 

estimated over 200,000 metabolites in the plant kingdom alone (Fiehn, 2002; Goodacre et al., 

2004)) at times requires additional separation (e.g. solid-phase extraction, lipid 

chromatography) and/or sophisticated MS-based data acquisition methods that select 

functional or structurally related metabolites (e.g. shotgun lipidomics (Welti et al., 2007)).  

Improvements in the resolution and mass accuracy capabilities of contemporary mass 

spectrometers (e.g. Orbitrap analyzer (Hu et al., 2005)) makes it possible to identify many of 

these compounds (but not all (Kind and Fiehn, 2006)) with high confidence by direct 

comparison of actual and theoretical masses (Horn et al., 2012).  Additional structural 

characterization of each metabolite species (Dettmer et al., 2007) through MS-based ion 

fragmentation (Han and Gross, 2005b) and other non-MS based methods (e.g. NMR (Wishart, 
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2008)) can improve upon the molecular identification (e.g. in lipids – lipid class, acyl chain 

length and saturation state, chemical modifications, etc.). 

MS analysis of metabolite compositions in chemical extracts enhances our current 

understanding of many dynamic and complex biological phenomena.  The emerging field of MS 

imaging (MSI) that acquires the spatial distribution of metabolites at the tissue and cellular 

level (Caprioli, 1998; Chaurand et al., 2005; Walch et al., 2008; Kaspar et al., 2011) overcomes 

the inherent loss of a metabolite’s endogenous location, which is likely as important as its 

overall structural and quantitative characteristics. There are many MS instrument variations 

that analyze location of metabolites of interest in situ (e.g. MALDI or matrix-assisted laser 

desorption/ionization MS, for review of other methodologies see (Horn and Chapman, 2012; 

Lee et al., 2012)).  By identifying the molecules within the raw MS data at each location, a 

computationally-reconstructed image shows the overall distribution of metabolites within a 

tissue section (Murphy et al., 2009; Verhaert et al., 2010; Horn et al., 2012).   

The complexity of this raw data generated through increasingly versatile mass 

spectrometers requires sophisticated algorithms within dedicated applications to process the 

raw data and present the results in a useful format to address questions proposed within a 

biological and analytical framework (Boccard et al., 2010).  A number of analytical applications 

are available for metabolomics analysis, for recent reviews see (Tohge and Fernie, 2009; 

Boccard et al., 2010; Sugimoto et al., 2012).  Most of the metabolomics software available 

focuses on the computational analysis of infusion-based (Zhou et al., 2011) or chromatographic-

based MS (Smith et al., 2006) data with relatively few applications designed to handle MS 

imaging datasets.  There is momentum in the MS community for adoption of open-access 
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formats such as mzXML (Pedrioli et al., 2004),  openMS (Sturm et al., 2008) and more recently a 

tailored MS-imaging format imzML (Schramm et al., 2012) that instrument developers have 

begun to implement or to at least provide conversion compatibility.  Several MS imaging 

applications provide basic MS imaging features utilizing the imzML format including BioMap 

(Novartis, Basel, Switzerland), DataCube Explorer (AMOLF), and Mirion (JLU).  Most MS 

instrument vendors such as Bruker Daltonics (flexImaging), Shimadzu Biotechnology (Intensity 

Mapping), AB-SCIEX (TissueView) and Thermo Fisher Scientific provide propriety software with 

basic imaging functions (Gustafsson et al., 2011).  For example, Thermo ImageQuestTM 

(Verhaert et al., 2010) features tools for imaging ions, integration with their spectral viewing 

software, and co-localization of multiple ions.   Other applications are available focusing on data 

reduction and multivariate analysis spanning multiple tissues (McDonnell et al., 2010), 

quantification and processing of drugs and neuropeptides (Källback et al., 2012),  and 

processing of 3D imaging data (Xiong et al., 2012).   

We initiated the development of a Java-based application called “Metabolite Imager” 

that is capable of custom-designed analysis of large and complex MS imaging datasets with 

several tools for visualizing and analyzing metabolite distributions.  The program has been 

initially utilized to analyze raw imaging data acquired on a Thermo MALDI LTQ Orbitrap-XL mass 

spectrometer visualizing both storage and membrane lipid heterogeneity in cryosections of 

plant tissues (Horn et al., 2012).  The foremost objective of this application is to enable users 

with different analytical backgrounds to visualize, manage, and analyze raw mass spectrometric 

data, metabolite databases, imaging development, and preparation of high-resolution images 

for biochemical interpretation.  This application was developed for the analysis of lipids within 
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the plant metabolome but provides flexibility to investigate metabolite locations in non-plant 

tissue sources as well as other metabolites (e.g. carbohydrates, secondary metabolites, etc.).  

4.3 Results and Discussion 

4.3.1 Metabolite Imager Interface 

Metabolite Imager is a collection of MS imaging and processing tools developed within 

the platform-independent Java programming language using the freeware Netbeans v7.X IDE 

(integrated development environment) software.  The offline Metabolite Imager user interface 

(UI, Figure 4.1) has five specialized areas of interaction: (1) a menu bar to aide in navigating 

Metabolite Imager resources (Figure 4.1a), (2) an icon-based, tabbed-toolbar that groups 

related shortcuts for common functions (Figure 4.1a), (3) a side tabbed-panel that holds 

directories of files being manipulated as well as sub-interfaces for specialized input and 

interaction (Figure 4.1b, c, e), (4) a main tabbed-panel workspace for visualizing metabolites 

and running other Metabolite Imager algorithms (Figure 4.1d) and (5) a bottom tabbed-panel 

for outputting messages to user and a task/progress monitor (Figure 4.1f). Each of these 

interface items listens for events initiated by the user and responds by running the appropriate 

method and updating the interface with corresponding results.  An additional online interface 

www.metaboliteimager.com is provided to complement the offline Metabolite Imager features.  

The online interface distributes updated versions of the application, video tutorials and 

metabolite databases generated through MI.  The interface will also provide for an outlet for 

open-access downloads of publically submitted raw MS imaging data, incorporation of other 

valuable MS and metabolite analysis resources through hyperlinks to other processing software 
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websites and Metabolite Imager applets (small applications) for specialized tasks (e.g. 

monoisotopic mass calculator). 

4.3.2 Considerations of Data Acquisition in MSI 

The initial step for visualizing the distributions of metabolites throughout a biological 

tissue is to setup a series of spots or locations (Caprioli, 1998) from which raw MS data will be 

generated from a set of detected ions (Figure 4.2a).  Each spot within the tissue imaging setup 

will possess a physical X and Y coordinate that will later be used for 2D image generation. The 

resolution of this step size between spots (typically 10 – 100 µm) is a function of several 

parameters including the spatial resolution desired (e.g. tissue versus cellular versus subcellular 

(Lee et al., 2012)), the method by which the ions are generated (e.g. in MALDI the laser spot 

size limits the spatial resolution (Guenther et al., 2010)) and also time considerations (e.g. large 

sections of >1 cm2 can take several hours or even days at very high spatial resolutions). At each 

spot, one or more raw MS profiles (Figure 4.2b) can be acquired depending on the experimental 

design.  Many times it is desirable to acquire multiple scans per spot (Figure 4.2a,c) either 

acquiring one type of raw MS data throughout (e.g. a high resolution Fourier transform (FT)MS 

scan acquisition) or more elaborate experimental schemes  (Perdian and Lee, 2010) where 

successive scans at the same spot acquire different types of MS data (e.g. scan 1: full FTMS 

range 100- 1500 m/z, scan 2: lower resolution, ion trap (IT)MS, tandem MS/MS on selected ion 

A, ITMS, MS/MS on selected ion B, etc.).  In addition, many metabolites in situ form ions with 

more than one adduct (e.g. PC-34:2, Figure 4.2c) where the intensities of each ion must be 

considered for comprehensive analysis.  Ultimately, this leads to large and complex raw MS 
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data sets where the experimental design must be taken in consideration before imaging 

processing.         

4.3.3 Processing of MS Imaging Data 

The core algorithms in Metabolite Imager are designed to extract and process raw MS imaging 

spectral data, and these are used to generate metabolite distribution image profiles (Figure 

4.3).  The acquired raw spectral data is formatted and stored as individual tab-delimited text 

files representing each scan (Figure A.7).  Raw data conversion rates vary depending on 

processor used but on average take 1 to 15 minutes for each large imaging file (~2,000 to 

60,000 scans, respectively) at a conversion rate of 300-400 mb/min.  For each tissue analyzed 

(e.g. cotton seed, Figure 4.4a), a two-dimensional imaging setup file detailing important search 

parameters including a targeted list of metabolites or ions, associated adducts, searching 

tolerances, and associated position info is used to process each tissue (Figure A.8). A master list 

of ions representing all targeted metabolites (with each specified adduct treated as an 

individual ion) (Figure A.10) extracted from several metabolite databases (e.g. Figure A.9) is 

used to search through each raw spectrum and output a set of m/z, absolute and relative 

intensity values associated with its physical set of coordinates.  A processing report generated 

with each ion search list (Figure A.10) determines if any conflicts exist between peaks where 

the m/z between ions is too close to be resolved at selected tolerances within the imaging 

setup file.  The results are output into selected tab-delimited files that can be imported for two-

dimensional image generation and/or used for additional analysis (Figure A.11).  The generation 

of a master searchable metabolite list (sorted by ascending m/z) enables fast data-extraction 
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(e.g. ~5 minutes to search for 100+ metabolites, each with 1 to 3 independent adducts, in a 

15,000+ scan imaging dataset). 

A major advantage of the Metabolite Imager application is different modes available for 

analyzing and visualizing metabolite distributions (Figure 4.4) that can be user-customized on 

the processing side before generating images. Each image generated has a user-editable set of 

common features with the UI (e.g. secondary metabolite gossypol, Figure 4.4b) including the 

coloring scheme, intensity scaling, and image labels.  Frequently-used image preferences can be 

saved and imported for producing images with the same style of formatting for evaluation and 

publication. Additional formatting options are provided for saving images and generating 

panels of images for publication.  

Other visualization formats include profiling a single ion (Figure 4.4c), single metabolite 

(Figure 4.4d), metabolite class (Figure 4.4e), and relative composition of metabolites within a 

class (Figure 4.4f).  Similar to other available MS imaging applications, images can be generated 

for a single ion (Figure 4.4c) such as m/z 812.557, the potassium adduct of phosphatidylcholine 

(PC)-35:0 with palmitic (16:0, P) and dihydrosterculic cyclic (19:0, Dsc) fatty acids. PC-35:0 is 

enriched in the embryonic axis of cotton embryos (Horn et al., 2012).  In many instances a 

metabolite will form ions with more than one adduct, for example PC-36:4 (18:2/18:2) is 

detected relatively uniformly in seed tissue when visualized as a summed hydrogen adduct [M + 

H]+ at m/z 782.569 plus potassium adduct [M + K]+ at m/z 820.526 (Figure 4.4d).  Metabolite 

Imager enables the (automated) analysis of these adducts summed or considered 

independently where appropriate (see Figure 4.2c for an additional example of multiple 

adducts for a single metabolite).  The generation of a searchable list of all individual species 
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within a metabolite class (e.g. all PC species) permits the generation of images that sum up all 

user-defined, related species and outputs as a single image (Figure 4.4e, Figure A.11). 

Visualization of the distribution of an entire metabolite class or related metabolites is important 

for understanding localization of major biochemical pathways.  For many applications, the 

relative abundance of a single metabolite (Figure 4.4f) to functionally or structurally related 

metabolites is just as important as its overall ion count (Figure 4.4d) when considered 

independently.  This is especially important when the overall ionization efficiency varies over a 

tissue section possibly due to unappreciated variances in matrix deposition or differences in 

tissue integrity.   Additionally, supplementary imaging filters can be used to restrict the analysis 

to particular locations that can be used in conjunction with a set of spatial analyses and 

localization algorithms.       

Through its automated processing algorithms, Metabolite Imager generates a set of 

relative molecular percentages for a user-defined set of metabolites to visualize relative or 

normalized distributions (e.g. selected species of the triacylglycerol (TAG) class, Figure 4.4f). 

Imaging the relative mol percent of individual triacylglycerol species revealed previously 

unreported heterogeneity of membrane and storage lipid distribution in tissues of cotton 

embryos) (Horn et al., 2012).  For example, Metabolite Imager-based visualization of four 

structurally-related metabolites showed different distribution patterns in mature cotton 

embryos tissues (Figure 4.4f) – TAG-50:2 is enriched in the embryonic axis but still present as 

lower relative TAG quantities within the cotyledons; TAG-52:4 is enriched in the peripheral 

cotyledons and overall more abundant than TAG-50:2 and other TAG species; TAG-54:6 is 

overall reduced throughout the seed but shows some enrichment in the cotyledons; TAG-53:3 
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containing a cyclic fatty acid is almost exclusively localized within the embryonic axis but at low 

levels relative to other TAG molecular species.  Metabolite Imager’s customized image 

generation and analysis enables users to address spatial distributions with different visual 

outputs that results in enhanced understanding of metabolite localization and biochemical 

pathways in tissues. 

4.3.4 Spatially-Based, Enrichment Analysis 

The majority of MS imaging analysis is through targeted metabolite searching where the 

m/z is known and can be directly searched for as in Figure 4.4.  In addition, algorithms designed 

within Metabolite Imager provide alternative searching mechanisms for defined selected, 

spatial regions of interest (ROI, Figure 4.5).  Currently to do this an imaging filter interface 

(Figure 4.5a) allows the user to draw on a selected image and define certain ROIs to be 

analyzed against.  For example using the cottonseed cross section defined in Figure 4.4a, a user 

can search for undefined metabolites enriched only in the embryonic axis (located in the center 

of the seed) or only in the surrounding cotyledonary regions that might be important for a 

particular biochemical pathway or evaluation of a metabolic engineering strategy.  The summed 

PC class ion count is distributed relatively uniformly throughout a cottonseed cross section and 

can be used to outline the entire seed (Figure 4.5b).  By outlining a ROI a separate file is 

generated using the position information of the selected tissue and a value of 1 and 0 for all 

points inside and outside the selected region, respectively (e.g. Figure A.12).  Metabolite Imager 

provides an option to visualize this file and other generated imaging filters as demonstrated in 

Figures 4.5c,e,f,and g.  A second imaging filter can be used to outline the embryonic axis region 
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(Figure 4.5e), in this case using the known embryonic axis-enriched metabolite (i.e. PC-35:0, 

Figure 4.5d) (Horn et al., 2012), independent of the whole seed imaging filter in Figure 4.5b,c. 

These imaging filters are saved as editable tab-delimited text files that can be inversed as in 

Figure 4.5f to generate a background imaging filter or combined (filter in Figure 4.5c minus 

Figure 4.5e) as in Figure 4.5g to generate a cotyledon-only imaging filter.  Ultimately these 

filters can be utilized to search for metabolites and list their probability of enriched localization. 

For example, several peaks were identified as embryonic axis-enriched ions including the cyclic-

containing TAGs and PCs (Horn et al., 2012).  Some coincident ions were not identified, such 

m/z 277.25 (Figure 4.5h), but location information could still be identified for this metabolite. 

Imaging filters for cotyledon-enriched ions found several peaks as well, with one at m/z 303.05 

(Figure 4.5i)  likely corresponding the [M + H]+ of quercetin, a prominent flavonoid produced in 

cottonseed (Whittern et al., 1984).  Identifying spatially restricted or enriched metabolites will 

be important for consideration when designing metabolic engineering strategies as well as 

investigating uncharacterized biochemical pathways in tissues. 

4.3.5 Co-localization of Metabolites 

The terpenoid and secondary metabolite gossypol is localized in discrete cellular regions 

corresponding to small pigmented glands (Figure 4.6a, b) in cottonseed (Adams et al., 1960; 

Horn et al., 2012).  Gossypol in cotton has been shown to be associated with insect and 

pathogen defense resistance (Hedin et al., 1992; Stipanovic et al., 1999), and has been more 

recently studied for its medicinal properties (Dodou, 2005).  Gossypol was identified in 

pigmented glands of cottonseed sections in negative ionization mode [M-H]- at m/z 517.186.  
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Using algorithms within Metabolite Imager other metabolites were queried that co-localized to 

the location and presumed production site of gossypol and might be part of the gossypol 

biosynthesis pathway (Mao et al., 2006; Wagner et al., 2012).   Two metabolites believed to be 

direct metabolic precursors of gossypol, hemigossypol (Figure 4.6c) and desoxyhemigossypol 

(Figure 4.6d), were found to be co-localized with gossypol within the pigmented glands.  Due to 

the labile structure of gossypol it was considered whether the hemigossypol could correspond 

to in-source fragmentation products of gossypol as is common with many other lipid species by 

MALDI-MS (Horn et al., 2012).  To address this experimentally, standard free gossypol was 

spotted on a MALDI plate, overlaid with 5 mg/ml DHB, and analyzed in negative ion mode 

(Figure A.13).  A significant quantity of gossypol fragmented into the predicted m/z for 

hemigossypol (Figure A.13a).  The fragmentation patterns of the free gossypol product and 

recently reported low levels of detected hemigossypol in mature cotton seed tissues (Wagner 

et al., 2012) means the in situ detected hemigossypol cannot be ruled out as a fragmentation 

product.  However, a further upstream metabolite, desoxyhemigossypol, was not detected 

following MS fragmentation of free gossypol (Figure A.13b) providing at least some evidence for 

its in situ co-localization with gossypol an observation that would not be possible in chemical 

extracts.  Nevertheless, Metabolite Imager provides algorithms to address these types of co-

localization questions from the processing standpoint and should support the identification of 

additional co-localized known and unknown metabolites in situ.   
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4.3.6 Other Metabolite Imager Features 

Several other Metabolite Imager features are provided for additional visualization 

analysis.  Templates and example MS imaging data are provided to guide various imaging 

applications.  A basic lipidomics interface is provided for quantification of shotgun lipidomics 

extracts and the foundation for eventual quantification of MS imaging data if this can be 

accomplished.  An algorithm is provided to count and report the frequency and total ion count 

of every peak either within the entire tissue or a selected ROI.  Imaging filters as described 

above can be used to extract numerical changes within a tissue for enhanced visualization 

(Horn et al., 2012).  A set of calculation and database management tools are provided for 

calculating the monoisotopic masses of a large number of chemical formulae.  Finally, several 

algorithms and UI’s are provided as beta tests for user-feedback to continually develop 

Metabolite Imager as a robust imaging application.  

4.3.7 Concluding Remarks 

The development of the freeware Metabolite Imager for MS imaging applications 

provides users with an additional platform for visualizing and analyzing metabolite 

distributions.  Several specialized imaging modes are provided to visualize and customize 

images of spatial maps for single ions, metabolites with multiple ions, entire metabolite classes 

and relative quantification of metabolites within defined classes.  Spatially-based searching 

algorithms enable the determination of ions in selected regions of interests and degree of co-

localization with other metabolites.  Additional supplementary tools provide users with 

methods for customized and comprehensive MS imaging management.  As an application, 
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Metabolite Imager supports the growing field of MS imaging and should help to address 

complex biological questions through its visualization framework.     

4.4 Methods 

4.4.1 Programming 

Metabolite Imager is a free collection of MS imaging and processing tools developed 

within the platform-independent (i.e. compatible with Windows, Apple, Linux) Java 

programming language using the freeware Netbeans v7.X IDE (integrated development 

environment) software.  The GUI (graphical user interface) builder within Netbeans was used to 

create components within the offline Metabolite Imager interface and assist with enabling 

user-interaction. Metabolite Imager’s design principles are based on an object-oriented 

approach.  The current Metabolite Imager version is modified and updated from older 

applications used for MS analysis (James et al., 2010; Horn et al., 2011b; Horn et al., 2012).  All 

benchmark tests were performed in Windows® 7 on a Dell Studio 1458 with an Intel® CoreTM i5 

processor.  Data was stored and processed using a Seagate FreeAgent® GoFlexTM 1 TB external 

hard drive.  The online interface (www.metaboliteimager.com) was designed in Dreamweaver 

CS5.5.  

4.4.2 Conversion of Raw Mass Spectrometry Imaging (MSI) Data 

Raw MSI data can be acquired, converted and exported in several format variations 

depending on the type of MS imaging instrumentation used (e.g. Thermo, Bruker, Waters, etc.) 

and their propriety storage algorithms.  Currently to visualize and analyze the metabolite 
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distributions within Metabolite Imager, raw spectral data must be converted and reformatted 

to individual text files representing each scan.  Files must be delimited (e.g. tab-delimited, 

comma-delimited format) with each line containing an m/z and absolute intensity values (e.g. 

Figure A.7).  Header information that is sometimes provided within the initial raw files is not 

currently retained within Metabolite Imager but this could be implemented with standard 

formats in future versions.  Metabolite Imager does not currently support the imzML data 

format (Schramm et al., 2012) but could be modified in future versions to process this and 

other desired storage formats. 

For data published here, MS imaging raw encoded files acquired on a Thermo MALDI-

LTQ XL mass spectrometer (*.raw extensions) were converted to raw text files (*.txt extensions) 

using conversion algorithms provided within the Thermo Xcalibur (v2.1.0) application.  The 

converted Thermo raw text files contain header information related to in addition to the raw 

data (intensity values at each m/z detected).  Further processing using the conversion tool 

generated the individual text files with two tab-delimited columns (m/z and absolute intensity) 

for each scan acquired.  Raw Metabolite Imager files lack position information but can be 

correlated to scan number (see below).  

4.4.3 Calculation of X and Y Coordinate Position 

One of the key steps for generating an image within Metabolite Imager  is an algorithm 

to calculate the X and Y coordinate positions given a scan number within a rectangular data 

acquisition setup (for example a 2000 µm by 2000 µm section with a raster step size of 50 µm). 

Additionally, a workaround algorithm for using non-rectangular acquisition methods or known 
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coordinate-scan relationships is provided (for example exportable from the MS instrument). 

For a rectangular data acquisition setup the raster pattern used by most imaging instruments 

initiates the data acquisition at the coordinate X=0, Y=0 that is by convention located in the top-

left of the tissue.  Generally, the Y-axis position is held constant (i.e. 0 µm) as X-axis position 

increases (0, 50, 100 µm, etc.) according to the selected step size (50 µm) until the end of the 

row is reached (2000 µm).  The Y-axis position is then incremented by one row (0 to 50 µm) 

then held constant as the X-axis position decreases (2000, 1950, 1900 µm, etc.).  After the X-

axis position returns to its initial coordinate (0 um), the Y-axis position is incremented again (50 

to 100 µm) with the pattern repeating until the last position is reached (X=2000 µm, Y = 2000 

µm).   

An algorithm within Metabolite Imager takes advantage of this pattern to convert a 

given scan number to a coordinate that will accurately represent its current position.  Before 

analyzing a 2D section each scan number is passed through and converted into a set of X- and Y-

coordinate arrays using several processing steps described below in brief.  A resettable counter 

(xTotalCounter, italicizes represent a programmed variable) that keeps track of the current X-

position relative to the total number of scans per X-axis (scansPerXAxis) within a row signals 

when to start a new Y-axis row and therefore initiate an X-axis direction change. The 

scansPerXAxis is determined by calculating number of total x-points (xPoints) within one row 

multiplied by the number of scansPerSpot (e.g. 200 xPoints * 3 scansPerSpot = 600 

scansPerXAxis).  Given the row number which is related to the number of times the 

xTotalCounter equals scansPerXAxis, the Y-position can be calculated by the yAxisDistance – 

yRows * yStepSize.  Considering both the current X-axis direction (increasing or decreasing) and 
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a spot counter that tracks the current scan number within a single spot (e.g. scan 1 of 3 total 

scansPerSpot), a set of nested if-else conditions switches between related functions that 

convert the scan number to its position.  For an increasing X-axis value, the primary X-

coordinate is calculated by xTotalCounter / scansPerSpot * xStepSize using the built-in Java floor 

rounding (e.g. 3.33 rounds to 3) and when necessary xTotalCounter minus one correction for 

greater than one scansPerSpot.  For a decreasing X-axis value, the primary X-coordinate is 

calculated by (scansPerXAxis – scansPerSpot – xTotalCounter) rounded to an integer then 

multiplied by the xStepSize.  A similar xTotalCounter plus one modification is necessary for 

acquisitions with greater than one scansPerSpot. 

4.4.4 Two-Dimensional MS Imaging Setup 

Once the raw MS data is extracted and reformatted for the Metabolite Imager 

application a two-dimensional imaging setup file can be created (compatible formats include 

both .xls and .xlsx files created with Microsoft Excel and. tab-delimited .txt files using an 

application such as Notepad) that will serve as the foundation for generating 2D images.  This 

file contains several adjustable parameters that are necessary for customized processing 

(Figure A.8).  Key parameters for 2D processing include establishing where to locate the 

Metabolite Imager-reformatted raw MS data (e.g. C:\desktop\directory of raw files\), what ions 

and/or metabolites are targeted (e.g. triacylglycerols from Arabidopsis thaliana seeds, see 

Database Management below for more details), if there are multiple adducts expected which 

ones to search for (e.g. H+, Na+), the tolerance desired for identifying a metabolite either 

through PPM or +/- m/z, position information (e.g. 5 PPM), physical position info (i.e. number of 
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scans, scans per spot, height and width of image, step size), and any imaging filters for spatial 

analysis (see below). 

4.4.5 Mass Spectrometry Imaging (MSI) 

MSI of cotton seed cryosections was performed as described in (Horn et al., 2012) with 

the following changes.  Mature cotton embryos (Gossypium hirsutum, cv Coker 312) were 

embedded in 10 % gelatin (Sigma) and frozen at -80°C for 24 hours.  Seeds were transferred and 

equilibrated to -20°C for 24 hours before cryosectioning using a Leica CM1950 cryostat.  Cross 

sections of 30-50 micron thickness were adhered to glass slides and lyophilized (Labconco, 

model 79480) overnight.  Sections were coated uniformly with either 20 mg/ml 2,5-

dihydroxybenzoic acid (DHB, Sigma analytical grade) in 70:30 (v/v) methanol : water or 8.5 

mg/ml 9-aminoacridine (9AA, Sigma analytical grade) in 60:40 (v/v) isopropanol : acetonitrile 

using a SunChrom SunCollect MALDI spotter (Verhaert et al., 2010) for analysis in positive and 

negative ionization modes, respectively. A LTQ Orbitrap-XL hybrid mass spectrometer equipped 

with a MALDI source (Thermo Fisher Scientific, Bremen, Germany) generated and collected raw 

mass spectra using the Orbitrap analyzer with Xcalibur (v.2.1.0) data acquisition software.  The 

tissue imaging application of LTQ Tune Plus (v2.5.5) was used to setup the image acquisition 

from the selected tissue area with a raster step size of 50 or 100 µm and laser energy at 12 µJ 

for DHB and 20 µJ for 9AA. The Orbitrap analyzer was used for MS data acquisition in positive 

ion mode for DHB and negative ion mode for 9AA with a typical m/z range of 100-1500 with 

automatic gain control (AGC) turned on and a nominal resolution of 60,000.  Images were 

generated using the Metabolite Imager software as described here. 
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4.4.6 Metabolite Databases 

A series of customizable database files are provided within Metabolite Imager since in 

most cases users will use some form of targeted metabolite searching with predefined 

databases.  A metabolite database record object possesses the physical characteristics used to 

define a unique metabolite (Table B.5). The parameters included in a metabolite record object 

are modeled after The LipidMAPS Initiative (Sud et al., 2007) and additional web-based 

resources (LipidomeDB (Zhou et al., 2011) and AraCyc (Mueller et al., 2003)).  These metabolite 

records are stored as comma-separated values (.csv) files as defined by their common 

metabolite class (e.g. FFA.csv for free fatty acids, Figure A.9).  A series of custom databases (e.g. 

Custom1.csv) are available for the user to define their own Excel databases irrespective of 

metabolite classification.  Downloaded databases from web-based resources can be easily 

reformatted for Metabolite Imager-based searching requiring only a metabolite name and 

chemical formula for most algorithms to work correctly. 
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4.6 Figures 

Figure 4.1 Offline Metabolite Imager v1.0 user interface 

(a) A set of menus and tabbed-based icons that enable common Metabolite Imager resources 
and functions for metabolite imaging. 

(b) A modifiable, side tabbed-based, panel that holds sub-interfaces for specialized input and 
interaction including a file directory, tools for 2D imaging and selection, and beta testing. 

(c) Directory list for opening and managing imaging projects. 
(d) A tabbed-based, main panel for imaging across multiple sections and advanced analytical 

algorithms. 
(e) Drop-down menu for selecting metabolite images quickly within a processed tissue section. 
(f) A tabbed-based panel for outputting messages to user and monitoring of selected tasks. 
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Figure 4.2 Overview of mass spectrometry imaging acquisition and analysis 

(a) Schematic representation of tissue imaging analysis.  A series of tissue spots (i.e. 1-36) are 
setup to be analyzed at a 100 µm step size.  A laser rasterizes across the sample generating 
a set of ions at each spot that can be directed into the mass spectrometer for chemical 
identification.  If multiple scans per spot are designated the laser will generate multiple 
rounds of ions penetrating deeper each round analysis within the co-crystallized 
matrix/sample. 

(b) Representative MALDI-MS full scan mass spectrum in example for spot 16, scan 1 of 2 (total 
scan number 35).  The H+, Na+, and K+ ions represent different adducts of a single lipid 
species, phosphatidylcholine (PC)-34:2. 

(c) Table of relevant ion counts for each adduct and m/z of PC-34:2 identified.  For metabolites 
with multiple adducts, all corresponding values are summed to a final total ion intensity (i.e. 
29.7 x 106) for subsequent analysis.       
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Figure 4.3 Flow chart for 2D imaging processing within Metabolite Imager 

The primary steps for generating a 2D image from MS imaging data (grey boxes) in Metabolite 
Imager include the extraction and reformatting of raw data, setting up a customized analysis 
file and processing the section. Items within dotted boxes represent physical parameters that 
must be established separately either through Metabolite Imager tools or within their native 
MS instrument.  Other boxes designate particular functions carried out as a part of the image 
generation and/or analysis process. 
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Figure 4.4 Imaging cottonseed lipids using Metabolite Imager 

(a) A brightfield photograph of a mature, cottonseed embryo (cv Coker 312, scale bar = 2 mm) and representative cross 
sectional image from center of the mature embryo (red dotted line, scale bar = 1000 µm). 

(b) A representative, generated image of the absolute abundance of the secondary metabolite gossypol ([M + H - H2O]+) from 
the cross section in part (a).  Several options in Metabolite Imager are provided for customizing the color scales, x and y 
axes, labeling of image, scale bar and legend. 

(c) Example of imaging a single ion PC-35:0 (PDsc) as [M + K]+ at m/z 812.557 that is enriched in the seed’s embryonic axis. 
Max greyscale color = 4x104 ions.  Scale bar = 1000 µm. 

(d) Example of imaging a single metabolite with multiple adducts PC-36:4 (LL) as both [M + H]+ at m/z 782.569 and [M + K]+ at 
m/z 820.526. Max greyscale color = 5x106 ions. 

(e) Example of imaging the total ion abundance of a metabolite class, PC, comprising of several related molecular PC species 
summed together. Max greyscale color = 1x107 ions. 

(f) Example of imaging the relative distributions of a set of metabolites in a related class, triacylglycerols (TAG).  Each set of 
images represents a single TAG molecular species normalized to total TAG content.  Each species is labeled with the class 
(e.g. TAG), total number of acyl carbons and double bonds (e.g. 50:2), and composition of acyl chains (e.g. PLP). Fatty acid 
abbreviations – P: Palmitate (16:0), L: Linoleate (18:2), Sc: Sterculate (19:1). 
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Figure 4.5 Spatially-based enrichment analysis using Metabolite Imager image filters 

(a) Interface for generating an image filter used for analyzing a selected spatial area.  The interface allows for 
different selection patterns, colors and thickness which can be saved as a coordinate representation of the 
tissue being analyzed.  

(b) Generation of an image filter that outlines the seed tissue area using the total PC ion count (max = 5x106 ions) 
for a cottonseed section (as seen in Figure 4.4, scale bar = 1000 µm).   Areas of high abundance of PC were 
outlined using the free-drawn polygon filter (denoted by arrow) to mark the outside of the seed. 

(c) Image representation of seed image filter generated in part (b) where values inside the seed filter are given a 
1 value and outside the filter a 0 value (max color = 1, Figure A.12).   

(d) Generation of an image filter that outlines and selects the embryonic axis using a cyclic-PC species (PC-35:0, 
PDsc) donated with the arrow. Fatty acid abbreviations: P = palmitate (16:0), Dsc = dihydrosterculate (19:0). 

(e) Image representation of the embryonic axis-only image filter generated in part (d) where values inside the 
embryonic axis are given a 1 value and outside the filter a 0 value (max color = 1). 

(f) Image representation of the background (i.e. non-tissue areas) or inverse of image filter generated in part (c) 
where values outside the seed are given a 1 value and inside the seed a 0 value (max color = 1). 

(g) Image representation of the cotyledons-only image filter generated using part (c) and (e) where values 
exclusively within the cotyledon are given a 1 value and outside the cotyledons a 0 value (max color = 1). 

(h) Representative m/z 277.25 extracted using the image filters in part (e) and part (g) and corresponding spatial 
analysis algorithm to identify metabolites highly enriched in the embryonic axis (max color = 5x104 ions). 

(i) Representative m/z 303.05 extracted using the image filters in part (e) and part (g) and corresponding spatial 
analysis algorithm to identify metabolites highly enriched in the cotyledons (max color = 5x104 ions). 
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Figure 4.6 Co-localization analysis of gossypol biosynthesis in cottonseed 

(a) Brightfield scan of cottonseed section.  Arrows denote representative glands that are the 
location of gossypol biosynthesis, a pigmented, secondary metabolite in cottonseed. Scale 
bar = 1000 µm. 

(b) Areas of high gossypol concentration (identified as [M - H]-, m/z 517.186) were outlined 
using the image filters described in Figure 4.5.  

(c) Identification of hemigossypol (identified as [M - H]-, m/z 259.097) in the glands of 
cottonseed and co-localized with its product gossypol.   

(d) Identification of desoxyhemigossypol (identified as [M - H]-, m/z 243.102) in the glands of 
cottonseed and co-localized with its direct product hemigossypol and further downstream 
product gossypol.  See Figure A.13 for additional analysis. 
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CHAPTER 5 

SUMMARY AND SIGNIFICANCE 

Characterization of the plant lipidome (i.e. all lipid species) requires advanced analytical 

tools to acquire and process complex datasets that represent a chemical snapshot of the 

subcellular, cellular, and/or tissue metabolism state.  Currently, mass spectrometry (MS)-based 

applications provide the most detailed chemical information while maintaining compatibility 

with a number of diverse sample preparation protocols.  Although prior to this study there 

were a number of MS-based methods available to characterize the plant lipidome (Horn and 

Chapman, 2012), there was still a need to advance the sensitivity limits for analyzing subcellular 

compartments and implementation of imaging-based methodologies for additional lipidomics 

characterization. This research set out to address these analytical limitations and develop new 

methodologies and processing tools to visualize the plant lipidome.   

The development of direct organelle mass spectrometry (DOMS), a high resolution MS 

profiling method, combines the visualization of individual lipid droplets (LDs), microphase 

extraction of lipid components from droplets, and the direct identification of lipid species by 

nanospray mass spectrometry, even to the level of a single LD (Horn and Chapman, 2011; Horn 

et al., 2011b).  Analysis of LD populations from several plant sources including seed (Gossypium 

hirsutum (domesticated cotton) and Arabidopsis thaliana), root (cotton) and leaf (Arabidopsis) 

tissues revealed LD heterogeneity between and within tissues that directly supports data from 

conventional extractions of whole tissues containing these organelles.  This type of analysis 

represents one of the first methodologies used to visualize and directly analyze purified 

subcellular compartments by a MS-based methodology.  LD preparations from each of these 
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tissues were deemed relatively pure at two levels, visualizing the morphology of isolated LDs 

fluorescently labeled by a neutral lipid-specific dye and the relative MS signal attributed directly 

to TAG molecular species.  However, due to the nature of the utilized protocols for purifying 

LDs it is still possible that there were organelle contaminants sampled alongside LDs as well as 

possible changes in LD composition induced during purification.  These concerns could be 

further addressed with a more stringent LD purification and comparing the sampling of purified 

LDs to LDs sampled directly in situ. 

DOMS of LDs isolated from mature cotton embryos demonstrated a surprising lipid 

droplet-to-droplet variability in triacylglycerol (TAG) composition that would have been 

concealed through conventional profiling methods (or even sampling of LD populations as a 

unit by DOMS).  LD heterogeneity suggests possible differences in LD biogenesis or at the very 

least differences in the production of neutral lipids within oilseed LDs.  After visualizing the TAG 

composition of cottonseed sections by MALDI-MSI in subsequent experiments, it is apparent 

the LD heterogeneity visualized by DOMS is a result of sampling LDs from different embryo 

regions that have altered relative distribution of TAG molecules.  Nonetheless, from an 

engineering and lipidomics perspective it is essential to define the mechanisms responsible for 

these LD and compositional differences within the embryo.  A genetics-based alteration of the 

acyl flux, high oleic Bnfad2 transgenic lines, show slightly reduced overall LD heterogeneity but 

still some differences in LD-to-LD TAG composition.   

Characterization of the neutral lipid contents in a single LD by nanospray MS represents 

a technical advancement in characterizing metabolites within an individual organelle at high 

sensitivity.  Analysis of individual LDs also permits the quantitation of total neutral lipid content 

131



within a LD that might have consequences for understanding the packing of neutral lipids and 

physical structure of an oilseed LD.  Support for sampling individual LDs could be improved 

through microfluidics-based approaches that increase throughput and potentially enhance 

sensitivity. To further address whether possible differences in LD formation and packing might 

play a role in the TAG heterogeneity, it would be helpful to analyze both the phospholipid 

(about 1 % of neutral lipid content in a LD) and protein composition on individual LDs which at 

this point still limited by sampling and sensitivity issues.  Additional applications directed 

toward the identification of lipid and protein compositions of other organelles could have a 

significant impact on our general understanding of metabolism and suggest new ideas about 

how cells coordinate the functions of their subcellular compartments.  To this end the DOMS 

methodology was applied to sampling chloroplasts isolated from spinach leaves demonstrating 

its utility through identification of several abundant polar lipid species including galactolipids as 

well as the carotenoid chlorophyll.   

Visualization of seed lipid droplet-to-droplet variation in TAG composition by DOMS 

suggested that heterogeneity of lipid distributions at the cellular level may be prevalent. 

Recent developments in MS-based imaging techniques provided an additional tool to evaluate 

heterogeneity in lipid compositions at a more detailed level and in a larger tissue context. 

Experiments using matrix-assisted laser desorption/ionization–MS imaging (MALDI-MSI) to 

visualize lipid species directly in seed tissues of upland cotton (Gossypium hirsutum) revealed a 

distinct, heterogeneous distribution of molecular species of TAGs and phosphatidylcholines 

(PCs), the major storage and membrane lipid classes in cotton embryos (Horn et al., 2012). 

Comparison of the relative lipid amounts imaged by MALDI-MSI and conventional direct-
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infusion-based shotgun lipidomics supports the overall distributions and images as generated 

by MALDI-MSI.  For wild type seeds, TAG and PC molecular species with multiple 18:2 acyl 

chains were enriched in the cotyledons whereas those with 16:0, 18:1 and cyclic fatty acid acyl 

chains were enriched in the embryonic axis.  These differences in lipid composition are likely a 

reflection of differences in either enzyme localization and/or activity throughout the seed 

tissues.  While there is some seed-to-seed heterogeneity variability overall these differences 

appear consistent within a sampled seed population.   

To address the role of enzymes implicated in TAG biosynthesis and fatty acid 

modification, a genetics-based screen using both MS imaging and expression-based analysis 

approach targeting each of these enzymes could help elucidate their role in tissue-specific 

heterogeneity.  To this end a pilot study imaging transgenic, high oleic cottonseed population 

that effectively knocks down fatty acid desaturase 2 activities, Bnfad2, showed altered TAG 

distributions between the embryonic axis and cotyledon tissues relative to the wild type 

background.  By dissecting out the embryonic axis from cotyledon tissue the relative expression 

levels of the FAD2 isoforms (four different isoforms characterized thus far in Gossypium 

hirsutum) that might contribute to this phenotype could help address at what level this 

heterogeneity is generated.  Since the cotton (AD, a tetraploid) genome is not fully sequenced 

(or well annotated) at this point, a genetics-based approach would be better suited for 

Arabidopsis thaliana where the mutants for most of these enzymes have been made publically 

availability and in most cases have been independently characterized.  Additional MS imaging 

experiments characterizing the full metabolome could help address how these TAG 

compositional changes affect overall tissue changes in particular the carbon balance between 
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competing pathways.  To complement the lipidomics work fluorescence and histological 

staining could support potential morphological and physiological changes (possibly) induced by 

these enzymes.   

Other lipids were also imaged in wild type seeds, including phosphatidylethanolamines, 

phosphatidic acids, sterols, and gossypol, indicating the broad range of metabolites and 

applications for this chemical visualization approach.  While there are limitations for imaging 

each of these lipid classes, detection of these molecules extends the imaging methodology 

beyond TAG biosynthesis in oilseeds to membrane lipid synthesis, lipid signaling, and secondary 

metabolism.  Extension of this methodology to signaling and less abundant metabolites in 

oilseeds and other plant tissues will enable this technique to be applied to more complex 

biochemical investigations.  A major drawback of current MS imaging methodologies is the 

limited quantitative information derived within these spatial maps due to differences in 

metabolite ionization and suppression across metabolite classes.  Advancements in matrix 

compatibility and/or matrix-free methods will likely enhance the practical metabolite range 

addressing both current ionization and suppression limitations.  Ultimately, visualization of the 

lipidome in seeds has revealed previously unseen differences in spatial distributions providing 

for a new level of understanding in tissue/cellular biochemistry.  To extend these experimental 

approaches to subcellular questions, improvements in the lateral resolution through 

modifications in the applied laser spot size and tissue mediums will also serve to further 

characterize these metabolite differences to solve more elaborate biochemical questions.        

The exponential growth of raw data generated through increasingly versatile mass 

spectrometers with applications such as DOMS and MALDI-MSI requires sophisticated 

134



algorithms to process and visualize the raw data to address biological questions. The structural 

and quantitative diversity of a single species’ lipidome under different experimental conditions 

itself forms a very large and complex dataset to analyze.  To address this problem a Java-based 

lipidomics application “Metabolite Imager” was developed that is capable of custom-designed 

analysis of large and complex direct-infusion-based shotgun lipidomics and MS imaging 

datasets.  The Metabolite Imager application includes an online and offline interface for 

customized user-interaction, tools for visualizing and quantifying targeted metabolites in 

several customized imaging modes including outlets for producing publication-quality images, 

and spatially-based enrichment and localization analysis to identify untargeted/targeted 

metabolites with selected distribution patterns.  Ultimately these tools are provided to enable a 

user to further examine their biological question in an imaging context that is not currently 

available with other software.  Improvements in Metabolite Imager’s processing speed, 

quantification tools, and visualization modes will further enable this application to visualize the 

plant lipidome.    

Collectively the development of these enabling technologies to visualize the chemical 

composition of the plant lipidome at the tissue, cellular and subcellular levels has led to a more 

comprehensive and detailed biochemical understanding of oilseed lipid metabolism.  Previously 

uncharacterized differences in subcellular and tissue heterogeneity were revealed through 

DOMS and MS imaging techniques that have elicited new questions about the localization, 

regulation and activities of enzymes implicated in lipid metabolism.  Complementary genetics-, 

biochemical, and metabolomics-based approaches will continue to help support DOMS and MS 

imaging experiments by targeting selected pathways for a more comprehensive analysis that is 
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necessary to elucidate both biochemical expression and function. Ultimately, the established 

foundation of MS-based visualization of the plant lipidome will enable future experiments 

addressing in situ lipidomics characterization of lipid droplets in oilseeds and the extension of 

these methodologies to applications investigating other metabolites in diverse organelles and 

tissues.    
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APPENDIX A 

SUPPLEMENTAL FIGURES



Figure A.1 Snapshots of representative video of DOMS. 

DOMS of approximately four lipid droplets purified from mature embryos of Coker312 
cottonseed–representative TAG profile in Figure 2.2a.  The video was acquired in real time with 
a Plan Fluor 40X objective lens.  The nanospray emitter opening is approximately 3 microns.  
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Figure A.2 Validation of direct organelle mass spectrometry with GC-FID total fatty acid analysis.  

Analysis of total fatty acid methyl esters (FAMEs) prepared from the seed LDs of Coker 312 
wildtype (black) and Bnfad2 transgenic lines (grey).  
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Figure A.3 Snapshots of representative sampling of a single lipid droplet. 

Snapshots from a video of direct organelle mass spectrometry of a single lipid droplet purified 
from mature embryos of Bnfad2 cottonseed.  Snapshot image and TAG profile shown in Figure 
2.5a. The video was acquired in real time with a Plan Fluor 40X objective lens.  The nanospray 
emitter opening is approximately 2 microns.    
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Figure A.4 Snapshots of DOMS video from Arabidopsis leaf LDs. 

Video of direct organelle mass spectrometry of a population of purified lipid droplets from 
wildtype Arabidopsis leaf tissue–TAG profile in Figure 2.8a. The video was acquired in real time 
with a Plan Fluor 40X objective lens.  The nanospray emitter opening is approximately 5 
microns. 
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Figure A.5 Example calculation for MS imaging schematic 
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Figure A.5 Cont. Example conversion of raw MS data to a set of MS images on an absolute and relative scale. 

(a) Imaging setup: MALDI-MS spectra are acquired at each x, y position within a 3 x 3 square for a total of 9 spectra (#1-9).  Each spectrum will have an absolute x, y 
position associated with it as the laser rasterizes across each individual position. For example, in spectrum #1 the x, y position is (0, 0) and for spectrum #6 the x, y 
position is (1, 2).  

(b) Data Acquisition: Within each spectrum the absolute intensity (in counts) of 3 compounds (Compound A, Compound B, and Compound C) is acquired (see column 
Absolute Intensity (Counts)).  For example, in spectra #5: Compound A’s intensity was 0 counts, Compound B’s intensity was 50 counts, and Compound C’s intensity 
was 75 counts.  

(c) Calculation of relative compound values: For each individual spectrum the relative units of each compound can be calculated as follows: 
1. Determine the absolute intensity units of selected compounds within a spectrum:  In spectrum #3 Compound A has 100 counts, Compound B has 50 counts,

and Compound C has 50 counts
2. Calculate the sum of the total counts for the selected spectrum:  In spectrum #3 the total counts are 200 counts (Compound A counts + Compound B counts

+ Compound C counts = 100 counts + 50 counts + 50 counts).
3. Divide a compound’s absolute units by the total units within that spectrum.  In spectrum #3 Compound A = 100 counts with the total counts for that

spectrum 200 counts.  Therefore Compound A is 50 mol % (100 counts / 200 counts * 100% = 50 mol %).  The counts can be converted to mol % since these
are relative amounts calculated within a spectrum and are not absolute quantities. For Compounds B and C a similar calculation can be made to get 25 and
25 mol %, respectively.  Therefore the maximum and minimum mol % a compound can be is 100 and 0%, respectively for a particular spectra.

(d) Convert absolute counts into pixel RGB values: To create a MS image representing the absolute distribution of a compound within the 3 x 3 area we need to convert 
the absolute intensity (in counts) into a Red-Green-Blue (RGB) value that can visually represent the absolute intensity. 

1. Determine the maximum absolute intensity for a compound.  For example, Compound A, B, and C’s maximum intensities are 1000, 1000, and 500 counts
respectively.

2. Greyscale colors are generated by setting the Red = Green = Blue value with an 8-bit color system (0-255) (e.g. white = (255, 255, 255) and black (0, 0,
0)).  The formula to convert an absolute intensity into a linear greyscale RGB value is: greyscale value = 255 – 255 * absolute intensity / maximum absolute
intensity.  The final greyscale value should be rounded to an integer before image generation. For example for spectrum #1, Compound A: the greyscale
value will equal 242 where the absolute intensity is 50 counts and the maximum intensity is 1000 counts (= 255 – 255 * 50 counts / 1000 counts).  This will
correspond to a very light grey RGB representation (Schwertner and Biale, 1973).

3. A similar image could be created (as done in the manuscript) by normalizing the counts for each compound relative to the total counts acquired for entire 
spectrum (i.e. including all other compounds identified and non-identified).

(e) Convert relative mol % values into pixel RGB values: To create an MS image representing the relative distribution of a compound within the 3 x 3 area we need to 
convert the relative intensity (in mol %) into a RGB value that can visually represent the relative units (in mol %). 

1. Find the maximum value within all spectra across all compounds.  While one could use a separate maximum mol % value for each compound this would not
normalize the images to each other. Therefore in this case we choose a value that is either the maximum for all compounds over the entire area
sampled.  For example in this case the maximum mol % value is 80 (found in spectrum #8 of Compound B).

2. Convert each relative value as shown in Part D step 2 above into a greyscale value (= 255 – 255 * relative units / maximum relative units).  In example, for
spectrum #1 for Compound A, the greyscale value is 96 where the relative units for this compound 50 mol % and the maximum mol % is 80 (= 255 – 255 * 50
units / 80 units).

(f) Imaging position setup: Now that we have greyscale values for each x, y position we can create a 3 x 3 image using these values.  Shown here is how each pixel of the 
box will correspond to the absolute x, y position. 

(g) Absolute intensity and relative intensity profiles can be generated using the greyscale values for each individual x, y position. These images were generated using
Microsoft Excel while images in the manuscript were generated using the LipidImager application using identical principles.
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Figure A.6 Fatty acid composition of total cottonseed lipid extracts. 

Fatty acid composition of total lipids extracted separately from mature (complete) cotton embryos in addition to 
hand-dissected embryonic axis and cotyledon tissues.   The base-catalyzed, fatty acids methyl esters were analyzed 
by gas chromatography-mass spectrometry.  The inset demonstrates the exclusive localization of cyclic fatty acids 
in the embryonic axis. Fatty acid abbreviations: myristic (14:0), palmitoleic (16:1), palmitic (16:0), linolenic (18:3), 
linoleic (18:2), oleic (18:1), stearic (18:0), arachidic (20:0), malvalic (18:1-Cyc), sterculic (19:1-Cyc), dihydrosterculic 
(19:0-Cyc).  Table of results from part (A) presented as mean and standard deviation (StDev) mol % of total seed 
fatty acids (n = 3 to 4 sample replicates with each replicate representing pooled lipid extracts of 5 to 10 embryos or 
hand-dissected tissues).  A student’s t-test (two-tailed, unpaired) confirms the embryonic axis and cotyledon tissue 
comprise of significantly different fatty acid compositions.   
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Figure A.7 Example tab-delimited, text file representing a single raw spectral scan converted 

using Metabolite Imager. 

145



Figure A.8 Example imaging setup file for Metabolite Imager 2D image processing. 
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Figure A.9 Example metabolite database file. 
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Figure A.10 Example ion search list. 

List of all ions to search for in a particular 2D imaging process with conflicts representing peaks 
that might not be resolved due to the selected searching tolerances. 
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Figure A.11 Example results output of phosphatidylcholine absolute intensity analysis. 
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Figure A.12 Example seed imaging filter file. 

Values (1 or 0) designating either the inclusion or exclusion of this spot from additional analysis. 
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Figure A.13 Analysis of standard, free gossypol for detection of in-source fragments.  

(a) MALDI-MS full scan, negative mode acquisition of gossypol standard.  Peaks with the 
selected red box are amplified in part (b) showing low amounts of hemigossypol likely produced 
through in-source fragmentation and the absence of desoxyhemigossypol. 
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APPENDIX B 

SUPPLEMENTAL TABLES 



Table B.1 Triacylglycerol (TAG) molecular species analyzed by MALDI-MSI 

Abbreviated Name Formula Adduct(s) Common Name1,2 
TAG-48:2 C51H94O6 Na+, K+ TAG-MPL-(14:0/16:0/18:2) 
TAG-48:1 C51H96O6 Na+, K+ TAG-MPO-(14:0/16:0/18:1) 
TAG-48:0 C51H98O6 Na+, K+ TAG-PPP-(16:0/16:0/16:0) 
TAG-50:4 C53H94O6 Na+, K+ TAG-MLL-(14:0/18:2/18:2) 
TAG-50:3 C53H96O6 Na+, K+ TAG-MLO-(14:0/18:2/18:1) 
TAG-50:2 C53H98O6 Na+, K+ TAG-PPL-(16:0/16:0/18:2) 
TAG-50:1 C53H100O6 Na+, K+ TAG-PPO-(16:0/16:0/18:1) 
TAG-52:5 C55H96O6 Na+, K+ TAG-PLLn-(16:0/18:2/18:3) 
TAG-52:4 C55H98O6 Na+, K+ TAG-PLL-(16:0/18:2/18:2) 
TAG-52:3 C55H100O6 Na+, K+ TAG-PLO-(16:0/18:2/18:1) 
TAG-52:2 C55H102O6 Na+, K+ TAG-POO-(16:0/18:1/18:1) > TAG-SLP-(18:0/18:2/16:0) 
TAG-54:7 C57H96O6 Na+, K+ TAG-LLLn-(18:2/18:2/18:3) 
TAG-54:6 C57H98O6 Na+, K+ TAG-LLL-(18:2/18:2/18:2) 
TAG-54:5 C57H100O6 Na+, K+ TAG-LLO-(18:2/18:2/18:1) 
TAG-54:4 C57H102O6 Na+, K+ TAG-LOO-(18:2/18:1/18:1) > TAG-SLL-(18:0/18:2/18:2) 
TAG-54:3 C57H104O6 Na+, K+ TAG-OOO-(18:1/18:1/18:1) > TAG-SLO-(18:0/18:2/18:1) 

TAG-54:2 C57H106O6 Na+, K+ 
TAG-SOO-(18:0/18:1/18:1) > TAG-ALP-(20:0/18:2/16:0) 
> TAG-SSL-(18:0/18:0/18:2) 

TAG-54:1 C57H108O6 Na+, K+ TAG-SSO-(18:0/18:0/18:1) 
TAG-56:4 C59H106O6 Na+, K+ TAG-ALL-(20:0/18:2/18:2)/GLO-(20:1/18:2/18:1) 
TAG-56:3 C59H108O6 Na+, K+ TAG-ALO-(20:0/18:2/18:1) 
TAG-56:2 C59H110O6 Na+, K+ TAG-AOO-(20:0/18:1/18:1) 
TAG-58:4 C61H110O6 Na+, K+ TAG-BLL-(22:0/18:2/18:2) 
TAG-53:3-Cyc C56H100O6 Na+, K+ TAG-LScP 
TAG-53:2-Cyc C56H102O6 Na+, K+ TAG-LDscP (OScP) 
TAG-53:1-Cyc C56H104O6 Na+, K+ TAG-ODScP 
TAG-55:5-Cyc C58H100O6 Na+, K+ TAG-LLSc 
TAG-55:4-Cyc C58H102O6 Na+, K+ TAG-LLDsc > OLSc 
TAG-55:3-Cyc C58H104O6 Na+, K+ TAG-LODsc > OOSc 
TAG-56:5-Cyc C59H102O6 Na+, K+ TAG-LScSc >> LnDscSc 
TAG-56:4-Cyc C59H104O6 Na+, K+ LDscSc > LnDscDsc 
TAG-56:3-Cyc C59H106O6 Na+, K+ LDscDsc 

1 Determined from ESI-MS/MS and literature 
2Fatty Acid Abbreviations:  M-14:0 Myristic; P-16:0 palmitic; Po-16:1 palmitoleic, Ln-18:3 
linolenic; L-18:2 linoleic; O-18:1 oleic acid; S-18:0 stearic; A-20:0 arachidic; B-22:0 behenic; Sc-
19:1 sterculic; Dsc-19:0 dihydrosterculic acid 
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Table B.1. Triacylglycerol (TAG) molecular species analyzed by MALDI-MSI 

Cross Section (Na+ Adducts) Longitudinal Section (Na+ Adducts) 

  

Abbreviated 
Name 

[M + Na]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
 (in ppm)3 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
 (in ppm)3 

TAG-48:2 825.695 825.696 0.003 1.0 825.693 0.004 1.6 

TAG-48:1 827.710 827.709 0.006 1.2 827.709 0.008 1.7 

TAG-48:0 829.726 829.730 0.004 5.2 829.726 0.005 0.2 

TAG-50:4 849.695 849.696 0.002 1.1 849.693 0.004 1.8 

TAG-50:3 851.710 851.712 0.002 2.1 851.710 0.003 0.4 

TAG-50:2 853.726 853.728 0.002 2.0 853.726 0.001 0.7 

TAG-50:1 855.742 855.739 0.003 3.5 855.738 0.003 4.7 

TAG-52:5 875.710 875.712 0.002 1.7 875.710 0.003 0.0 

TAG-52:4 877.726 877.728 0.002 2.3 877.725 0.001 0.8 

TAG-52:3 879.742 879.741 0.002 0.4 879.740 0.002 2.3 

TAG-52:2 881.757 881.755 0.003 2.4 881.754 0.003 4.1 

TAG-54:7 899.710 899.711 0.004 0.5 899.709 0.006 1.4 

TAG-54:6 901.726 901.727 0.002 1.4 901.724 0.001 1.9 

TAG-54:5 903.742 903.742 0.002 0.3 903.739 0.001 2.9 

TAG-54:4 905.757 905.756 0.002 1.2 905.754 0.002 3.7 

TAG-54:3 907.773 907.770 0.004 3.7 907.768 0.004 5.3 

TAG-54:2 909.789 909.783 0.005 6.1 909.783 0.006 6.1 

TAG-54:1 911.804 911.799 0.007 5.5 911.803 0.010 1.4 

TAG-56:4 933.789 933.785 0.004 4.4 933.785 0.007 4.0 

TAG-56:3 935.804 935.797 0.006 7.7 935.801 0.009 3.4 

TAG-56:2 937.820 937.818 0.006 2.2 937.817 0.010 3.0 

TAG-58:4 961.820 961.821 0.006 1.2 961.819 0.010 1.5 

TAG-53:3-Cyc 891.742 891.739 0.005 3.0 891.739 0.005 2.6 

TAG-53:2-Cyc 893.757 893.748 0.006 10.3 893.747 0.006 11.4 

TAG-53:1-Cyc 895.773 895.764 0.007 9.8 895.762 0.006 12.1 

TAG-55:5-Cyc 915.742 915.738 0.008 4.3 915.737 0.007 5.2 

TAG-55:4-Cyc 917.757 917.749 0.007 9.7 917.741 0.004 18.2 

TAG-55:3-Cyc 919.773 919.761 0.003 13.4 919.758 0.006 16.1 

TAG-56:5-Cyc 929.757 929.747 0.004 11.7 929.746 0.009 12.2 

TAG-56:4-Cyc 931.773 931.771 0.008 2.6 931.772 0.010 1.3 

TAG-56:3-Cyc 933.789 933.785 0.004 4.4 933.785 0.007 4.0 
3PPM = parts per million; ( |measured mean m/z - theoretical monoisotopic m/z | / theoretical 
monoisotopic m/z * 106) 
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Table B.1. Triacylglycerol (TAG) molecular species analyzed by MALDI-MSI 

Cross Section (K+ Adducts) Longitudinal Section (K+ Adducts) 

  

Abbreviated 
Name 

[M + K]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)3 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)3 

TAG-48:2 841.669 841.669 0.006 0.6 841.670 0.010 1.9 

TAG-48:1 843.684 843.679 0.011 6.0 843.681 0.014 4.3 

TAG-48:0 845.700 845.697 0.013 3.9 845.702 0.013 1.8 

TAG-50:4 865.669 865.666 0.007 2.8 865.677 0.012 9.4 

TAG-50:3 867.684 867.681 0.009 3.9 867.692 0.011 9.0 

TAG-50:2 869.700 869.695 0.006 6.0 869.695 0.005 5.8 

TAG-50:1 871.716 871.715 0.012 0.4 871.714 0.011 1.4 

TAG-52:5 891.684 891.676 0.007 9.5 891.699 0.009 16.3 

TAG-52:4 893.700 893.693 0.007 8.1 893.691 0.007 9.9 

TAG-52:3 895.716 895.715 0.013 0.7 895.711 0.011 4.8 

TAG-52:2 897.731 897.735 0.012 4.0 897.729 0.010 2.5 

TAG-54:7 915.684 915.677 0.009 7.6 915.702 0.004 19.3 

TAG-54:6 917.700 917.691 0.008 9.4 917.689 0.007 11.7 

TAG-54:5 919.716 919.713 0.012 2.6 919.707 0.009 9.1 

TAG-54:4 921.731 921.735 0.013 3.5 921.728 0.011 3.6 

TAG-54:3 923.747 923.752 0.011 5.0 923.746 0.010 1.6 

TAG-54:2 925.763 925.759 0.010 4.1 925.760 0.010 2.8 

TAG-54:1 927.778 927.773 0.011 5.4 927.778 0.011 0.8 

TAG-56:4 949.763 949.761 0.015 1.4 949.765 0.011 2.2 

TAG-56:3 951.778 951.774 0.013 4.6 951.780 0.012 1.9 

TAG-56:2 953.794 953.792 0.009 2.4 953.793 0.011 0.8 

TAG-58:4 977.794 977.792 0.011 2.0 977.791 0.012 2.7 

TAG-53:3-Cyc 907.716 907.709 0.006 6.9 907.707 0.006 10.1 

TAG-53:2-Cyc 909.731 909.726 0.008 5.4 909.725 0.004 7.3 

TAG-53:1-Cyc 911.747 911.738 0.007 9.4 911.735 0.004 13.6 

TAG-55:5-Cyc 931.716 931.709 0.007 7.0 931.705 0.006 11.1 

TAG-55:4-Cyc 933.731 933.725 0.007 6.5 933.725 0.004 7.0 

TAG-55:3-Cyc 935.747 935.739 0.008 8.2 935.738 0.004 10.0 

TAG-56:5-Cyc 945.731 945.723 0.010 8.8 945.730 0.011 1.9 

TAG-56:4-Cyc 947.747 947.754 0.011 7.5 947.749 0.012 1.8 

TAG-56:3-Cyc 949.763 949.761 0.015 1.4 949.765 0.011 2.2 
3PPM = parts per million; ( |measured mean m/z - theoretical monoisotopic m/z | / theoretical 
monoisotopic m/z * 106) 
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Table B.2 Phosphatidylcholine (PC) molecular species analyzed by MALDI-MSI 

Abbreviated Name Formula Adduct(s) Common Name1,2 

LysoPC-16:1 C24H48O7PN H+, Na+, K+ PC(16:1/0:0) 

LysoPC-16:0 C24H50O7PN H+, Na+, K+ PC(16:0/0:0) 

LysoPC-18:3 C26H48O7PN H+, Na+, K+ PC(18:3/0:0) 

LysoPC-18:2 C26H50O7PN H+, Na+, K+ PC(18:2/0:0) 

LysoPC-18:1 C26H52O7PN H+, Na+, K+ PC(18:1/0:0) 

LysoPC-18:0 C26H54O7PN H+, Na+, K+ PC(18:0/0:0) 

PC-32:2 C40H76O8PN H+, Na+, K+ PC(14:0/18:2) 

PC-32:1 C40H78O8PN H+, Na+, K+ PC(14:0/18:1) 

PC-32:0 C40H80O8PN H+, Na+, K+ Not Identified 

PC-34:3 C42H78O8PN H+, Na+, K+ PC(16:0/18:3) 

PC-34:2 C42H80O8PN H+, Na+, K+ PC(16:0/18:2) 

PC-34:1 C42H82O8PN H+, Na+, K+ PC(16:0/18:1) 

PC-35:1-Cyc C43H82O8PN H+, Na+, K+ PC-Cyc-PSc 

PC-35:0-Cyc C43H84O8PN H+, Na+, K+ PC-Cyc-PDSc 

PC-36:6 C44H76O8PN H+, Na+, K+ PC(18:3/18:3) 

PC-36:5 C44H78O8PN H+, Na+, K+ PC(18:3/18:2) 

PC-36:4 C44H80O8PN H+, Na+, K+ PC(18:2/18:2),PC(18:1/18:3) 

PC-36:3 C44H82O8PN H+, Na+, K+ PC(18:1/18:2),PC(18:0/18:3) 

PC-36:2 C44H84O8PN H+, Na+, K+ PC(18:0/18:2),PC(18:1/18:1) 

PC-36:1 C44H86O8PN H+, Na+, K+ PC(18:1/18:0) 

PC-37:3-Cyc C45H82O8PN H+, Na+, K+ PC-Cyc-LSc 

PC-37:2-Cyc C45H84O8PN H+, Na+, K+ PC-Cyc-LDsc,OSc 

PC-37:1-Cyc C45H86O8PN H+, Na+, K+ PC-Cyc-ODsc 

PC-38:4/PC-38:2-Cyc C46H84O8PN H+, Na+, K+ PC(20:1/18:3), PC(20:2/18:2), PC-Cyc-ScSc 

PC-38:3/PC-38:1-Cyc C46H86O8PN  H+, Na+, K+ PC(20:1/18:2), PC(20:0/18:3), PC-Cyc-ScDsc 

PC-38:2/PC-38:0-Cyc C46H88O8PN H+, Na+, K+ Not Identified ,PC-Cyc-DscDsc 

1 Determined from ESI-MS/MS and literature 
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Table B.2 Phosphatidylcholine (PC) molecular species analyzed by MALDI-MSI 

Cross Section (H+ Adducts) Longitudinal Section (H+ Adducts) 

  

Abbreviated Name 

[M + H]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  
m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)3 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)3 

LysoPC-16:1 494.325 494.324 0.002 1.5 494.323 0.009 3.0 
LysoPC-16:0 496.340 496.340 0.001 1.4 496.338 0.001 3.6 
LysoPC-18:3 518.325 518.322 0.001 5.4 518.321 0.005 6.7 
LysoPC-18:2 520.340 520.340 0.001 1.3 520.338 0.001 3.5 
LysoPC-18:1 522.356 522.356 0.001 0.3 522.355 0.001 2.6 
LysoPC-18:0 524.372 524.372 0.002 0.8 524.370 0.005 2.9 
PC-32:2 730.539 730.539 0.002 0.2 730.537 0.003 2.2 
PC-32:1 732.554 732.555 0.002 1.0 732.552 0.005 2.5 
PC-32:0 734.570 734.571 0.002 1.0 734.569 0.005 1.7 
PC-34:3 756.554 756.555 0.002 0.3 756.552 0.003 2.5 
PC-34:2 758.570 758.571 0.001 1.4 758.568 0.001 2.2 
PC-34:1 760.586 760.585 0.002 1.4 760.584 0.001 2.2 
PC-35:1-Cyc 772.586 772.586 0.001 0.9 772.585 0.004 1.3 
PC-35:0-Cyc 774.601 774.600 0.004 1.2 774.600 0.006 2.1 
PC-36:6 778.539 778.536 0.002 3.9 778.536 0.006 3.8 
PC-36:5 780.554 780.553 0.001 1.1 780.551 0.001 4.8 
PC-36:4 782.570 782.571 0.002 0.7 782.568 0.001 2.2 
PC-36:3 784.586 784.586 0.002 0.1 784.584 0.001 1.9 
PC-36:2 786.601 786.600 0.002 1.2 786.600 0.001 2.2 
PC-36:1 788.617 788.612 0.002 5.7 788.612 0.004 6.1 
PC-37:3-Cyc 796.586 796.582 0.002 4.8 796.584 0.005 2.1 
PC-37:2-Cyc 798.601 798.597 0.003 5.2 798.599 0.004 2.3 
PC-37:1-Cyc 800.617 800.614 0.004 4.2 800.615 0.005 2.4 
PC-38:4/PC-38:2-Cyc 810.601 810.596 0.004 6.3 810.596 0.005 6.7 
PC-38:3/PC-38:1-Cyc 812.617 812.617 0.005 0.3 812.617 0.007 0.1 
PC-38:2/PC-38:0-Cyc 814.633 814.632 0.002 0.3 814.631 0.005 2.1 

2Fatty Acid Abbreviations:  M-14:0 Myristic; P-16:0 palmitic; Po-16:1 palmitoleic, Ln-18:3 
linolenic; L-18:2 linoleic; O-18:1 oleic acid; S-18:0 stearic; A-20:0 arachidic; B-22:0 behenic; Sc-
19:1 sterculic; Dsc-19:0 dihydrosterculic acid 

3PPM = parts per million; ( |measured mean m/z - theoretical monoisotopic m/z | / theoretical 
monoisotopic m/z * 106) 
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Table B.2 Phosphatidylcholine (PC) molecular species analyzed by MALDI-MSI 

Cross Section (K+ Adducts) Longitudinal Section (K+ Adducts) 

  

Abbreviated Name 

[M + K]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  
m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)3 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)3 

LysoPC-16:1 532.281 532.280 0.004 1.0 532.279 0.008 3.4 
LysoPC-16:0 534.296 534.296 0.001 1.2 534.296 0.005 0.6 
LysoPC-18:3 556.281 556.272 0.006 15.1 556.280 0.008 0.9 
LysoPC-18:2 558.296 558.296 0.001 1.2 558.294 0.004 3.2 
LysoPC-18:1 560.312 560.312 0.002 0.2 560.310 0.007 3.9 
LysoPC-18:0 562.328 562.330 0.006 3.6 562.329 0.009 3.2 
PC-32:2 768.495 768.495 0.002 0.2 768.495 0.007 0.1 
PC-32:1 770.510 770.512 0.003 2.3 770.519 0.007 11.9 
PC-32:0 772.526 772.528 0.002 2.2 772.525 0.007 0.9 
PC-34:3 794.510 794.510 0.002 0.3 794.509 0.007 0.9 
PC-34:2 796.526 796.527 0.001 1.4 796.524 0.001 2.0 
PC-34:1 798.542 798.542 0.002 0.2 798.542 0.002 0.0 
PC-35:1-Cyc 810.542 810.544 0.003 2.5 810.540 0.007 2.3 
PC-35:0-Cyc 812.557 812.559 0.005 2.0 812.557 0.008 0.5 
PC-36:6 816.495 816.493 0.009 2.3 816.493 0.009 1.7 
PC-36:5 818.510 818.510 0.002 0.4 818.511 0.009 0.7 
PC-36:4 820.526 820.527 0.001 0.9 820.524 0.001 2.1 
PC-36:3 822.542 822.541 0.001 0.1 822.541 0.001 0.9 
PC-36:2 824.557 824.557 0.002 0.0 824.557 0.002 0.2 
PC-36:1 826.573 826.569 0.004 4.1 826.570 0.006 3.7 
PC-37:3-Cyc 834.542 834.542 0.003 0.5 834.540 0.007 1.5 
PC-37:2-Cyc 836.557 836.557 0.003 0.3 836.556 0.005 1.6 
PC-37:1-Cyc 838.573 838.574 0.005 1.3 838.572 0.007 1.5 
PC-38:4/PC-38:2-Cyc 848.557 848.555 0.008 2.4 848.552 0.007 6.4 
PC-38:3/PC-38:1-Cyc 850.573 850.573 0.004 0.1 850.576 0.007 3.3 
PC-38:2/PC-38:0-Cyc 852.588 852.589 0.003 0.2 852.586 0.009 3.3 

2Fatty Acid Abbreviations:  M-14:0 Myristic; P-16:0 palmitic; Po-16:1 palmitoleic, Ln-18:3 
linolenic; L-18:2 linoleic; O-18:1 oleic acid; S-18:0 stearic; A-20:0 arachidic; B-22:0 behenic; Sc-
19:1 sterculic; Dsc-19:0 dihydrosterculic acid 

3PPM = parts per million; ( |measured mean m/z - theoretical monoisotopic m/z | / theoretical 
monoisotopic m/z * 106) 
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Table B.2 Phosphatidylcholine (PC) molecular species analyzed by MALDI-MSI 

Cross Section (Na+ Adducts) Longitudinal Section (Na+ Adducts) 

  

Abbreviated Name 

[M + Na]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  
m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)3 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)3 

LysoPC-16:1 516.307 516.305 0.005 2.4 516.304 0.008 4.6 
LysoPC-16:0 518.322 518.322 0.001 0.7 518.321 0.005 3.4 
LysoPC-18:3 540.307 540.304 0.007 5.4 540.308 0.007 1.9 
LysoPC-18:2 542.322 542.321 0.001 1.5 542.320 0.004 3.8 
LysoPC-18:1 544.338 544.338 0.001 0.2 544.336 0.006 4.0 
LysoPC-18:0 546.354 546.353 0.003 0.3 546.353 0.009 0.1 
PC-32:2 752.521 752.519 0.002 1.5 752.517 0.003 4.9 
PC-32:1 754.536 754.536 0.003 0.7 754.533 0.005 4.2 
PC-32:0 756.552 756.555 0.002 3.5 756.552 0.003 0.6 
PC-34:3 778.536 778.536 0.002 0.8 778.535 0.006 2.0 
PC-34:2 780.552 780.553 0.001 2.0 780.551 0.001 1.7 
PC-34:1 782.568 782.571 0.002 3.8 782.568 0.001 0.8 
PC-35:1-Cyc 794.568 794.569 0.005 1.9 794.566 0.007 2.3 
PC-35:0-Cyc 796.583 796.582 0.002 1.8 796.584 0.005 0.4 
PC-36:6 800.521 800.524 0.008 4.5 800.528 0.007 9.4 
PC-36:5 802.536 802.537 0.004 0.3 802.536 0.008 0.2 
PC-36:4 804.552 804.553 0.001 1.1 804.550 0.001 2.0 
PC-36:3 806.568 806.567 0.003 0.9 806.566 0.001 2.0 
PC-36:2 808.583 808.582 0.003 2.0 808.581 0.002 2.3 
PC-36:1 810.599 810.596 0.004 3.4 810.595 0.005 4.2 
PC-37:3-Cyc 818.568 818.568 0.004 0.2 818.569 0.008 2.2 
PC-37:2-Cyc 820.583 820.580 0.011 4.0 820.583 0.006 0.5 
PC-37:1-Cyc 822.599 822.597 0.007 2.3 822.597 0.008 1.9 
PC-38:4/PC-38:2-Cyc 832.583 832.572 0.003 13.7 832.583 0.008 0.8 
PC-38:3/PC-38:1-Cyc 834.599 834.600 0.007 0.8 834.600 0.010 1.9 
PC-38:2/PC-38:0-Cyc 836.615 836.616 0.004 1.5 836.616 0.007 1.2 

2Fatty Acid Abbreviations:  M-14:0 Myristic; P-16:0 palmitic; Po-16:1 palmitoleic, Ln-18:3 
linolenic; L-18:2 linoleic; O-18:1 oleic acid; S-18:0 stearic; A-20:0 arachidic; B-22:0 behenic; Sc-
19:1 sterculic; Dsc-19:0 dihydrosterculic acid 

3PPM = parts per million; ( |measured mean m/z - theoretical monoisotopic m/z | / theoretical 
monoisotopic m/z * 106) 
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Table B.3 Phosphatidylethanolamine (PE) molecular species analyzed by MALDI-MSI 

Abbreviated Name Formula Adduct(s) Common Name1 

LysoPE-16:0 C21H44O7PN H+, K+, Na+ PE(16:0/0:0) 

LysoPE-18:3 C23H42O7PN H+, K+, Na+ PE(18:3/0:0) 

LysoPE-18:2 C23H44O7PN H+, K+, Na+ PE(18:2/0:0) 

LysoPE-18:1 C23H46O7PN H+, K+, Na+ PE(18:1/0:0) 

PE-34:2 C39H74O8PN H+, K+, Na+ PE(18:2/16:0) 

PE-34:1 C39H76O8PN H+, K+, Na+ PE(18:1/16:0) 

PE-36:5 C41H72O8PN H+, K+, Na+ PE(18:3/18:2) 

PE-36:4 C41H74O8PN H+, K+, Na+ PE(18:2/18:2) 

PE-36:3 C41H76O8PN H+, K+, Na+ PE(18:2/18:1) 

PE-36:2 C41H78O8PN H+, K+, Na+ PE(18:1/18:1, 18:2/18:0) 

PE-36:1 C41H80O8PN H+, K+, Na+ PE(18:1/18:0) 
1 Determined from ESI-MS/MS and literature 

Cross Section (H+ Adducts) Longitudinal Section (H+ Adducts) 

  

Abbreviated Name 

[M + H]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  
m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

LysoPE-16:0 454.293 454.297 0.006 7.3 454.292 0.009 3.4 
LysoPE-18:3 476.278 476.275 0.005 5.4 476.277 0.012 2.2 
LysoPE-18:2 478.293 478.293 0.002 1.0 478.292 0.008 2.3 
LysoPE-18:1 480.309 480.309 0.007 0.8 480.309 0.011 1.0 
PE-34:2 716.523 716.523 0.001 0.3 716.521 0.002 2.3 
PE-34:1 718.539 718.536 0.006 4.4 718.536 0.007 4.1 
PE-36:5 738.507 738.505 0.002 3.0 738.504 0.002 5.2 
PE-36:4 740.523 740.524 0.002 0.8 740.522 0.003 1.9 
PE-36:3 742.539 742.539 0.004 0.4 742.537 0.006 1.9 
PE-36:2 744.554 744.555 0.004 0.9 744.552 0.009 3.6 
PE-36:1 746.570 746.572 0.007 2.6 746.573 0.013 3.7 

2PPM = parts per million; ( |measured mean m/z - theoretical monoisotopic m/z | / theoretical 
monoisotopic m/z * 106) 
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Table B.3 Phosphatidylethanolamine (PE) molecular species analyzed by MALDI-MSI 

Cross Section (K+ Adducts) Longitudinal Section (K+ Adducts) 

  

Abbreviated Name 

[M + K]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  
m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

LysoPE-16:0 492.249 492.247 0.007 3.8 492.249 0.011 1.2 
LysoPE-18:3 514.234 514.226 0.009 14.9 514.229 0.012 9.5 
LysoPE-18:2 516.249 516.248 0.007 1.5 516.248 0.012 1.7 
LysoPE-18:1 518.265 518.270 0.012 10.4 518.263 0.012 3.9 
PE-34:2 754.479 754.480 0.001 1.3 754.477 0.002 1.9 
PE-34:1 756.495 756.493 0.008 1.9 756.493 0.008 1.8 
PE-36:5 776.463 776.462 0.002 1.5 776.460 0.004 4.7 
PE-36:4 778.479 778.480 0.001 1.7 778.477 0.003 1.9 
PE-36:3 780.495 780.500 0.004 6.7 780.493 0.005 1.5 
PE-36:2 782.510 782.518 0.007 10.2 782.511 0.011 1.2 
PE-36:1 784.526 784.532 0.005 7.6 784.524 0.011 2.2 

Cross Section (Na+ Adducts) Longitudinal Section (Na+ Adducts) 

  

Abbreviated Name 

[M + Na]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  
m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

LysoPE-16:0 476.275 476.275 0.005 1.2 476.274 0.011 2.2 
LysoPE-18:3 498.260 498.256 0.009 6.7 498.262 0.011 4.6 
LysoPE-18:2 500.275 500.275 0.004 1.5 500.275 0.013 1.5 
LysoPE-18:1 502.291 502.294 0.011 6.4 502.292 0.011 2.8 
PE-34:2 738.505 738.505 0.001 0.3 738.504 0.002 2.0 
PE-34:1 740.521 740.524 0.002 4.1 740.522 0.003 1.3 
PE-36:5 760.489 760.489 0.002 0.4 760.486 0.005 3.8 
PE-36:4 762.505 762.505 0.002 0.2 762.503 0.003 2.1 
PE-36:3 764.521 764.519 0.003 1.5 764.519 0.006 2.4 
PE-36:2 766.536 766.536 0.006 0.1 766.534 0.010 2.8 
PE-36:1 768.552 768.554 0.005 2.7 768.550 0.011 2.7 

2PPM = parts per million; ( |measured mean m/z - theoretical monoisotopic m/z | / theoretical 
monoisotopic m/z * 106) 
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Table B.4 Phosphatidic acid (PA) molecular species analyzed by MALDI-MSI 

Abbreviated Name Formula Adduct(s) Common Name1 

PA-34:3 C37H67O8P K+, Na+ PA(16:0/18:3) 

PA-34:2 C37H69O8P K+, Na+ PA(16:0/18:2) 

PA-34:1 C37H71O8P K+, Na+ PA(16:0/18:1) 

PA-36:5 C39H67O8P K+, Na+ PA(18:3/18:2) 

PA-36:4 C39H69O8P K+, Na+ PA(18:2/18:2) 

PA-36:3 C39H71O8P K+, Na+ PA(18:2/18:1) 

PA-36:2 C39H73O8P K+, Na+ PA(18:1/18:1,18:2/18:0) 

Cross Section (Na+ Adducts) Longitudinal Section (Na+ Adducts) 

  

Abbreviated Name 

[M + H]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  
m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

PA-34:3 693.447 693.447 0.005 0.5 693.448 0.010 0.6 
PA-34:2 695.463 695.463 0.002 0.6 695.461 0.002 2.1 
PA-34:1 697.478 697.479 0.004 0.9 697.477 0.008 1.5 
PA-36:5 717.447 717.446 0.003 2.1 717.445 0.006 3.6 
PA-36:4 719.463 719.463 0.002 0.1 719.461 0.003 2.3 
PA-36:3 721.478 721.479 0.001 0.6 721.477 0.002 2.2 
PA-36:2 723.494 723.495 0.002 0.8 723.493 0.003 1.8 

Cross Section (K+ Adducts) Longitudinal Section (K+ Adducts) 

  

Abbreviated Name 

[M + K]+ 
Theoretical 

monoisotopic 
m/z 

Measured 
mean  
m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

Measured 
mean  m/z 

Measured 
standard 
deviation 

m/z 

Mean error 
of measured 

vs. 
theoretical  

m/z 
(in ppm)2 

PA-34:3 709.421 709.421 0.003 0.4 709.422 0.011 0.7 
PA-34:2 711.437 711.437 0.002 0.9 711.435 0.002 2.0 
PA-34:1 713.452 713.455 0.003 4.1 713.451 0.008 2.2 
PA-36:5 733.421 733.420 0.002 1.3 733.418 0.006 3.7 
PA-36:4 735.437 735.437 0.001 1.0 735.435 0.003 2.1 
PA-36:3 737.452 737.453 0.001 1.0 737.451 0.001 1.9 
PA-36:2 739.468 739.470 0.002 2.9 739.468 0.003 0.5 

1 Determined from ESI-MS/MS and literature 

2PPM = parts per million; ( |measured mean m/z - theoretical monoisotopic m/z | / theoretical 
monoisotopic m/z * 106) 
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Table B.5 Parameters defining a single metabolite species in Metabolite Imager. 

Parameter Description Example 
Metabolite Class The metabolite class or user-customized class, Free Fatty Acids (FFA) 

Metabolite Imager 
identification (MIID) 

An identification number associated with the particular 
metabolite record. 

MIID00100016 

Neutral Formula The chemical formula of the metabolite. C16H32O2 

Monoisotopic Mass The monoisotopic mass of the metabolite. This mass 
contains the base level isotope of each element (e.g. 
carbon-12). 

256.240 g/mol 

Molar Mass The molecular mass (molecular weight) of a compound 
accounting for all natural abundances of elements (e.g. 
Carbon 12 at 98.90%, Carbon 13 at 1.10%). 

256.425 g/mol 

Abbreviated Name An abbreviated format of the metabolite. Example 
format for lipids, Lipid Class – # carbons : # double 
bonds – chemical modifications 

FFA-16:0 

Common Name A common name for the metabolite. Palmitic acid 

Systematic Name The systematic (IUPAC) naming convention of the 
metabolite. 

hexadecanoic acid 

LipidMAPS 
identification 
(LMID)/ Pubchem ID 

The LipidMAPS ID (http://www.lipidmaps.org/)  or 
Pubchem ID (http://pubchem.ncbi.nlm.nih.gov/) 
numbers can be hyper-linked to their web sites for 
additional information when available 

LMFA01010001 

Organisms The organisms associated with this metabolite record 
(if applicable). 

e.g. Cottonseed 

Databases The user-defined databases associated with this 
metabolite record. 

Cotton (Horn) 
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