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N-Acylphosphatidylethanoiamine (NAPE) is synthesized in the microsomes of cotton 

seedlings by a mechanism that is possibly unique to plants, the ATP-, Ca2+-, and CoA-

independent acylation of phosphatidylethanolamine (PE) with unesterified free fatty acids 

(FFAs), catalyzed by NAPE synthase. A photoreactive free fatty acid analogue, 12-[(4-

azidosalicyl)amino]dodecanoic acid (ASD), and its 125I-labeled derivative acted as 

substrates for the NAPE synthase enzyme. Palmitic acid afforded both protection from 

photoinactivation by ASD and competition with ASD as substrate. Enzyme activity was 

directly correlated with a 64 kDa polypeptide using a combination of native PAGE, two-

dimensional PAGE and photoaffinity labeling. NAPE synthase, purified to homogeneity 

by immobilized artificial membrane (IAM) HPLC chromatography, synthesized NAPE 

from free palmitic acid and PE. The isolated 64 kDa polypeptide was photoaffinity-

labeled with 125I-ASD. Two distinct IAM surfaces (containing different PE analogues) 

functioned as affinity ligands for the NAPE synthase enzyme, allowing its purification for 

biochemical characterizatioa Degenerate oligonucleotide primers, designed from amino 

acid sequences obtained from purified NAPE synthase, were used in RT-PCR experiments 

to amplify a putative NAPE synthase-derived 250 bp product with sequence homology to 



known amidases. Investigation of the biochemical properties of purified NAPE synthase 

revealed biphasic kinetics, demonstrating positive cooperativity with respect to the 

incorporation of various free fatty acids. Fractionation of /3-D-dodecylmaltoside-

solubilized microsomal proteins by gel filtration chromatography suggested two 

oligomeric forms responsible for this biphasic behavior. FFAs and PE were confirmed as 

the preferred substrates for the reaction. The time- and concentration-dependent 

inactivation of NAPE synthase activity by diisopropylfluorophosphate (DFP) and 

protection from DFP-inactivation and [14C]-DFP incorporation by palmitic acid indicated 

that FFAs are bound by a serine residue in the enzyme's active site. Collectively, these 

results support the hypothesis that cottonseed microsomal NAPE synthase selectively 

utilizes unesterified fatty acids for the iV-acylation of PE. 
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GENERAL INTRODUCTION AND LITERATURE REVIEW 

Phospholipids and membranes 

In all living organisms, cellular compartmentation is essential to life. Not only is the 

relationship between intracellular activities and the external environment regulated by a 

membrane barrier, but internal cellular processes also are performed within compartments 

that are membrane-bound [1,2]. Besides their role in compartmentation, the components 

of cell membranes contribute much more than structure. Indeed, many of the dynamic 

operations conducted in and around cell membranes depend on specific interactions 

between various membrane or membrane-associated constituents [2-5]. 

Biological membranes are composed primarily of proteins (and glycoproteins) and 

lipids. The lipid components of cell membranes include phospholipids (phosphoglycerides 

and sphingomyelin), glycolipids and neutral lipids [3, 5]. However, it is the inherent ability 

of phospholipids to spontaneously organize into a bilayer in aqueous solutions that 

provides the fundamental basis for cellular compartmentation [6-8]. The basis of this 

behavior is the amphophilic structure of the phospholipid molecule. All phospholipids are 

based on phosphatidylglycerol. The sn-\ and sn-2 positions of the glycerol backbone are 

typically esterified with fatty acids (usually a complex mixture in plants), forming the 

hydrophobic "tail" portion of the molecule, and each lipid class contains various 

combinations of fatty acyl groups, the proportion and positional distribution of which is 

carefully regulated and subject to control during synthesis and turnover. A hydrated 

1 
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group is typically esterified to the third carbon atom of the glycerol phosphodiester 

linkage, constituting a polar "head" group, which defines the phospholipid class. These 

molecules form bilayers because the orientation of the hydrophobic diacylglycerol portions 

to the interior of the membrane (away from an aqueous environment), with the hydrophilic 

head groups positioned externally, solvated by water, is thermodynamically favored [6, 

reviewed in 7]. 

As integral components of all biological membranes, phospholipids and their esterified 

acyl groups participate actively in many cellular processes including transmembrane and 

intracellular signaling [9-11]. Phospholipids also contribute to the dynamic state of 

membranes by modulating bilayer-nonbilayer transitions (membrane fusion and protein 

translocation), and by the formation of specific lipid domains, providing 

microenvironments that facilitate specialized membrane processes [12]. Moreover, many 

integral membrane enzymes are known to require these lipids for either full or modulated 

activation. 

Because lipid metabolism plays a critical regulatory role in numerous cellular activities 

through its effects upon the physical properties of membranes, it is undoubtedly highly 

regulated [3,5]. Lipid membranes not only form the structural compartmentation of the 

cell, but they also provide unique localized environments where many specialized 

processes occur. Furthermore, each lipid makes a unique contribution to the overall 

effectiveness of the membrane and minor alterations in lipid composition can impose 

serious physiological repercussions [7]. Therefore, it is important to characterize the 

enzymes involved in lipid biosynthesis and to determine the factors which regulate their 
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subcellular distribution and accumulation to more clearly understand the significance of 

their biological functions in cells. Towards this end, a thorough understanding of the 

metabolism of all membrane lipids and their regulation is required. 

Membrane lipid biosynthesis 

The biochemistry and cellular organization of fatty acid and glycerolipid synthesis in 

plant cells are unlike the animal paradigm [2, 3, 5]. The source of carbon for fatty acid 

synthesis in most eukaryotes is the tricarboxylic acid cycle, and the pathway for the de 

novo synthesis of saturated fatty acids (FAs) is essentially the same in all organisms, 

requiring acetyl CoA plus C02 from HC03" and energy derived from ATP as the universal 

substrate for acetyl CoA carboxylase to form malonyl CoA. This initiates the process and 

is the overall rate-limiting step. Following the transfer of the malonyl group from CoA to 

an acyl carrier protein (ACP), malonyl is further modified by the stepwise addition of two 

carbon units (derived from acetyl CoA) to form an acyl group of 16 or 18 carbons in 

reactions catalyzed by the fatty acid synthase (FAS) system. 

In plants, the synthesis of FAs and the initial desaturation of 18:0 to 18:1 by the 

unique, soluble stearoyl-ACP desaturase enzyme occur in the stroma of chloroplasts (or 

plastids; Fig. 1) [reviewed in 2 andl3]. The type II FAS system, found in both plants and 

bacteria, is composed of a set of distinct monofunctional polypeptides, including 3-

ketoacyl-ACP synthases, KAS HI, KASI and KASII. These enzymes mediate the series 

of condensation reactions, with malonyl-ACP and acyl-ACP (or acetyl-CoA) acceptors, 

required to form 16:0 and 18:0 FAs. They promote the formation of carbon-carbon bonds 

and the release of the C02 originally added to form malonyl CoA. The overall reaction is 
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driven forward by this decarboxylation, making it essentially irreversible. 

In contrast, FA biosynthesis occurs in animal cells and in yeast in the cytoplasm where 

type I FAS reactions are integrated within a single multifunctional polypeptide [3]. The 

human native FAS is a dimer of multifunctional proteins (Mr -272,000) arranged in 

antiparallel configuration, generating two active centers for FA synthesis [14]. In yeast, 

the FAS system is composed of two nonidentical multifunctional subunits, a and j3, which 

must form an aggregate (a6P6) for full FAS activity in vivo [15]. 

Common to all organisms, including plants and animals, however, is that from the 

initial step of the overall reaction until the 16 or 18 carbon product is ready for transfer to 

glycerolipids, the acyl substrate remains covalently bound to an ACP through a thioester 

linkage. The ACP activity in animal cells and in yeast is incorporated into the FAS 

complex, whereas in plants, at least two different isoforms of ACPs have been identified 

[16]. One acylated isoform is the preferred substrate for acyl-ACP:glycerol-l-phosphate 

acyltransferase and the other is the better substrate for acyl-ACP thioesterase. Both plant 

ACPs apparently give equal support to FA synthesis, but act separately to partition newly 

made FAs for either glycerolipid synthesis within the plastid or for their release to the 

cytoplasm for ultimate incorporation into glycerolipids in the outer membrane of the 

endoplasmic reticulum (ER) via the "eukaryotic" or Kennedy pathway. 

Termination of fatty acid chain elongation and lipid biosynthesis by two parallel 

pathways in plants 

The elongation of the FA chain in the plastid is terminated when the acyl group is 

removed from ACP. In plants, the transfer of completed acyl groups from ACPs to other 
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esterified carriers, and ultimately to phosphoglycerol to form phospholipids, is a tightly 

coupled process. In feet, newly formed fatty acids are maintained in esterified forms 

throughout phospholipid synthesis and free fatty acids typically are not present under 

normal circumstances. 

The primary products of chloroplast FA synthesis (16:0- and 18:1-ACP) are used by 

two distinct pathways for the biosynthesis of glycerolipids and the associated production 

of polyunsaturated FAs [17,18]. The "prokaryotic" pathway, located in the chloroplast 

inner envelope, is thus named because it reflects the fatty acid distribution pattern of 

glycerolipids of cyanobacteria. Glycerol-3-phosphate (G-3-P) is sequentially acylated by 

specific acyhransferase activities, which transfer 18:1 and 16:0 acyl groups from ACPs to 

the 5/1-1 and sn-2 positions, respectively [19]. These lipids are subsequently desaturated 

to highly unsaturated forms (e.g. w-6,9-dienoic and w-3,6,9-trienoic acids) by competing 

membrane-bound desaturases with distinct specificities. The phosphatidic acid thus 

formed and diacylglycerol (DAG) relocated from the ER are used to synthesize 

phosphatidylglycerol, DAG and the other major chloroplast lipids, monoga1ar.tnsy1Hiflp.y1-

glycerol, digalactosyldiacylglycerol and sulfoquinovosyldiacylglycerol. 

In the "eukaryotic" pathway, 16:0- and 18:l-acyl groups are hydrolyzed from ACPs, 

converted to Co A thioesters and exported to the cytoplasm. Once outside the plastid, the 

FAs are converted to fatty acyl-CoA esters through the activity of acyl-CoA synthetase. 

This fetty acid pool thus serves as a source of fatty acids for the production of 

phospholipids characteristic of extrachloroplast membranes, including phosphatidylcholine 

(PC), phosphatidylethanol-amine (PE), phosphatidylserine and phosphatidylinositol [5]. In 
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the extrachloroplastid membranes of plants, the main lipids are PC and PE, which 

comprise ~80% of total phospholipids. The final steps in the biosynthesis of PC and PE 

occur via the nucleotide pathway, catalyzed by cholinephosphotransferase and 

ethanolaminephosphotransferase, respectively. This is the major pathway leading to the 

synthesis of PC and PE in plants [2, 5]. 

Glycerolipids synthesized by the "eukaryotic" pathway specifically contain Qg acyl 

groups at the sn-2 position, while the sn-1 position is esterified with both C16 and C18 fatty 

acids [20], Desaturation is mediated as in chloroplast membranes, by specific ER 

desaturases. While the introduction of the first double bond into 18:0 is restricted to 

chloroplasts, further modifications of acyl groups, including hydroxylation, desaturation, 

and elongation of 18:1, occur in the ER and are generally performed while the acyl group 

is attached to a phospholipid molecule [5,13]. Some of these modified acyl groups are 

returned to the chloroplast via diacylglycerides to expand the pool of lipids incorporated 

into thilakoid membranes. Furthermore, in the cotyledons of oilseed plants, the eukaryotic 

pathway also provides DAGs for triacylglycerol synthesis. 

In higher plants, the pathways used to synthesize membrane lipids have been studied 

extensively, but in contrast to animals, the relative contributions of different pathways to 

the synthesis of phospholipids in vivo is far from being understood. Most of the enzymes 

involved in lipid synthetic pathways are integral membrane proteins. Consequently, 

characterization by traditional biochemical approaches has been limited by the 

hydrophobicity of substrates and the inherent difficulties associated with their 

solubilization and purification. The understanding of desaturase mechanisms and the 
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regulation of these enzymes has largely been derived from the characterization of 

Arabidopsis mutants, each deficient in a specific desaturase step. However, to date, few 

phospholipid biosynthetic mutants have been described in plants, and very few enzymes 

involved in synthetic pathways have been purified or their corresponding genes cloned 

[5,13, reviewed in 21]. 

Phospholipid retailoring 

Phospholipid metabolism is tightly regulated to create for each membrane a special 

assortment of lipids designed to provide a unique physical environment within that 

membrane [3, 5,23]. The lipid composition of a particular membrane remains unchanged 

while the cell's environment remains constant. However, many environmental 

perturbations upset the optimized physical properties of cell membranes, evoking 

compensatory or adaptive retailoring (shuffling or exchange of acyl and/or head groups). 

This inherent ability of an organism to modify its membrane lipids, thus restoring the 

membrane to a suitable functioning state is an unquestionable advantage. Environmental 

factors that affect the physical properties of membranes such as temperature, salt stress, 

water stress and light have all been shown to affect the phospholipid head group and acyl 

composition of plant membranes. 

Typically, environmental changes occur slowly, over a period of hours or days, but 

they also can happen quite rapidly. One example is when the membranes of dry seeds 

undergo abrupt physical changes during the imbibition of water in preparation for 

germination. This extreme stess can promote simple alterations in the fluidity of the 

existing membrane lipid bilayers causing the reorganization of membrane lipids into 
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nonbilayer structures [23]. Because the extent of this nonbilayer orientation is dependent 

upon the proportion of molecules prone to assume that conformation, compensatory 

modifications of those lipids would offer obvious advantages. 

N-acylation of PE 

Because of its unusual structural properties, an acylated derivative ofPE, N-

acylphosphatidylethanolamine (NAPE), was postulated to play a role in stabilizing 

membranes [24] when harsh conditions such as seed imbibition threaten the integrity of the 

bilayer. This unique phospholipid is formed by the JV-acylation through an amide linkage 

of the primary amino group of PE. Results from separate experiments designed to 

investigate the biosynthesis of cottonseed (Gossypium hirsutum L.) NAPE indicated that 

its synthesis was highest in cotyledons of cotton seedlings at 12-h-post-germination [25] 

and suggested that acyl moieties were incorporated into phospholipids by a pathway 

distinctly different from that of de novo phospholipid biosynthesis in plants [26]. In 

contrast to the general requirement that acyl groups be esterified to carrier molecules for 

their transfer, it appeared that free [l-14C]-palmitic acid was selectively incorporated into 

PE phospholipids of cottonseed microsomes to form [14C]-NAPE without the requirement 

of a CoA-enzyme, Ca2+, or ATP. It was further postulated that a novel phospholipid 

retailoring mechanism might be present in the intracellular membranes of cotton seedlings, 

perhaps to scavenge FFAs released from damaged membranes and/or to stabilize the 

bilayer. 

Physical properties of NAPE 

The physiological role of NAPE is unknown, although it is probably related at least in 
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part to its physical properties including its structure in membranes. In studies in which the 

N-acyl chain length of NAPE was varied, chain lengths greater than 8 carbons intercalated 

into the hydrophobic region of the lipid bilayer, parallel to the bilayer normal [27-29]. N-

acylation of PE results not only in the addition of a hydrophobic moiety, but also in the 

formation of an acidic phospholipid better stabilized by increased hydration of the 

phosphate group compared to that of PE [29, 32]. 

Biophysical studies of the thermotropic behavior of aqueous dispersions of synthetic 

NAPE in mixed lipid systems indicated that jV-acylated phospholipids could function to 

stabilize the membrane bilayer [27]. PE molecules alone have a tendency to form a 

nonlamellar or hexagonal (Hu) phase. Freeze-fracture electron microscopy and differential 

scanning calorimetry were used to demonstrate that iV-acylation turned a nonbilayer 

forming PE molecule into an acidic bilayer lipid capable of forming a 2:1 complex with 

Ca2+. Furthermore, JV-palmitoyl(dioleoyl)PE formed lamellar structures in the absence of 

Ca2+ [28, 30, 31]. Because TV-acylation of PE can change its phase behavior, these results 

suggested that it might have a bilayer-stabilizing effect in certain membrane domains. The 

fluidity of the membrane also could be affected by iV-acylation, since the incorporation of 

palmitic acid into dioleoyl-PE increased its gel-to liquid crystal transition temperature 

[27]. It is important to note, however, that these biophysical studies are in vitro. These 

lipids exist in nature as a part of the total membrane lipids present in the bilayer and in 

order to more accurately explain their role, interactions with other phospholipids and 

molecules within the membrane environment must be considered. 
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Natural occurrence of NAPE 

NAPE was originally detected in plants as a minor component of wheat flour [32]. It 

was subsequently reported in microorganisms [33] and as a natural constituent of the seed 

lipids of higher plants [34] which rapidly disappeared during early germination. However, 

confusion arose over the amount of NAPE that was reported in developing soybean seeds. 

Results from various radiolabeling experiments indicated that NAPE comprised up to 50-

70% of newly synthesized phospholipids in these tissues [35, 36]. This was questioned by 

Roughan et al. [37] and an investigation of the lipid extraction procedure used to generate 

the data revealed in fact, that the levels of NAPE previously reported had been obscured 

by the production of radiolabeled phosphatidylmethanol, an artifact generated by lipid 

extraction with methanolic solvents due to the transphosphatidylation activity of phospho-

lipase D. Although plant materials were subsequently treated with boiling isopropanol to 

destroy phospholipase D activity prior to chloroform/methanol extraction, for over a 

decade, many doubted the natural existence of NAPE in plants. Consequently, until 

recently little was known about the enzyme(s) involved in its synthesis. 

The combined results of both biophysical and biochemical studies demonstrated 

unequivocally that NAPE is a naturally occuring minor phospholipid in plants [38, 39]. 

First, by establishing that the chromatographic properties of radiolabeled NAPE were 

identical to those of commercially available synthetic NAPE [L-a-dipalmitoyl 

phosphatidyl(N-palmitoyl)ethanolamine], second, by examining the capacity of a variety of 

plants and plant parts to synthesize NAPE de novo utilizing [l,2-14C]-ethanolamine in 

pulse-labeling experiments, and third, by confirming the structure of purified cottonseed 
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microsomal NAPE by fast-atom-bombardment ionization followed by tandem mass 

spectrometry and 'H-NMR spectroscopy, NAPE was clearly established as a natural 

phospholipid component of plants. In all experiments lipids were extracted with 

chlorofbrm/2-propanol after incubation in boiling 2-propanol. These results indicated that 

NAPE comprised 7% (by weight) of total microsomal phospholipids. 

NAPE was initially reported in animals as a minor constituent of very few mammalian 

cells and tissues [24]. In feet, the accumulation of NAPE was only observed in the 

membranes of tissues stressed by pathological conditions involving degenerative 

membrane damage, including ischemic brain injury [40], myocardial infarction [41] and 

cancer [42]. These results also inferred a protective function for JV-acyl phospholipids. 

Under these circumstances, phospholipase activities increase, both Ca2+ and free fatty 

acids are rapidly released from damaged membranes, and the integrity of the bilayer is 

compromised [41-45]. 

Recently, NAPE has received more attention in animal systems because it likely serves 

as a precursor molecule for iV^arachidonoylethanolamine (20:4«-6 NAE, anandamide), an 

endogenous compound that binds to the cannabinoid receptor [reviewed in 46]. The 

release of anandamide from iV-arachidonoylPE was catalyzed by the activity of a specific 

PLD phosphodiesterase. Various physiological studies of anandamide have suggested a 

wide assortment of biological activities, including the inhibition of forskolin-mediated 

cAMP accumulation, iV-type Ca2+ channel activity, gap-junction conductance, reduced 

sperm fertilizing capacity, a potential role in embryo implantation and embryonic 

development, signaling to attenuate pain in inflammatory responses [53], and most 
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recently, the inhibition of human breast cancer cell proliferation [54]. The recognition of 

anandamide and perhaps other NAEs as new signaling molecules has increased the 

importance of understanding their biochemical regulation. This includes determining the 

biosynthetic pathway for NAPE. 

Physiological role(s) of NAPE in plants 

The physiological role of NAPE is far from established in any organism. The 

possibility that NAPE biosynthesis might function to stabilize membranes by scavenging 

FFAs released into the membranes of cotton seedlings was tested in an in vitro system 

[47]. Microsomes containing either [14C]-dipalmitoyl-PC or [14C]-acyl CoA were 

incubated for increasing time intervals. The results from these experiments indicated that 

FFAs from either molecule were released in a time dependent manner and incorporated 

into NAPE. 

New evidence also has suggested a possible signaling role for NAPE in plants. In 

tobacco (Nicotiana tabacum L.) cells, treatment with the fungal elicitor xylanase resulted 

in the 3-fold increase of NAPE levels [48]. Furthermore, it was recently reported that the 

elicitor response in these cells resulted in the release of iV-acylethanolaxnine (NAE) from 

NAPE, presumeably catalyzed by a phospholipase D activity, prior to the induction of 

NAPE biosynthesis [49]. 

NAPE-synthesizing enzymes 

Ca2+-dependent NAPE biosynthesis was demonstrated in microsomes of various animal 

tissues, including canine, feline and bovine myocardium and canine and murine brain, by a 

membrane-bound transacylase activity which catalyzed the transfer of acyl groups from 
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the sn-1 posistion of various 1,2-diacylglycerophospholipids and 1-acyl lysophospholipids 

to the amino group of PE and lysoPE [24]. Although acyl transfer occurred either 

intermolecularly, with PE, PC or cardiolipin acyl donors, or intramolecularly, neither FFAs 

nor acyl moieties from acyl CoA served as acyl donors. Further characterization of this 

transacylase activity has been limited by the inability to solubilize it from its membrane 

environment in an active form [46]. 

In contrast to the activity observed in animals, initial results from radiolabeling 

experiments in vivo with cotyledons of cotton seedlings and in vitro studies with 

cottonseed microsomes suggested that NAPE was synthesized enzymatically by the Ca2+-, 

ATP-, and CoA-independent acylation of PE with free fatty acids [26, 38]. This novel 

activity was designated "NAPE synthase". Additional experiments indicated that the FFA 

substrates for NAPE synthase were associated with microsomal membranes. An integral 

membrane location for the enzyme was consistent with the hypothesis that the enzyme 

might function to recover FFAs released from membrane lipids into the bilayer as a 

consequence of cell damage or specific phospholipase activity in cell signaling This 

unusual integral membrane acyltransferase activity was subsequently solubilized from 

cottonseed microsomal membranes in /3-D-dodecylmaltoside (DDM) [50]. More recently 

in feet, it was demonstrated that NAPE synthase activity was localized specifically in ER, 

golgi, and plasma membranes, indicating that NAPE synthase is an active resident of the 

secretory pathway [51]. 

Kinetic characterization of the NAPE synthase activity in cottonseed microsomes 

implied the presence of isozymes [26]. Plots of initial velocity measurements versus 
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increasing concentrations of [14C]-palmitic acid revealed triphasic (non-Michaelis-Menton) 

kinetics with positive cooperativity demonstrated at both "high" and "low" affinity sites. 

The triphasic nature was attributed to enzyme behavior and not to microsomal membrane 

solubilization by the free fatty acid since the critical micelle concentration for palmitate is 

near 1 mM [52]. 

DDM-solubilized cottonseed NAPE synthase activity was separated into three 

apparently distinct isoforms (pi 6.3, 7.2, and 8.4) by preparative isoelectric focusing (IEF) 

[50]. The kinetic properties of these "isozymes" were distinctly different with respect to 

their FFA and PE substrates, and the synthesis of NAPE by all three was dependent on 

exogenously added PE. Only one form exhibited obvious biphasic kinetics with respect to 

increased palmitic acid concentration and saturating levels of PE, but all three showed 

positive cooperativity (as previously reported in crude microsomal preparations). 

As few as two structural forms of the enzyme might be active in vivo. The isoform 

with pi 6.3 could represent one homodimer form, the one with pi 8.4 could represent 

another homodimeric structure, while the activity observed with pi 7.2 could represent 

heterodimer combinations of the other two, but no direct evidence for oligomers was 

provided. IEF-isolated NAPE synthase activities were not sufficiently purified to examine 

the biochemical properties of the enzyme(s) in detail. Preliminary analysis by SDS-PAGE 

[50]suggested that a 28 kDa polypeptide enriched in all fractions might be a component of 

cottonseed NAPE synthase. However, discrepencies in the calculated specific activities 

for the isozyme fractions correlated with the quantity of the 28 kDa band in gels and the 

presence of other bands in each fraction left this inconclusive. 
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Dissertation research objectives 

In an effort aimed at better understanding the physiological role of NAPE synthase in 

plants, the main objective of this research was to characterize biochemically the 

cottonseed microsomal NAPE synthase enzyme(s) by investigating the structural and 

catalytic properties of the purified enzyme(s). To address this, the specific objectives were 

(1) to identify specific polypeptides associated with NAPE synthase activity to determine 

the number of subunits involved in catalysis and their molecular weights, (2) to purify the 

NAPE synthase enzyme(s) to homogeneity and obtain amino acid sequences and cDNA 

sequences corresponding to NAPE synthase(s), (3) to determine the kinetic properties of 

the purified en2yme(s) and explore the nature of multiple structural forms, and (4) to 

investigate the enzyme's unusual activity by determining any amino acid residues essential 

for catalysis and derive a theoretical working model of the mechanism. The experimental 

approach addressed the working hypothesis that NAPE synthase(s), active in the 

microsomal membranes of newly developing cotton seedlings, catalyzes the biosynthesis of 

NAPE by a novel acyltransferase mechanism, the ATP-, Ca2+ and CoA-independent 

"direct" acylation of PE with unesterified (free) fatty acids. 
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CHAPTER 1 

GENERAL EXPERIMENTAL PROCEDURES 

Introduction 

A major consideration in developing an experimental approach for the purification and 

characterization of NAPE synthase was that it is an integral membrane protein [1], 

Characterization of most membrane enzymes has been limited by the difficulty of purifying 

integral membrane proteins and by the hydrophobicity of substrates. Because of their 

inherent hydrophobic nature, these proteins tend to form aggregates even in the presence 

of detergents using procedures generally applied to soluble proteins [2]. In contrast to 

water soluble proteins, protein-protein as well as protein-lipid interactions and the 

hydration of amino acid residues all must be considered in maintaining their stability [3]. 

Furthermore, since the hydrophobic effect cannot drive tertiary structure formation 

directly within the lipid bilayer, the laws that govern the formation and stability of active 

enzyme structures may be distinctly different for membrane proteins. 

In feet, the purification of integral membrane proteins has been called "masochistic 

enzymology" [4] due to the hundreds of labor-intensive person-years devoted to this 

problem which rarely result in a purified protein. Each membrane protein is unique in its 

physical characteristics, making conditions suitable for one enzyme unsuitable for others. 

Although many of the methods used to analyze and purify water-soluble proteins can also 

20 
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be applied to membrane proteins, including precipitation, electrophoresis, quantification 

and various chromatography applications, they often are difficult to apply and must be 

modified to satisfy the specific requirements of the protein under investigation. 

Previous investigation of cottonseed NAPE synthase focused on this activity in 

microsomes [1,12,13]. Although NAPE synthase activity also has been localized in golgi 

and plasma membranes [21], isolation of adequate quantities of active enzyme from these 

membrane sources proved problematic and impractical (McAndrew, unpublished 

observations). Therefore, I continued to investigate the cottonseed NAPE synthase 

isolated from microsomal membranes and designed new experimental strategies to further 

learn from previous work and provide the next level of understanding of this unusual 

acyltransferase. 

Before any specialized analyses can be considered, lipid-associated proteins must be 

extracted from the membrane in an amphiphilic detergent that appropriately maintains the 

enzyme's native structure [3,5, reviewed in 6]. The ability to isolate specific membrane 

fractions enriched in the target enzyme is a distinct advantage over soluble proteins. 

Yields are generally high with significant amounts of contaminating material removed. 

Therefore differential centrifugation was applied to crude cottonseed homogenates to 

isolate microsomal membranes enriched in NAPE synthase. Because the presence of 

DDM and PE can interfere with UV-absorbance and fluorescence readings, respectively, 

modifications were made to UV-absorbing (Coomassie G dye binding) and fluorescence-

emmitting (OPA reagent enhanced) protein quantification methods, and in some instances 

it was necessary to precipitate proteins associated with NAPE synthase activity prior to 
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further analyses. Other considerations relevant to measuring enzyme activity in membrane 

proteins, such as the elimination of misleading artifacts (e.g. phosphatidylmethanol) during 

lipid extraction [7], enzyme/substrate partioning in detergent micelles [8], specific lipid 

requirements for activity [9] and interpretaion of membrane enzyme kinetics [10-12] also 

were addressed. 

Chapter one describes general procedures that were developed specifically for isolating 

and solubilizing active cottonseed NAPE synthase from microsomal membranes. These 

protocols, as well as the modified methods for protein precipitation, quantification, 

concentration and the general methods for analyzing NAPE synthase activity are described 

herein and were applied in all subsequent chapters unless otherwise noted. Other 

procedures developed or adapted to satisfy the requirements of specialized objectives are 

specifically covered in the chapters that follow. 

Methodology 

Chemicals 

[l-14C]-Palmitic acid (57 mCi/mmol in ethanol) was from DuPont de Nemours 

Company, NEN Division (Wilmington, DE). Palmitic acid, dioleoyl-PE, dipalmitoyl 

phosphatidyl(Af-palmitoyl)ethanolamirie (NAPE), pepstatin A, leupeptin, deoxycholic acid 

(sodium salt), phenylmethyl sulfonyl fluoride (PMSF) were from Sigma Chemical 

Company (St. Louis, MO). n-Dodecyl-p-D-maltoside (DDM) was from Anatrace 

(Maumee, OH). O-Pthalaldehyde (OPA) reagent was from Pierce. Benzamidine 

hydrochloride, dithiothreitol (DTT, electrophoresis grade), bromophenol blue (free acid, 
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electrophoresis grade), sodium carbonate, Tris (hydroxymethyl)aminomethane (Tris, 

molecular biology grade), sodium dodecyl sulfate (SDS, electrophoresis grade), methanol 

(optima grade), chloroform (optima grade), hexane (optima grade), 2-propanol (optima 

grade), diethyl ether (anhydrous reagent grade), sucrose, trichloroacetic acid, and sodium 

phosphate (monobasic) were from Fisher Scientific (Fair Lawn, NJ). Potassium phosphate 

(dibasic) was from Mallinckrodt Specialty Chemicals Company (Paris, KY). Potassium 

phosphate (monobasic), potassium chloride, sodium phosphate (dibasic anhydrous), acetic 

acid (glacial), phosphoric acid (ortho GR, 85%), and hydrochloric acid (38%) were from 

EM Industries, Inc., EM Science division (Gibbstown, NJ). 

Plant material 

Cotton seeds {Gossypium hirsutum L., cv Stoneville 7 A glandless), a gift from Dr. 

R.B. Turley (USDA ARS, Cotton Physiology and Genetics Laboratory, Stoneville, MS), 

were surface-sterilized in 20% bleach (sodium hypochlorite) for 5 min, then rinsed well in 

deionized water. Seeds were imbibed in distilled water at 30° C for 4 h with aeration, 

rinsed in deionized water, placed on water-moistened Whatman No. 1 filter paper (two 

layers thick) and then rolled into paper scrolls. The scrolled seeds were placed vertically 

in a beaker containing sterile deionized water (~ 1 inch deep) for germination and growth 

in the dark at 30°C. Germinated seedlings were harvested after 20 h timed from the start 

of imbibition. 

Preparation of microsomes and DDM-solubilization of microsomal membranes 

A scaled-up version of the previously described protocol [1] was used to prepare 

microsomes. Routinely, cotyledons (50-60 g. fresh wt.) of 20 h-old seedlings were 
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harvested by removing the seed coats and radicals. They were homogenized by chopping 

with two stainless steel single-edge blades in a glass container (on ice) into buffer 

containing 1 vol/g. fr. wt. of 100 mM K-phosphate (pH 7.2), 10 mM KC1,1 mM EDTA, 1 

mM MgCl2,0.5 mM EGTA, 400 mM sucrose, plus protease inhibitors 1 mM PMSF, 1 

mM benzamidine, 1 JJM pepstatin A and 1 |aM leupeptin. Protease inhibitors were 

prepared as stable, concentrated stock solutions and were added fresh throughout the 

procedure to ensure enzyme stability. Following filtration of the homogenate through four 

layers of cheesecloth, microsomal membranes were isolated by differential centrifugation. 

All subsequent procedures were performed at 4°. Filtered homogenates were centrifuged 

at 10,000gfor 20 min (Sorvall model RC-5C Plus centrifuge, Dupont, Wilmington, DE). 

The supernatant was centrifuged at 150,000g for 1 h (Beckman model L5-75 

ultracentrifuge, Beckman Instruments Inc., Palo Alto, CA) to yield a microsomal pellet 

containing approximately 50 mg microsomal protein/50 g cotyledons. 

To prepare microsomes for DDM-solubilization, the pellet was resuspended in 400 

mM sucrose plus protease inhibitors (~ 25 mg total protein in 5 ml), diluted 10-fold with 1 

M NaCl, 100 niM K-phosphate (pH 7.2) plus protease inhibitors, vortexed and incubated 

on ice for 20 min to remove peripheral membrane proteins. The salt-washed membranes 

were recentrifuged as above (150,000g for 1 h). These pellets, containing integral 

membrane proteins, were resuspended in 20 mM Na-phosphate (pH 8.0), 20% (v/v) 

glycerol, 0.2 mM DDM and protease inhibitors (~ 14 mg total protein in 5 ml), then 

diluted to a final concentration of 2.5:1 (w/w) DDMiprotein, vortexed, sonicated and 

stored frozen at -20° C in 50 ml aliquots (~ 2.5 mg total protein). Buffer (20 mM Na-
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phosphate, pH 8.0) was omitted from samples prepared for IEF. DDM-containing 

samples were thawed as needed and insoluble material removed by centrifugation at 150, 

OOOg for 1 h. The supernatant containing detergent-extracted microsomal protein (0.8-1.0 

mg protein/50 ml) was used for subsequent experimental procedures. NAPE synthase 

activity and protein content were measured in all resulting pellets and supernatants as 

described below. 

Assay for NAPE synthase activity 

NAPE synthase activity was measured by following the incorporation of radiolabeled 

palmitic acid into radiolabeled NAPE according to [12]. Reaction mixtures contained 20 

mM Na-phosphate (pH 8.0), 0.2 mM DDM, 0.25 |iCi [l-14C]palmitic acid (50 |iM, 10 

mCi/mmol) in a final volume of 500 (xl. Exogenous DOPE (50 pM) was added to all 

DDM-solubilized enzyme preparations. Assays were conducted for 10-60 min at 45°C 

with shaking (120 rpm). Reactions were stopped by adding 2 ml boiling 2-propanol, 

vortexed, and the mixtures were held at 70°C for 30 min to inactivate endogenous 

phospholipases. 

Lipid extraction 

Lipids were extracted as described previously [13]. Since isopropanol does not serve 

as a substrate for phospholipase D, 2-propanol was routinely substituted for methanol in 

all lipid extractions [14]. Following incubation, the alcohol/water mixture was cooled on 

ice for 1 min before adding chloroform (1 ml) and lipids were extracted for 30 min or 

overnight at 4°C. The lipids were partitioned into the lower organic phase by the addition 

of 1 ml chloroform and 2 ml 1M KC1. Centrifugation at 2000 rpm for 5 min (Beckman 
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TJ-6 centrifuge) facilitated phase separation. The aqueous phase was aspirated by a glass 

pipette and the chloroform phase was washed two more times with 2 ml 1M KC1. The 

resulting organic phase was transferred to a 3 ml scintillation vial and evaporated to 

dryness under a gentle stream of N2 gas. The lipids were resuspended in 

chloroform:methanol (2:1, v/v) and immediately analyzed by TLC. 

Thin layer chromatography 

Lipids were separated by one-dimensional TLC as previously described [15]. Briefly, 

lipid samples (5Q (il) were applied to 10 X 20 silica gel G plates (Whatman) which were 

developed first in hexanerdiethylether (80:20, v/v, 45 min) to separate nonpolar lipids. 

Individual phospholipids were separated by the subsequent devlopment of these plates 

(after drying for 10 min) in the same direction in chloroform:methanol:water (80:35:1, 

v/v/v, 60 min). 

Lipids were visualized by exposing the TLC plates to iodine vapor (1 min). Radiolabeled 

NAPE was quantified as a percentage of total radioactive lipid (14C-NAPE and 14C-

palmitic acid generally were the only radiolabeled lipids detected in reaction mixtures) by 

radiometric scanning (Bioscan system 200 Imaging Scanner, Bioscan, Washington, D.C.) 

of TLC plates. 

Estimation of protein content 

Protein concentration was estimated by a modification [16] of the Coomassie Blue G 

dye-binding method of Bradford [17] using bovine serum albumin as the protein standard. 

Briefly, protein-containing solutions (50 |il) were transferred to glass tubes containing 50 

jal 1 N NaOH. Following the addition of 1 ml of standard Bradford solution, samples 



27 

were vortexed and incubated at room temperature for 10 min prior to determining the 

absorbance at 595 nm in a Milton Roy spectrophotometer (Genesys 5) against an 

appropriate blank. 

Alternatively, protein concentration was estimated in dilute protein solutions 

fluorometrically using OPA (Fluoraldehyde™ Protein/Peptide Assay Reagent from Pierce) 

and BSA as a protein standard according to manufacturer's instructions. 

Protein precipitation 

Proteins in dilute HPLC column fractions or in dilute gel filtration column fractions 

were concentrated prior to protein quantification or electrophoresis by a modified TCA 

precipitation method [18]. To enhance the quantitative recovery of membrane proteins at 

low levels (1-20 p.g), sodium deoxycholate (0.4 mM, 166 \i%! ml) was added to 1 ml 

samples. Proteins were precipitated in 8% TCA for 1 h on ice. After vortexing, samples 

were centrifuged at 13,600# for 15 min at 4°C in a Fisher 235C microcentrifuge. Protein 

pellets were washed in 1 ml of cold (-20°C) 80% acetone to remove entrapped TCA [19] 

and dissolve any residual detergent. Following recentrifugation, protein pellets were 

resuspended either in 800 fj.1 of water for protein estimation by the fluorometric OPA 

method or in 30 ^1 of SDS-treatment buffer containing 3% SDS (w/v), 7.5% glycerol 

(w/v), 37.5 mM Tris (pH 7) and 0.0025% bromophenol blue (w/v) for electrophoresis. 

The protein-containing electrophoresis solutions were transferred to glass tubes containing 

10 nl of 10 mM DTT and the samples were incubated at 45°C for 30 min [20]. 

Protein concentration by ultrafiltration 

Samples containing DDM-solubilized microsomal proteins (~ 1-2.5 mg protein in 50 
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ml) were concentrated by ultrafiltration using Centriprep-30 devices (Amicon, Beverly, 

MA, USA) according to the manufacturer's instructions. Typically, 100 ml of detergent-

extracted protein solution was reduced to ~ 6 ml (1.5-2 mg protein) for HPLC 

fractionation by the repeated ultrafiltration of 15 ml aliquots (l,338g for 30 min, room 

temperature) in a swinging bucket rotor (Beckman TJ-6 centrifuge) until the desired 

volume was achieved. 
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CHAPTER 2 

PHOTOAFFINITY LABELING OF COTTONSEED MICROSOMAL 

Af-ACYLPHOSPHATIDYLETHANOLAMINE SYNTHASE WITH A SUBSTRATE 

ANALOGUE, 12-[(4-AZIDOSALICYL)AMINO]DODECANOIC ACID 

(Published in Biochimica et Biophysica Acta 1256,1995, pp. 310-318) 

Abstract 

7V-acylphosphatidylethanolamine (NAPE), a unusual acylated derivative of 

phosphatidylethanolamine (PE), is synthesized from free fatty acids and PE in cotton 

seedlings [Chapman and Moore (1993) Plant Physiol 102(3), 761-769]. Here we use a 

photoreactive dodecanoic acid analogue, [12-(4-azidosalicyl)aniino]dodecanoic acid 

(ASD), and its 125I-labeled derivative to identify a protein subunit which corresponds to 

this cottonseed NAPE synthase activity. Dodecylmaltoside (DDM)-solubilized 

microsomal NAPE synthase enzyme was irreversibly and progessively inactivated by 

adding increasing concentrations of ASD and illuminating with UV254 light. Protection 

from this photoinactivation was afforded by the natural substrate, palmitic acid. In low 

light, microsomal NAPE synthase utilized ASD as a substrate to synthesize NAPE; 

palmitic acid competed for this activity. NAPE synthase activity was measured directly in 

Abbreviations: NAPE, JV-acylphosphatidylethanolamine; PE, phosphatidylethanolamine; 
FFA, free fatty acid; DDM, /3-D-dodecylmaltoside; DOPE, dioleoylPE; ASD, [12(4-
azidosalicyl)amino]dodecanoic acid; IEF, isoelectric focusing. 
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gel slices following nondenaturing PAGE of DDM-solubilized microsomal membrane 

proteins. Two-dimensional electrophoresis (nondenaturing PAGE, followed by SDS-

PAGE) of photoaffinity-labeled, DDM-solubilized microsomal proteins revealed a 64 kDa 

polypeptide that was associated with the active NAPE synthase enzyme. Also, a 64 kDa 

protein was photoaffinity labeled in all NAPE synthase isozyme fractions isolated by 

preparative isoelectric focusing; photoaffinity labeling of this 64 kDa polypeptide was 

diminished in the presence of exogenously supplied palmitic acid. Collectively, our results 

demonstrate that ASD specifically interacts with NAPE synthase in a manner analagous to 

its fatty acid substrate and indicate that a 64 kDa polypeptide is a component of 

cottonseed microsomal NAPE synthase. ASD will be a useful molecular probe in future 

studies aimed at understanding the physiological role of this NAPE synthase enzyme in 

membranes of plant cells. 

Introduction 

Because of its unusual structural properties, N-acylphosphatidylethanolamine (NAPE) 

has been postulated to play a role in stabilizing membranes [1]. A protective function was 

originally inferred from animal studies wherein substantial amounts of NAPE, an acylated 

derivative of PE, accumulated in response to ischemic injuries [2-5]. Under these 

circumstances, phospholipase activity is increased and both Ca2+ and free fatty acids are 

rapidly released from damaged membranes, thereby compromising the integrity of the 

bilayer [6-9]. A Ca2+-dependent iV-acyltransferase was implicated in the synthesis of 

NAPE in response to intracellular damage in degenerating tissues [10]. However, attempts 

to characterize the enzyme(s) were limited by the inability to solubilize and isolate the N-
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acyltransferase system from its membrane environment [8]. Biophysical studies of the 

thermotropic behavior of aqueous dispersions of synthetic NAPE in mixed lipid systems 

also indicated that JV-acylated phospholipids could function to stabilize the membrane 

bilayer [11], supporting a protective role for newly-synthesized NAPE. 

In contrast to the situation with animals, NAPE was synthesized in vivo in plants under 

normal growth conditions [12]. This phospholipid was synthesized in the cotyledons of 

cotton seedlings presumably by a direct acylation of the ethanolamine headgroup of PE 

with free fatty acids [12,13; Fig. 1 A]. This activity was not found in animals [1] and is 

possibly unique to plant systems. Recently, it was demonstrated that cottonseed 

microsomal NAPE synthase activity could be solubilized from cottonseed microsomal 

membranes in DDM and separated into three charge isoforms by preparative IEF [14]. 

Preliminary analysis by SDS-PAGE suggested that a 28 kDa polypeptide enriched in all 

fractions might be a component of cottonseed NAPE synthase, but the presence of other 

bands in each fraction left this inconclusive. 

Azido-derivatives of enzyme substrates have been shown to be effective photoprobes 

for studying a number of membrane-bound proteins involved in lipid metabolism, such as 

PC-transfer proteins [15,16], the aminophospholipid transporter [17], and more recently 

acylCoA-utilizing enzymes [18] and PE and LPE-utilizing enzymes from oilseeds [19]. 

Here we evaluate the suitabililty of a photoreactive dodecanoic acid analogue, 12-[(4-

azidosalicyl)amino]dodecanoic acid (ASD), and its 125I-labeled derivative to act as a 

substrate for cottonseed microsomal NAPE synthase (Fig. 1). Furthermore, we use this 

photoaffinity substrate to specifically label polypeptides associated with NAPE synthase 
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Figure 1. Comparison of the FFA substrate in the NAPE synthase reaction to the ASD 

(FFA substrate analogue) molecule. A. The postulated reaction of NAPE synthase in 

cottonseed microsomes. B. The [125I]-ASD molecule used to photolabel NAPE synthase. 

[Adapted from Rajasekharan, R., Marians, R.C., Shockey, J.M. and Kemp, J.D. (1993) 

Biochemistry 32,12386-12391.] 
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activity in non-denaturing PAGE separations and preparative IEF (isozyme) fractions of 

DDM-solubilized cottonseed microsomes. Collectively, our results directly correlate 

NAPE synthase activity with a 64 kDa polypeptide in polyacrylamide gels and illustrate 

the usefulness of 125I-ASD as a photoaffinity substrate analogue for the identification of 

NAPE synthase in biochemical studies of this enzyme. 

Materials and Methods 

Chemicals 

12-[(4-azidosalicyl)amino]dodecanoic acid (ASD) was a gift from Dr. Ram 

Rajasekharan, New Mexico State University. [l-14C]Palmitic acid (57 mCi/mmol in 

ethanol) was from DuPont de Nemours Company, NEN Division (Wilmington, DE). 

Palmitic acid, dioleoyl-PE, dipalmitoyl phosphatidyl(ALpalmitoyl)ethanolamine (standard 

NAPE), pepstatin A, leupeptin, taurodeoxycholic acid (sodium salt), 6-amino-n-hexanoic 

acid (6-aminocaproic acid), and phenylmethyl sulfonyl fluoride (PMSF) were from Sigma 

Chemical Company (St. Louis, MO). n-Dodecyl-p-D-maltoside (DDM) was from 

Anatrace (Maumee, OH). Agarose (DNA grade (high melting) electrophoresis grade), 

benzamidine hydrochloride, dithiothreitol (DTT, electrophoresis grade), 2(bis(2-

hydroxyethyl)imino)-2-(hydroxymethyl)-1,3-propanediol (Bis-Tris, enzyme grade), 

bromophenol blue (free acid, electrophoresis grade), acrylamide, N,N-

methylenebisacrylamide (bis-acrylamide), ammonium persulfate, silver nitrate, sodium 

carbonate, Tris (hydroxymethyl)axmnomethane (Tris, molecular biology grade), sodium 

dodecyl sulfate (SDS, electrophoresis grade), N-[tris-(hydroxymethyl) methyl]glycine 
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(Tricine, enzyme grade), methanol (optima grade), chloroform (optima grade), hexane 

(optima grade), 2-propanol (optima grade), diethyl ether (anhydrous reagent grade), 

sucrose and sodium phosphate (monobasic) were from Fisher Scientific (Fair Lawn, NJ). 

TEMED and Bio-Lyte™ 3/10 (ampholines, electrophoresis purity reagent) were from 

Bio-Rad Laboratories (Hercules, CA). Formaldehyde (37.2%), ethanol (denatured), and 

potassium phosphate (dibasic) were from Mallinckrodt Specialty Chemicals Company 

(Paris, KY). Potassium phosphate (monobasic), potassium chloride, sodium phosphate 

(dibasic anhydrous), acetic acid (glacial), phosphoric acid (ortho GR, 85%), and hydro-

chloric acid (38%) were from EM Industries, Inc., EM Science division (Gibbstown, NJ). 

Preparative isoelectric focusing 

Preparative isoelectric focusing (IEF) of DDM-solubilized microsomal membrane 

proteins was performed in a Rotofor Cell™ (Bio-Rad Laboratories) as previously 

described [14] with some modifications. Briefly, 50 ml of DDM-solubilized protein (0.8-

1.0 mg protein) was mixed with 2% (v/v, final) ampholines (Bio-Lyte™ 3/10 ampholytes) 

and isoelectric focusing performed at constant power (15W) with cooling (4° C). Initial 

voltages were between 560-640 V and leveled off at 920-990 V after 1 h. Focusing was 

continued for three additional hours. IEF fractions (2-3 ml each) from two fractionations 

were collected and measured for pH. Those fractions in the range of pH 5-9 were 

combined, diluted (if necessary) to a final volume of 50 ml with 0.2 mM DDM, 20% (v/v) 

glycerol plus protease inhibitors and subjected to a second IEF (without added 

ampholines) as above. Initial voltages of the second IEF were between 1240-1400 V and 

leveled off" at 1670-1700 V after 1 h. Fractions were collected after 4 h, measured for pH, 
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and isozyme fractions pooled (approximately 4-6 ml/pool corresponding to pi's of 

previously reported NAPE synthase activity, i.e., isozyme A, pl=6.3, isozyme B, pl=7.2, 

isozyme C, pl=8.4, see ref. [14]). Buffer (20 mM Na-phosphate, pH 8.0) was added 

immediately to IEF fractions prior to storage at 4° C. Isozymes were prepared as above 

from a total of 300 ml DDM-solubilized microsomal protein (approx. 6 mg), and 

concentrated by ultrafiltration for photoaffinity labeling experiments. 

Analysis of fractions 

NAPE synthase activity was measured by following the incorporation of radiolabeled 

palmitic acid into radiolabeled NAPE according to [13, Chapter 1]. 

NAPE synthase activity was measured directly in nondenaturing (native) PAGE gel 

slices following electrophoresis. Lanes containing separated DDM-solubilized microsomal 

protein were excised and sliced into regions as depicted in Fig. 3. Each gel piece was 

incubated overnight in 500 p.1 of buffer (20 mM Na-phosphate, pH 8.0, 0.2 mM DDM) at 

4° C. NAPE synthase activity was assayed as described in Chapter 1. 

Protein concentration was estimated by a modification [21] of the Bradford method 

[22] using bovine serum albumin as the protein standard. The pH of each IEF fraction 

was measured directly with an Accumet model 15 pH meter (combination electrode, 

silver/silver chloride references, Fisher Scientific). 

Photo-crosslinking 

Photo-crosslinking reactions were carried out by exposure with a hand-held UV lamp 

(1400 |j.W/cm2, Model UVG-11, Ultraviolet Products, Inc., San Gabiel, CA) placed 

directly over microcentrifuge caps (approximately 0.5 cm). Photoinactivation reactions 
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were conducted in a final volume of 110 JJ.1 containing approximately 30 jig of DDM-

solubilized microsomal protein in 20 mM Na-phosphate (pH 8.0) 0.2 mM DDM and 0.05 

or 0.10 mM ASD. Samples were UV-irradiated for 5 min, and then transferred to glass 

tubes containing 150 jil of 20 mM Na-phosphate (pH 8.0), 0.2 mM DDM, 0.25 jiCi [1-

14C]palmitic acid (50 p.M, 10 mCi/mmol) and 40 |nM DOPE to measure NAPE synthase 

activity. In control samples (no ASD), DDM-solubilized microsomal proteins were first 

exposed to UV before adding [l-14C]palmitic acid and assaying for NAPE synthase 

activity as above. Competition experiments were performed by adding increasing 

concentrations of ASD to the NAPE synthase assay without UV-crosslinking. 

ASD was commercially iodinated by Lofstrand Labs Limited (Gaithersburg, MD) using 

the chloramine-T procedure and purified by extraction in ethyl acetate [23]. [125I]-ASD 

(3.8 mCi/mmol; Fig. IB) was evaporated to dryness and redissolved in 95% ethanol to 

prepare a stock solution (34 jiM, 1 nCi/fil) for photolabeling experiments. 

Photolabeling of proteins was done as above in microcentrifuge tube caps containing 

either concentrated DDM-solubilized microsomal protein (~12-30 (j.g) or protein from 

concentrated isozyme fractions (5-20 |ig) and [125I]-ASD (2.6 (iM, 2 |iCi). Exposure 

times were varied from 5 s to 5 min. Routinely, reaction mixtures were UV-irradiated for 

10 sec and quenched with an equal volume of SDS sample buffer (see below) for SDS-

PAGE analysis, or with 2 mM DTT, 0.02 mM taurodeoxycholic acid, and 0.1% (w/v) 

bromophenol blue dye for nondenaturing (native) PAGE (see below). Competition 

experiments were done by adding non-radiolabeled palmitic acid (26 /u.M or 50 /uM) to 

protein-containing solutions of DDM-solubilized microsomal protein or isozyme fractions, 
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respectively, prior to adding [125I]-ASD. 

Electrophoresis 

Native PAGE 

DDM-solubilized microsomal proteins were analyzed by discontinuous nondenaturing 

PAGE using a modification of the method of Schagger and Von Jagow [24]. Gels were 

cast in a Mini-Protean II™ aparatus (Bio-Rad Laboratories, Hercules, CA). Resolving 

gels consisted of 8% (w/v) acrylamide (diluted from 30% T/2.7% C solution) in 50 mM 

Bis-Tris, 500 mM 6-amino-n-hexanoic acid, 0.2 mM DDM, 0.02 mM taurodeoxycholic 

acid, pH 7.0. The gels were pre-electrophoresed for 45 minutes at 20 mA (constant 

current) in buffers containing 0.1 mM thioglycholic acid prior to casting the stacking gels 

[25]. The cathode buffer consisted of 50 mM Tricine, 15 mM Bis-Tris, 0.02 mM DDM, 

0.002 mM taurodeoxycholic acid (pH 7.0) and the anode buffer was 50 mM Bis-Tris, 

adjusted to pH 7.0 with HC1. To minimize aggregation of proteins [26], stacking gels 

were prepared from 1.5% agarose [27] in 50 mM Bis-Tris, 500 mM 6-amino-n-hexanoic 

acid, 0.2 mM DDM, 0.02 mM taurodeoxycholic acid (pH 7.0), and poured on top of the 

pre-electrophoresed resolving gels. Fresh buffers without thioglycholate were added to 

the electrophoresis chamber prior to loading and running samples. Protein samples were 

concentrated for native page as follows: 50 ml of DDM-solubilized microsomal protein (~ 

1 mg) were reduced in volume (to 10-14 ml) by ultrafiltration in a Centriprep-30 device 

(Amicon Inc., Beverly, MA) for 30 min (l,338g) in a H1000B swinging bucket rotor 

(Sorvall model T6000B centrifuge) and stored at 4° C. Aliquots (~ 2.5 ml) were further 

concentrated as needed in a Centricon-30 device (Amicon) at 5,000g for 30-90 min 
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(Sorvall model RC 5C plus centrifuge) at 4° C to a final volume of 100-150 (j.1. Final 

protein concentration was typically 1.5 ng/|il. Taurodeoxycholic acid (0.2 mM) and 

bromophenol blue tracking dye (0.1%, w/v) were added to concentrated DDM-solubilized 

microsomal protein (approx. 70 fig) in a glass tube, sonicated for 5 s and loaded directly 

into wells with a glass syringe. Samples were electrophoresed for 8 h at 25 V constant 

voltage (4° C) followed by 15 min at 250 V to sharpen bands and elute the dye front. 

SDS-PAGE 

Selected fractions were analyzed by discontinuous SDS-PAGE (12%) using a standard 

Tris-glycine system [28] in a Mini-Protean II™ cell (Bio-Rad Laboratories, Hercules, 

CA). The protein-containing samples were mixed with an equal volume of a solution 

containing 100 mM Tris-HCl (pH 6.8), 20% (v/v) glycerol, 2% (w/v) SDS, 0.1% (w/v) 

bromophenol blue and 2 mM DTT in glass tubes. The following optimal treatment of 

samples for minimizing protein aggregation in gels was determined experimentally: 

samples were heated at 75° C for 15 min, sonicated for 5 s and then loaded into gel lanes 

with a glass syringe. The gels (12% resolving, 4% stacking) were pre-electrophoresed for 

1 h at 150 V in running buffer containing 0.1 mM thioglycholic acid, before adding fresh 

buffer and loading samples. Samples were electrophoresed at constant voltage of 150 V 

(4° C) until the dye front reached the resolving gel. The voltage was increased to 250 V 

and electrophoresis continued until the dye front was fully eluted. Total electrophoresis 

time was approximately 1 h. 

2D PAGE 
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DDM-solubilized microsomal protein was subjected to non-denaturing (native) PAGE 

as above in the first dimension. A lane with native microsomal proteins was excised, 

soaked in SDS sample buffer containing 2 mM DTT for 30 min, and then transferred to 

the stacking gel of a pre-cast, pre-electrophoresed SDS gel (12% resolving, 4% stacking) 

for separating proteins in the second dimension. Electrophoresis was performed at a 

constant voltage of250 V until the dye front was fully eluted. 

Gels were stained with silver according to [29]. Those containing radiolabeled 

proteins were photographed, then vacuum-dried for autoradiography (Kodak XAR-5 film, 

room temperature). 

Results 

The reaction postulated for cottonseed microsomal NAPE synthase is shown in Figure 

1 A. ASD (Fig. IB) was synthesized to function as a photoreactive substrate analogue for 

the purpose of identifying polypeptides associated with NAPE synthase activity. Figure 2 

shows the effect of increasing concentrations of ASD on the incorporation of [1-14C] 

palmitic acid into 14C-NAPE (standard assay) in low light (no photolysis). Increasing 

concentrations of ASD progressively diminished the synthesis of NAPE from palmitic 

acid, suggesting that ASD was competing for the palmitic acid binding site of the NAPE 

synthase. 

Table 1 shows results from photolysis experiments with ASD. Synthesis of 14C-NAPE 

from [l-I4C]palmitic acid was irreversibly inhibited by prior illumination with UV254 light 

in the presence of ASD. This photoinactivation was greater with greater amounts of 

ASD. NAPE synthase was protected from inhibition when palmitic acid was included 
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Figure 2. Competition by ASD for palmitic acid. The incorporation of [1-14C] palmitic 

acid into [14C]-NAPE by DDM-solubilized microsomal proteins in the presence of 

increasing amounts of ASD was measured after 15 min (45° C, with shaking) by 

radiometric scanning of lipid soluble products separated by TLC. Each assay was carried 

out in 20 mM Na-phosphate (pH 8), 0.2 mM DDM, 0.05 mM [1-14C] palmitic acid (10 

mCi/mmol) and contained approx. 12 ng protein in a final volume of 0.25 ml. 100% 

relative NAPE synthase activity was 156 nmol/h/mg protein. The data points are averages 

± standard deviation of three independent experiments. 
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during photolysis, providing further support that ASD and palmitic acid were interacting 

with NAPE synthase at the same (substrate-binding) site. 

Table 1 

Photoinactivation of DDM-solubilized microsomal NAPE synthase by ASD and 

illumination with UV2S4 for 5 min. 

Sample Relative activity (%) 

Enzyme + UV 100a 

Enzyme + 0.05 mM ASD 34.5 

Enzyme + 0.10 mM ASD 20.5 

Enzyme + 0.05 mM palmitic acid 99.3 

+0.05 mM ASD 

Results presented are averages from duplicate experiments. Similar results were 

obained in replicate experiments. a 100% activity was 140 nmol/h/mg protein. 

Table 2 shows that a radiolabeled NAPE analog was produced directly from 125I-ASD 

(in low light conditions), albeit with less efficiency than from [l-14C]palmitic acid, 

demonstrating that NAPE synthase can use ASD as a substrate to synthesize a molecule 

analogous to NAPE. Even at less-than-saturating concentrations (5 nM; 50 jiM palmitic 

acid was previously reported [13,14] to be saturating for microsomal NAPE synthase), 
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equimolar amounts of palmitic acid reduced the incorporation of 12SI-ASD into 125I-NAPE, 

supporting the above competition studies (Fig. 2). Due to limited availability of ASD, 

experiments were carried out at these lower concentrations. In other experiments, 14C-

NAPE was synthesized from 14C-DOPE and ASD by DDM-solubilized microsomes (2.98 

nmol/h/mg, not shown). Although the observed inhibitory effects of ASD in the dark 

(Fig. 2) appear somewhat inconsistent with the photo-protection experiments (Table 1) 

this apparent discrepency may be due in part, in addition to enzyme-substrate interaction, 

to the amphipathic nature of the ASD molecule. At higher concentrations, ASD may 

inhibit NAPE synthase activity by altering the conformation of the detergent-solubilized 

enzyme. Photolysis would eliminate free ASD, crosslinked to itself from interacting with 

the enzyme. 

Table 2 

Synthesis of radiolabeled NAPE from dioleoylPE and 14C-palmitic acid (standard 

assay) or 125I-ASD in low light by DDM-solubilized microsomal NAPE synthase. 

Sample Specific activity (nmol/h/mg) 

Enzyme + 14C-palmitic acid (0.005 mM) 40.00 

Enzyme + 125I-ASD (0.005 mM) 1.24 

Enzyme + palmitic acid (0.005 mM) 0.33 
+125I-ASD (0.005 mM) 

Results presented were from a single set of experiments. Similar results were 

obtained in replicate experiments. 
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Figure 3 shows the proteins of DDM-solubilized microsomes, photoaffinity-labeled by 

125I-ASD, separated by SDS-PAGE. Several proteins were labeled by 125I-ASD (lane 1). 

Labeling of all of these polypeptides was diminished by added palmitic acid (lane 2), 

suggesting that ASD was interacting with these polypeptides as a fatty acid analogue. 

106 kD 
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Figure 3. Photoaffinity labeling of DDM-solubilized microsomal proteins. [125I]-ASD (2.6 

|j.M, 2 (iCi) was crosslinked to DDM-solubilized microsomal protein (approx. 30 jig 

protein) by illumination with UV254 light for 10 seconds. Lanes 1-3 contained equivalent 

amounts of protein separated by SDS-PAGE (12% resolving gels). Lane 1 was incubated 

with 125I-ASD alone. In lane 2, palmitic acid (26 jxM) was included prior to adding[125I]-

ASD. In lane 3, [125I]-ASD was photo-crosslinked before adding microsomal proteins. 

Positions of molecular weight markers are indicated on the left. The panel on the left is a 

silver-stained gel and the one on the right is an autoradiogram of the gel (1.5 hour 

exposure at room temperature with intensifying screen). 
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Photo-crosslinking of 125I-ASD prior to adding DDM-solubilized microsomal proteins 

resulted in no labeled polypeptides, indicating that the 125I-ASD was indeed a photolabile 

probe and that the photoreactive species was relatively short-lived. In separate control 

experiments (not shown), 125I-ASD concentration and photolysis time were varied to in 

attempt to eliminate non-specific labeling of polypetides by I25I-ASD. Low concentrations 

of 125I-ASD (2.6 nM, 2 |j.Ci) and short photolysis times (10 s) were considered optimal 

photoaffinity labeling conditions because radioactive bands were easily identified and the 

number of radiolabeled polypetides did not decrease with lower concentrations of 125I-

ASD or shorter illumination intervals. It is of interest to note that no labeling of proteins 

by 125I-ASD was observed in intact microsomes (not detergent-solubilized, not shown) 

under the above conditions. 

Figure 4 shows the separation of DDM-solubilized microsomal proteins by non-

denaturing PAGE visualized by staining with silver. NAPE synthase activity was 

measured directly in gel slices (unstained lane) of the regions depicted. The majority of 

NAPE synthase activity was in region 6, with a smaller amount in region 7. Activity near 

the top of the gel likely represents aggregated enzyme. Voltage-induced aggregation of 

proteins in nondenaturing gels is particularly problematic when working with hydrophobic 

membrane proteins [24,25,27]. The use of agarose stacking gels, pre-electrophoresis in 

buffers containing 0.1 mMthioglycolic acid prior to applying samples, and electrophoresis 

of DDM-solubilized proteins at low voltages helped to reduce this aggregation problem. 

The use of 6-aminocaproic acid (750 mM) was reported to support the solubilization of 

membrane proteins in nondenaturing (native) PAGE applications [24]. Although 
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Figure 4. Separation of DDM-solubilized microsomal proteins by discontinuous 

nondenaturing (native) PAGE (8% resolving gel) stained with silver (left). Numbers 1-7 

above denote the regions assayed for NAPE synthase activity (described in "Materials and 

Methods"). 

6-aminocaproic acid (500 mM) was included in native gel buffers, adding it to protein 

solutions at various stages of preparation prior to gel loading had no obvious solubilizing 

effect. 

DDM-solubilized microsomal proteins photoaffinity-labeled with 125I-ASD were 

separated first by non-denaturing (native) PAGE and then by SDS-PAGE in the second 

dimension (Figure 5). A radiolabeled 64 kDa protein was identified in autoradiograms 
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Figure 5. Two-dimensional PAGE separation and autoradiography of photoaffinity-

labeled DDM-solubilized microsomal proteins. Microsomal protein (approx. 30 (ig) was 

crosslinked to [125I]-ASD (2.6 (J.M, 2 jxCi) by UY254-irradiation for 10 seconds. Proteins 

were separated first by nondenaturing (native) PAGE (8%), followed by SDS-PAGE 

(12%). Regions 1-7 correspond to those analyzed for NAPE synthase activity (see Fig. 

3). The upper panel represents the silver-stained SDS gel with positions of molecular 

weight markers indicated on the left. The lower panel is an autoradiogram of the gel (3 

day exposure, room temperature, no intensifying screen). The circled area shows a 64 

kDa band radiolabeled with [125I]-ASD in the region of NAPE synthase activity. 
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(circled) that was associated with regions 6/7 containing the majority of NAPE synthase 

activity in nondenaturing gel slices (see Fig. 4). Other photoaffinity-labeled proteins 

observed in denaturing gels (see Fig. 3) surprisingly did not appear to enter the 

nondenaturing gel. Rather, they tended to run as a "streak" in the second dimension 

(barely visible in the autoradiogram in Fig. 5) corresponding to the interface of the 

stacking/resolving gels in the first dimension. 

Isozyme fractions isolated by preparative IEF were photoaffinity-lableled with 125I-

ASD and analyzed by SDS-PAGE (Fig. 6). The total protein composition of each 

isozyme fraction was different as judged by staining all proteins with silver (left panel). 

Improvements in conditions for sample preparation and electrophoresis increased the 

amount of protein that could enter gels and hence the number of protein bands resolved 

(compared to previous analyses [14]); however, similar dominant proteins such as the 28 

kDa band were identifiable. Proteins in lanes 1 and 2 were overstained with silver to 

reveal the presence of a 64 kDa protein in all lanes. Autoradiograms (right panel) revealed 

that the isozyme fractions shared some similar and some different photoaffinity-labeled 

polypeptides. A 64 kDa polypeptide, radiolabeled by 125I-ASD, was a common 

component of all isozyme fractions. The photoaffinity labeling of the 64 kDa protein in 

each isozyme fraction appeared to be highly specific. Each isozyme fraction showed 

diminished labeling of the 64 kDa band when palmitic acid (50 fxM) was added to prior to 

adding 125I-ASD (compare lanes 1 and 2, 3 and 4, 5 and 6). No other photoaffinity-

labeled polypeptides in the isozyme fractions exhibited diminished labeling in the presence 

of exogenously supplied palmitic acid. Furthermore, the lower molecular weight proteins 
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that were labeled in isozyme fractions A and B by 125I-ASD were much more concentrated 

than the putative 64 kDa NAPE synthase as evidenced in the silver-stained gels; however, 

the 64 kDa protein was much more intensely radiolabeled. 
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Figure 6. Photoaffiniy-labeling of isozyme fractions (prepared by IEF as described in 

"Materials and Methods"). Fractions were UV-irradiated in the presence of [125I]-ASD 

(2.6 nM, 2 (iCi) for 10 seconds and separated by SDS-PAGE (12%). Lanes 1 and 2 

contain isozyme A (approx. 20 ng each), lanes 3 and 4 contain isozyme B (approx. 15 jag 

each), and lanes 5 and 6 contain isozyme C (approx. 5 ng each). Samples in lanes 2,4, and 

6 were preincubated with palmitic acid (50 //M) prior to addition of 125I-ASD and UV-

rradiation. The panel on the left is a silver-stained gel and the one on the right is an 

autoradiogram of the gel (4 day exposure, room temperature, no intensifying screen). 

Positions of molecular weight markers are indicated on the left. 
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Discussion 

Cottonseed microsomal NAPE synthase was reported to catalyze the direct acylation 

ofPE with free fatty acids [13]. Because of the uncommon nature of the reaction, it 

seemed likely that the NAPE synthase activity could be specifically targeted for 

photolabeling with a photoreactive fatty acid substrate analogue. Such an analogue was 

synthesized and kindly provided to us by Dr. Ram Rajesekharan (New Mexico State 

University). Both competition (Figs. 2, 3, 6, Table 2) and photoinactivation experiments 

(Table 1) with ASD supported this assumption. Further evidence directly demonstrated 

that ASD served as a suitable substrate for the synthesis of NAPE from either 125I-ASD 

and DOPE (Table 2) or from ASD and ,4C-DOPE (2.98 nmol/h/mg, not shown). These 

results provided independent verification of the utilization of the unesterified fatty acid 

substrate by the cottonseed microsomal NAPE synthase. 

Photoaffinity labeling of DDM-solubilized microsomal proteins identified a 64 kDa 

polypeptide as a component of the cottonseed NAPE synthase. The 64 kDa polypeptide 

was identified in DDM-solubilized microsomes by 2D-PAGE (Fig. 5) and in partially 

purified IEF fractions (Fig. 6). Other radiolabeled bands were evident in microsomes and 

in isozyme A and B fractions that were specifically photoaffinity-labeled by I25I-ASD; 

however, the 64 kDa polypeptide was the only radiolabeled band in isozyme C fractions 

(and the only band common to all NAPE synthase-containing fractions). The nature of the 

additional bands is unclear. The feet that the additional photoaffinity-labeled bands in 

isozyme A and B fractions did not exhibit competition by palmitate may indicate that these 
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proteins have no in vivo interaction with fatty acids; however, it is possible that other fatty 

acids would compete with 125I-ASD in these protein bands. On the other hand, these other 

labeled proteins may be components of a larger NAPE synthase complex that are 

separated into functional isoforms by detergent solubilization and preparative IEF. 

Alternatively, these proteins may be fatty acid binding proteins or some other enzyme that 

uses free fatty acids as a substrate, such as acylCoA synthase, unrelated to NAPE synthase 

activity, and their presence in isozyme fractions may explain previous fatty acid substrate 

affinity differences among the isozymes [14]. Future work will be necessary to understand 

the relationship, if any, of these additional radiolabeled polypeptides to NAPE synthase 

activity. 

It was previously reported that a 28 kDa protein might be a component of the NAPE 

synthase enzyme because it was present in all three isozyme fractions [14]. The results 

presented here indicate that the 28 kDa is not NAPE synthase. In feet, cottonseed NAPE 

synthase was recently purified to homogeneity using immobilized artificial membrane 

(IAM) chromatography and the molecular weight of the single band was 64 kDa [30]. 

Photoaffinity labeling with 125I-ASD helped to confirm the identity of the purified enzyme. 

No other NAPE synthase proteins have been isolated from any organism; therefore, no 

subunit molecular weight comparisons can be made at this point. Collectively, the present 

work directly correlates a protein in SDS gels with NAPE synthase activity. This 

represents a major step in our eflbrts to characterize this unusual enzyme activity. It is 

intriguing to speculate that NAPE synthase could act as a fatty acid "scavenger" by 

incorporating free fatty acids into NAPE. The unregulated build up of free fatty acids, 



52 

released in cells by active acylhydrolases during tissue damage, or in the normal process of 

membrane lipid turnover, could reach toxic concentrations and destabilize membrane 

bilayers. The synthesis of NAPE would, in theory, overcome this threat by restructuring 

and stabilizing the compromised bilayer. A fatty acid analogue such as ASD could prove 

useful as a selective probe of cottonseed microsomal NAPE synthase in future studies of 

the role of this enzyme in plant cell membranes. 
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CHAPTER 3 

PURIFICATION OF DDM-SOLUBILIZED COTTONSEED MICROSOMAL 

N-ACYLPHOSPHATIDYLETHANOLAMINE SYNTHASE 

Abstract 

N-acylphosphatidylethanolamine (NAPE) appeared to be synthesized in cotton 

seedlings by the direct acylation of phosphatidylethanolamine (PE) with free fatty acids 

(FFAs) [Chapman, K. D. and Moore, T.S., Jr. (1993) Plant Physiol.102 (3), 761-769]. 

Two immobilized artificial membrane (IAM) surfaces were synthesized with analogues of 

PE as the immobilized ligands, etbeTAM.PEcl0/C3 and ^IAM.PE010'0. These two surfeces 

were tested as affinity matrices for the isolation of cottonseed microsomal p-D-

dodecylmaltoside (DDM)-solubilized NAPE synthase. In HPLC applications, NAPE 

synthase bound to both of these surfeces, but appeared to demonstrate a higher affinity for 

eflMaIAM.PEcl0/C3, requiring PE and DDM to elute it from the column. A 64 kDa 

polypeptide with NAPE synthase activity and photoaffinity-labeled with 125I-12-[(4-

azidosalicyl)amino]dodecanoic acid (ASD) was purified to homogeneity (15,520-fold over 

Abbreviations: ASD, 12-[(4-azidosalicyl)amino]dodecanoic acid; CHAPS, 3-[(3-
cholamidopropyl)dimethylammonio]-1 -propanesulfonate; DDM, p-D-dodecylmaltoside; 
DMPE, dimyristoyl(C14:0,C14:0)-PE; DOPE, dioleoyl(C18:l,C18:l[cw]-9)-PE; EST, 
expressed sequence tag; FFA, free fatty acid; IAM, immobilized artificial membrane; IEF, 
isoelectric focussing; NAE, iV-acylethanolamine; NAPE, A'-acylphosphatidylethanolamine; 
PC, phosphatidylcholine; PCR, polymerase chain reaction; PE, phosphatidylethanolamine; 
PVDF, polyvinyl difluoride; RT-PCR, reverse transcriptase-PCR. 
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etheTAM.PEao/C3 (6.5 X 1.0 cm) HPLC column [Cai, S.J., McAndrew, R.S., Leonard, 

B.P., Chapman, K.D. and Pidgeon, C. (1995) J. Chromatogr. A 696,49-62]. In contrast, 

when DDM-solubilized proteins were applied to a semi-preparative ̂ IAM.PE010703 (5.0 X 

1.0 cm) HPLC column, two major peaks of NAPE synthase activity were eluted. One 

less purified peak of activity, ~755-fold over crude homogenates, was eluted before the 

addition of PE and DDM. The other, purified 8552-fold, required the addition of PE and 

DDM for release from the chromatographic surface. The ̂ IAM.PE01070 column's 

capacity for protein was much lower than that of the etbaIAM.PEcl0/° surface and the 

elution of activity in more purified fractions was inconsistent. However, the application of 

the less-purified, active fractions from the ^IAM.PE010'03 column to an analytical size 

^TAM.PE010'03 (15 X 0.46 cm) column resulted in the reproducible elution of highly-

purified (108,000-fold), albeit dilute fractions containing the NAPE synthase enzyme. 

Because the IAM-HPLC methods all required high concentrations of both DDM and PE 

to release purified enzyme, an alternative strategy using the 6GIAM.PEC1<VC3 column was 

devised to isolate purified enzyme free from PE for kinetics and inactivation studies. 

Fractions isolated by these various methods, containing highly-purified NAPE synthase, 

were pooled, concentrated and either electrophoretically separated in 10% tricine SDS 

polyacrylamide gels or blotted to PVDF membranes for amino acid sequencing. Tntpmal 

amino acid sequences of the 64 kDa polypeptide demonstrated homology with acyl 

hydrolases, fatty acid synthases, acyl carrier proteins, acyl transferases, and hepsin, a novel 

transmembrane trypsin-like serine protease, among others. Degenerate oligonucleotide 

primers designed from the amino acid sequence information were used in polymerase 
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chain reaction (PCR) experiments. A 250 bp DNA sequence was ultimately amplified by 

reverse-transcription (RT)-PCR that may partially encode the NAPE-synthase enzyme. 

Computer (BLAST) searches of protein and nucleotide databases revealed homology of 

this sequence to a putative amidase in Arabidopsis thaliana, fatty acid synthases, acyl 

hydrolases, and serine proteases. Collectively, these results demonstrate the suitability of 

two distinct IAM.PE chromatographic surfaces as affinity columns for the purification of 

cottonseed microsomal NAPE synthase and provide a foundation for determining the 

enzyme's primary structure. 

Introduction 

iV-acylphosphatidylethanolamine (NAPE) was first identified as a minor constituent of 

wheat flour [1]. Although its existence in plants was debated for over a decade, the 

combined results of both biophysical and biochemical studies demonstrated unequivocally 

that NAPE is a natural (although minor) phospholipid component of plant cell membranes 

[2]. NAPE was synthesized in vivo from [l,2-14C]-ethanolamine in cotyledons of 

germinated cotton seedlings [2]. Reconstitution of NAPE biosynthesis in vitro in 

microsomes isolated from cotton seedlings suggested that NAPE is synthesized by the 

direct acylation of PE with free fatty acids (FFAs) [2-4; see figure 1]. Other investigations 

of this novel acyltransferase activity revealed that three charge-iso forms of NAPE 

synthase with distinct fetty acid specificities could be separated from DDM-solubilized 

cottonseed microsomal membranes [5, 6], suggesting a complex, highly regulated 

biosynthetic scheme. 
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In an effort to better understand the physiological role of NAPE biosynthesis in 

cottonseeds, our primary goal was to purify this unusual enzyme. Recently, we 

demonstrated the suitability of a photoreactive dodecanoic acid analogue, 12-[(4-

azidosalicyl)amino]dodecanoic acid (ASD) and its 125I-labeled derivative to act as a 

substrate for cottonseed microsomal NAPE synthase [6]. 

<p-CH-CH"NH+ O" 

r ^ T 0 ' 2 2 

O " <py o <j)0 O NH 
o = c + o=qq^o * o = c c = o c = o 

NAPE synthase 

FFA PE NAPE 

Figure 1. Proposed reaction scheme for the biosynthesis of NAPE in cottonseed 

microsomes. 

Furthermore, this photoaffinity substrate was used to specifically label polypeptides 

associated with NAPE synthase activity in non-denaturing PAGE separations and in 

isozyme fractions isolated from DDM-solubilized microsomes by preparative isoelectric 

focusing (IEF). Here, we exploit the interaction of NAPE synthase with both its 
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substrates, FFA and PE, to identify and purify a cottonseed microsomal 64 kDa 

polypeptide with NAPE synthase activity. 

Several immobilized artificial membrane (LAM) surfaces have been prepared by 

immobilizing analogues of cell membrane lipids on solid surfaces [7, 8]. Because 

membrane lipid molecules are amphipathic, containing a polar head group connected to 

nonpolar fatty acids, immobilizing analogues of these molecules on a solid silica support 

generates a unique chromatographic environment that emulates the membrane surfaces 

found in liposomes [9]. Therefore, these surfaces facilitate the partitioning of integral 

membrane proteins and has allowed their use in novel applications, including the 

purification of several membrane proteins including cytochrome P450 [10], cholesterol 

transfer protein [11], phospholipase A2 [12] and an intestinal peptide transporter protein 

[13], the prediction of drug transport coefficients (across human skin and other biological 

barriers, [14-16]) and the determination of ligand binding constants for functional enzymes 

immobilized on IAM surfaces [17]. 

The earliest studies utilized IAM surfaces that contained double acyl chain 

phosphatidylcholine (PC) ligands attached to silica propylamine [9,17]. These ligands 

were prepared such that both fatty acyl chains of PC were linked to the glycerol backbone 

through ester bonds, as in the native PC molecule. However, since ester bonds are 

intrinsically less stable than ether bonds, the IAM ligands were modified to contain fatty 

acids linked to the glycerol backbone by ether bonds, thus increasing durability of the 

packing material [7]. In addition to the substituted ether linkage, the ether PE analogues 

used in these studies were further modified to contain only one fatty acyl chain. This 
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change resulted in a more hydrophilic surface, which was more amenable to solvation in 

aqueous media than those of the double chain analogues. 

Two separate IAM chromatographic surfaces were synthesized with analogues of PE 

as the immobilized ligands [7,15; see figure 2]. The ethalAM.PEcl0/C3 HPLC packing 

elh"IAM.PEcl0/C3 

B 
"IAM-PE0""0 

ether 
infcage 

C3 
•ndcapping 

O O. 
CH, 

CIO 
•ndcapping 

c ° /°*° CSO 
HN 

VA 
' s i l i c a > 

C3 
•ndcapping 

L 

CtO 
•ndcapping 

:o F * ° cso 
/ HN / 

S i l i c a 

Figure 2. Diagrams of the two IAM chromatographic surfaces tested in the purification 

of cottonseed NAPE synthase. Since both are structurally similar to the enzyme's natural 

substrate, PE (see Fig. 1), they function as affinity matrices for separating NAPE synthase 

from other DDM-solubilized microsomal membrane proteins. Drawing based on [29]. 
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material contained a monolayer of immobilized dimyristoylphosphatidylethanolamine 

(DMPE) analogue, consisting of the polar PE headgroup attached to a glycerol backbone 

which in turn was connected to a single hydrocarbon chain through an ether bond. In 

contrast, the ^AM-PE010703 HPLC column material lacked the ether-linked glycerol 

backbone. Since both surfaces are structurally similar to the natural PE substrate of 

NAPE synthase, the columns were expected to function as affinity matrices to resolve the 

NAPE synthase enzyme from other DDM-solubilized microsomal membrane proteins. 

The LAM surfaces were synthesized in Dr. Charles Pidgeon's laboratory (Purdue 

University) and the preliminary purification studies were initiated with his collaboration. 

In HPLC applications, DDM-solubilized cottonseed microsomal NAPE synthase 

enzyme(s) bound both of these surfaces (although with different affinities) and was eluted 

by introducing PE and DDM into the mobile phase. The differences in the enzyme's 

interaction with the two surfaces allowed the development of alternative purification 

schemes, to isolate purified enzyme for the detailed investigation of its biochemical and 

catalytic properties [18] as well as for the determination of its primary structure. 

The physiological role of NAPE is unknown. Although NAPE was initially found in 

cotyledons of cotton seedlings, it also has been reported in several other plant tissues, 

including okra and soybean cotyledons, castor bean endosperm and rice cell suspensions 

[2 ]. In tobacco (Nicotiana tabacum L.) cells, NAPE levels increased 3-fold in response 

to treatment with the fungal elicitor xylanase [19]. Recently, it was reported that the 

elicitor response in these cells resulted in the release of JV-acylethanolamine (NAE) from 
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NAPE, presumably catalyzed by a phospholipase D activity, prior to the induction of 

NAPE biosynthesis [20]. This new evidence suggested a possible signaling role for NAPE 

metabolism in tobacco cells. 

NAPE also has been found in animal tissues, and recent evidence indicates a signaling 

role for its metabolism in mammalian cells [21]. NAPE functions as a precursor for 

anandamide (and possibly other NAEs), a ligand which binds to and activates canabinoid 

receptors. The activity of a specific PLD phosphodiesterase catalyzed the release of 

anandamide from TV-arachidonoylPE [22]. Alternatively, the functional role of NAPE in 

animals may be associated specifically with cell membrane damage or deterioration, since 

it has been reported to accumulate only in degenerating epidermal cells, infarcted heart, 

and ischemic brain tissues, and in a few tumor cell lines [reviewed in 21]. During cell 

stress or damage, FFAs are enzymatically released from membrane phospholipids through 

the action of acylhydrolases. Since FFAs can act to solubilize membranes, their release 

could threaten the integrity of intracellular compartmentation, thus compromising normal 

cellular functions. It is therefore likely that an efficient FFA scavenging mechanism exists 

that may involve the formation of NAPE, reported to stabilize membranes in biophysical 

studies [ 23], to minimize FFA-induced toxicity. The NAPE synthase enzyme is one 

candidate to participate in these physiological processes, but to date, this unusual 

membrane-bound enzyme has not been isolated from any organism. Therefore, nothing is 

known of its primary structure and a detailed investigation of its functional properties has 

not been possible. 

Microsequencing of purified cottonseed microsomal NAPE synthase, could allow for 
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initiation of molecular biological studies including the isolation of a full length cDNA 

clone(s) encoding the NAPE synthase enzyme(s). Obtaining the amino acid sequence 

would enable us to establish a theoretical model of the native membrane protein regarding 

its structure and function by predicting membrane-spanning regions, functional motifs or 

catalytic domains, and its orientation in the bilayer (topology). Also, the identification of 

potential posttranslational modification sites as well as specific targeting/processing 

sequences, should confirm its proposed subcellular location in cottonseed membranes as a 

resident of the secretory pathway [24]. 

To understand the regulation of NAPE biosynthesis through the manipulation of NAPE 

synthase gene expression, the molecular cloning of cDNA(s) encoding the enzyme is 

necessary. Degenerate oligonucleotide primers corresponding to protein amino acid 

sequence have been used in PCR applications to successfully isolate cDNAs for several 

gene products [25-28]. We have incorporated this approach into our strategy to isolate a 

DNA sequence(s) that encodes NAPE synthase. We designed PCR and RT-PCR 

experiments to amplify NAPE synthase sequences from cotton cDNA libraries with 

various degenerate primer combinations (deduced from NAPE synthase amino acid 

sequences). The amplified nucleotide sequence(s) may be labeled and used as a probe for 

a full-length cDNA clone. Here, we report both the purification of cottonseed NAPE 

synthase from DDM-solubilized microsomes by IAM chromatography and the progress of 

our investigation of the enzyme's primary structure. 
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Materials and Methods 

2.1 Chemicals 

Deoxycholic acid (5/J-Cholan-24-oic acid-3a,12a-diol) sodium salt (95%), CHAPS (3-

[(3-Cholamidopropyl)dimethylammonio]-1 -propanesulfonate), ethidium bromide, 6-

amino-n-hexanoic acid (6-aminocaproic acid), thioglycholic acid (mercaptoacetic acid) 

sodium salt (98%), dioleoyl(C18:l,C18:l[cw]-9)-PE (DOPE), dimyristoyl(C14:0,C14:0)-

PE (DMPE), Coomassie Brilliant Blue R, isopropylthio-/3-D-galactoside (IPTG), rubidium 

chloride, kanamycin, palmitic acid and polyethylene glycol (PEG10000) were from Sigma. 

n-Dodecyl-/3-D-maltoside (DDM) was from Anatrace (Maumee, OH). EDTA (disodium 

salt) was from Spectrum Chemical Mfg. Corp. (Gardena, CA). NZY broth (0.5% NaCl, 

0.2% MgS04*7H20, 0.5% yeast extract, 1% NZ Amine) was from GIBCO. TEMED, 

ammonium persulfate (APS), molecular weight markers for gel electrophoresis and PVDF 

membranes (0.2 micron) were from Bio-Rad Laboratories (Hercules, CA). All other 

chemicals (unless otherwise indicated) were from Fischer Scientific (Fair Lawn, NJ). 

2.2 IAM chromatography 

IAMHPLC packing material 

Immobilized artificial membrane chromatography was used to fractionate concentrated 

DDM-solubilized microsomal proteins. Two different analogues of PE were synthesized 

as immobilized ligands, denoted as ^^AM.PE010703 and ^IAM.PE010703, respectively (Fig. 

2). The ethralAM.PEcl0/C3 IAM material was synthesized in Dr. Charles Pidgeon's 

laboratory at Purdue University [7, 8] and the superscript "ether" denotes the ether 

linkage between the alkyl chain and the glycerol backbone of the lipid molecule. IAM 
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surfaces were routinely prepared in a three-step process involving phospholipid 

immobilization, endcapping with decanoic (CIO) anhydrides and propionic (C3) 

anhydrides until the IAM surface is ninhydrin negative, and then removing phospholipid 

protective groups (such as ter/-butoxycarbonyl) from the amino group of PE. Ultimately, 

the PE was bonded to 12 (im silica propylamine particles with 300 A pores with a surface 

coverage of 83 mg PE/ g silica propylamine, corresponding to a surface density of - 66 

A2/ PE molecule on the IAM surface [7]. HPLC columns were packed at Regis (Morton 

Grove, IL, USA). Three ethelAM.PEcl0/C3 HPLC columns were prepared, a pilot size (3 X 

0.46 cm), an analytical size (15 X 0.46 cm) and a semi-preparative size (6.5 X 1.0 cm), 

respectively. One semi-preparative ̂ IAM.PE010'03 (5.0 X 1.0 cm) HPLC column also was 

prepared by Regis Technologies, containing the alternate PE analogue with no glycerol 

backbone [15]. These chromatographic surfaces were intended to provide both the 

stability of a membrane-like environment and an affinity ligand for the isolation of NAPE 

synthase from other membrane proteins. 

Sample preparation 

Following differential centrifugation to isolate microsomal membrane proteins from the 

cotyledons of cotton seedlings, supernatants containing DDM-solubilized microsomal 

proteins were concentrated ten-fold by ultrafiltration using an Amicon Centriprep-30 

device. The concentrated material (typically, ~ 2 mg protein in 5 ml, or ~ 5 mg in 2 ml, 

for the ^IAM.PE010/03 or the eflielAM.PEcl0/C3 semi-prep column, respectively) was passed 

through a 0.2 gm membrane filter, loaded onto the HPLC column and fractionated. 

eiherlAM.PE?10/cs HPLC 
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The method developed for the etherLAM.PEcl0/C3 semi-prep column employed a Rainin 

Rabbit-HP pump and a Milton Roy variable wavelength UV detector, set to 254 nm at a 

range of 0.05 AUFS and a response time of 0.1 seconds [29]. Chromatography was 

performed at room temperature with a flow rate of 1 ml/ min. Prior to sample injection, 

the I AM surface was equilibrated in at least 30 volumes of mobile phase A, consisting of 

20 mM sodium phosphate (pH 8.0), 20% (v/v) ethylene glycol (EG) and ImM EDTA. 

DDM was not included in mobile phase A to enhance protein affinity for the IAM surface. 

PE was introduced into the mobile stream as a displacing ligand in mobile phase B 

(comprised of buffer A with the addition of DDM (2 mM) and DMPE (0.2 mM), prepared 

as described [29]), 18 min after protein loading as a steep 2 min linear gradient from 0-

100%, followed by a 9 min plateau, followed by a steep descending gradient back to 

mobile phase A. A second DDM-PE "pulse" gradient eluted more proteins, but none 

associated with NAPE synthases activity. Therefore, the second pulse was omitted in 

subsequent methods. Instead, the column was washed following the elution of enzyme 

activity in 1% CHAPS (less expensive that DDM) to remove residual proteins from the 

IAM surface. Since detergent washes leave residual detergents on the chromatographic 

surface, these detergents also must be washed from the column. In our applications, three 

consecutive washes, consisting of water (30 column volumes, heated to 65°C), followed 

by acetonitrile (30 column volumes, room temp.), followed by methanol (30-40 column 

volumes) were necessary to recondition and maintain the IAM surfaces for reproducible 

results. 

^IAM.PEF10'03 HPLC 
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HPLC applications in our lab were developed using a Gilson 712 HPLC system, 

applying the same variable UV wavelength detector settings and column flow rates (1 ml/ 

min). Mobile phase A also was unchanged. However, since DMPE (Tm, 50°C) is resistant 

to solvation in aqeous media, the preparation of mobile phase B was modified to ensure 

consistency. Routinely, DDM (2 mM) was added to mobile phase A, followed by the 

addition of DOPE (0.05 mM) to mediate the solvation of DMPE. The mixture was heated 

to 70°C, and DMPE (0.2 mM) was added with continuous stirring and heat, until the 

solution cleared with no visible precipitate. At this point, the solubilization of 

phospholipid in detergent was maintained. As a further precaution, mobile phases were 

warmed to 60°C prior to their use for maximum performance on the IAM.PE surfaces. 

Chromatography was performed at room temperature (heating the column to 60°C did not 

appreciably alter IAM.PE performance). The IAM.PE chromatographic surfaces were 

equilibrated in mobile phase A, as above, prior to sample loading. DDM-solubilized 

microsomal proteins (typically 2 mg total protein), were loaded onto the ^IAM.PE010'03 

via a 5 ml sample loop, or one of the ^"IAM.PE01070 columns using a 2 ml loop, in 

mobile phase A. After 28 min, the "pulse" gradient was initiated as described above, with 

equilibration back to mobile phase A at 42 min. All IAM.PE chromatographic surfaces 

were washed as previously described. 

dGlAM.PEcl0/cs - etherlAM.PEcl0/C3 tandem HPLC 

In other applications, two columns were used in tandem. Proteins associated with 

NAPE synthase activity in fractions eluted before the PE "pulse" from the 6G-PE column 

were combined (with the addition of DDM, 0.2 mM), concentrated to 2.5 ml (~ 100-200 
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Hg protein) by ultrafiltration, as above, and either injected onto the pilot size or the 

analytical size ̂ "lAM.PE-L C10/C3 HPLC column via a 2 ml sample loop in mobile phase A 

at 0.2 or 0.5 ml/ min, respectively. The flow rate was increased to 1 ml/ min after the first 

5 minutes and the "pulse" gradient was initiated at 28 min as before. In HPLC 

applications with the analytical size column, the gradient plateau was extended for an 

additional 10 min, with equilibration back to mobile phase A at 62 min. Again, the column 

was washed (reconditioned) as before. 

Eluted fractions, 1.5 or 3 ml, were collected and analyzed for NAPE synthase activity 

as previously described in Chapter 1. Protein content was estimated fiuorometrically using 

OPA (Fluoraldehyde™ Protein/Peptide Assay Reagent from Pierce) and BSA as a protein 

standard according to manufacturer's instructions. Proteins in column fractions containing 

PE and DDM were TCA-precipitated as in Chapter 1 prior to fluorometric quantitation. 

2.3 Preparation of IAM-purified NAPE synthase for amino acid sequencing 

Protein precipitation 

Proteins in dilute HPLC column fractions were concentrated prior to electorphoresis 

using a modification of the TCA precipitation method described in Chapter 1. To prevent 

keratin contamination, all glassware was pretreated with 60% TCA for 1 h followed by a 

1% CHAPS wash and two consecutive rinses in deionized water and methanol, 

respectively. To enhance the quantitative recovery of low levels of proteins, sodium 

deoxycholate (0.4 mM, 166 |xg/ ml) was added to samples, typically 10 ml, and proteins 

were precipitated in 8% TCA for 1 hr on ice. After vortexing, samples were centrifuged 

at 47,800g for 3 h at 4°C in a Sorvall SS-34 rotor. Protein pellets were washed with cold 
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80% acetone (2 ml, -20°C) and recenirifuged (47,800g, 1 hr, 4°C), both to remove any 

entrapped TCA and to dissolve any residual detergent prior to electrophoresis [32]. 

Protein pellets were resuspended in 30 |il of SDS-treatment buffer containing 3% SDS 

(w/v), 7.5% glycerol (w/v), 37.5 mM Tris (pH 7) and 0.0025% (w/v) bromophenol blue. 

The protein-containing solution was transferred to a glass tube containing 10 ^1 of 10 mM 

DTT, and the samples were incubated at 45°C for 30 minutes [33]. 

SDS-PAGE 

TCA-precipitated proteins were separated by Tricine-SDS-PAGE in a Mini-Protean 

II™ cell (Bio-Rad) according to the method of Schagger and von Jagow [33], with slight 

modifications. Briefly, gels (10%T/3%C resolving, 4%T/3%C stacking) were pre-

electrophoresed in 0.1 M Tris (pH 8.45), 0.1% SDS (w/v) and 1 mM thioglycholate at 30 

V for 45-60 min. The buffer was replaced prior to loading protein samples with two 

separate buffers, 0.1 M Tris (pH 8.9) at the anode and 0.1 M Tris (pH 8.25), 0.1 M 

Tricine, 0.1% SDS (w/v) at the cathode, respectively. Protein samples dissolved in SDS-

treatment buffer were electrophoresed at 30 V until the samples were fully within the 

stacking gel (30-45 min) to minimize aggregation of membrane proteins. The voltage was 

then gradually increased by maintaining constant current (75 mA) until the dye front 

reached the bottom of the gel (2-2.5 h). Gels were either stained with Coomassie R [33] 

or blotted to PVDF membranes. 

Western blotting 

Semi-dry electroblotting was performed according to the two-buffer method of 

Schagger [33]. This procedure compensates for the higher ionic strength of Tricine SDS 
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gels compared to Laemmli [34]gels. Furthermore, the addition of 6-aminocaproic acid 

(pK, 10.7) to the cathode blotting buffer greatly improves the efficient transfer of large 

membrane proteins (>40 kDa) from Tricine gels (running pH 8.5) compared to the 

negligible transfer of membrane proteins from Laemmli gels (running pH 9.5). This is 

because the effective electrophoretic mobility of the acid additive is so strongly reduced in 

the Tricine system that it migrates much more slowly than even large proteins, producing a 

stacking effect. In contrast to water-soluble proteins, extremely hydrophobic membrane 

proteins must migrate in the stack (to avoid the loss of SDS-solvation and precipitation in 

the gel) for efficient transfer to occur [33]. 

In preparation for electroblotting, PVDF membranes (cut to the size of the gel) were 

wetted with 100% methanol (~ 5 s, until transluscent) and equilibrated (15 min) with a 3 

mm stack of filter paper in anode buffer (300 mM Tris, 100 mM Tricine, pH 8.8). An 

additional 3 nam stack of filter paper, equilibrated in cathode buffer (300 mM 6-amino-

caproic acid, 30 mM Tris (pH 8.6), was placed on the lower electrode. The gel was rinsed 

briefly in deionized water (1-5 min, immediately following electrophoresis, without 

preincubation in any buffer) and placed on top of the cathode paper stack. The gel was 

covered with the PVDF membrane and the 3 mm anode paper stack was placed on top. 

After securing the upper electrode, blotting proceeded (6 h) with the current limited to 

100 mAJ gel (5.5 mAJ cm2). 

Immobilization of proteins for sequencing 

Proteins immobilized on PVDF for N-terminal sequencing (or CNBr-vapor treatment 

for internal sequencing) were stained with Coomassie R [33]. For "in-gel" internal amino 
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acid sequencing, Coomassie-stained gels were prepared in one of two different ways. For 

in-gel protein digestion, followed by automated, gas-phase N-terminal sequencing of 

HPLC-resolved fragments [35], the gels were preserved in 1% acetic acid and shipped 

moist in ziplock bags at room temperature to Dr. Y.M. Lee at the Protein Structure Lab, 

University of California at Davis, CA. For in-gel protein digestion, followed by fast atom 

bombardment-tandem mass spectrophotometric (FAB-MS/MS) sequencing of HPLC-

separated fragments [35], the specific band of interest was first excised from the stained 

gel and placed in a clean Eppendorf (1.5 ml) tube in 1 ml of 50% acetonitrile, with gentle 

shaking for 5 min. The free liquid was removed, leaving the sample moist, and the tube 

containing the sample was frozen at -20°C and shipped on dry ice to Dr. Bill Lane at the 

Harvard Microchem Sequencing Facility at Harvard Medical School in Cambridge, MA. 

Protein sequencing and analysis 

The 64 kDa peptide associated with NAPE synthase activity was prepared as described 

above. Computer searches of nucleotide and protein databases were performed using 

BLAST programs developed by the National Center for Biotechnology Information at the 

National Library of Medicine [36]. Combining various custom-designed search programs, 

including BLAST and BEAUTY, several sequences were identified with homology to the 

cottonseed protein sequences. 

2.4 DNA manipulation and transformation techniques 

Oligonucleotides 

Eight sets of 18-mer (and one 15-mer) degenerate oligonucleotide primers were 

synthesized and prepared (for PCR or RT-PCR amplification of cottonseed or tobacco 
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cDNA) by Bio-Synthesis, Inc. (Lewisville, TX). The primers were designed based on 

amino acid sequences (GVFYQG, EAQLQE, AEARFQ, ESIEQK, DYDMGH, DYDFGH 

and PASVE) obtained from I AM HPLC-purified, DDM-solubilized microsomal proteins 

associated with cottonseed NAPE synthase activity (Table 5). Most of the primers were 

synthesized in both sense (+) and antisense (-) strand orientations, with mixed-base sites 

to accommodate the degeneracy of the genetice code. Degeneracies varied from 64- to 

768-fold. 

PCR amplification of cDNA 

A cottonseed cDNA library (provided by Dr. R. N. Trelease, Arizona State University) 

was constructed from mRNA isolated from cotyledons of 48 h-old cotton (Gossypium 

hirsutum L.) seedlings and packaged in bacteriophage X (uniZAP library, Stratagene, 

initial pfu >109 ml"1) [37]. A tobacco cDNA library (provided by Dr. G. An, Washington 

State University) was constructed from mRNA extracted from a tobacco NT-1 (Nicotiana 

tabacum L.) cell line in early exponential growth stage. The average insert size of 1 kb 

was packaged into lamda (ZAPII library, Stratagene, initial pfu > 1015 ml"1) with external 

EcoRI and internal Notl linkers (Pharmacia). 

E. coli lysate (10 JJ.1) containing phage from either the cottonseed or tobacco cDNA 

library was heated for 5 min at 70°C, cooled on ice, and added to a 50 ^1 reaction 

containing 10 mM Tris-HCl (pH 8.3), 3 mM MgCl2, 50 mM KC1, 0.1% Triton X-100, 0.2 

mM each of dATP, dTTP, dGTP and dCTP, 1.25 units of AmpliTaq DNA polymerase 

(Perkin-Elmer) and 1 |xM each of a (+) and (-) degenerate primer pair. (PCR reactions 

with plasmids contained 0.01 ng of plasmid DNA template and 0.2 of each degenerate 
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primer.) In most experiments, "hot-start PCR" was implemented by the initial separation 

of primers and template/enzyme solution with wax beads (AmpliWax PCR Gems, Perkin-

Elmer) according to product instructions. PCR was initiated by incubation in a 

thermocycler (Perkin-Elmer Model 2400) for 3 min at 94°C, followed by 3 cycles of 

relaxed stringency to facilitate annealing of short degenerate primers (15 s at 94°C, 30 s at 

47°C, with a 40%-reduced ramp rate to 72°C and 30 s at 72°C), followed by 30 cycles of 

15 s at 94°C, 30 s at 49°C and 30 s at 72°C, and a 7 min extension at 72°C, followed by a 

sustained hold at 4°C. All possible (+) and (-) primer combinations were used with these 

cDNA templates. 

Amplification of reverse transcribed cDNAby RT-PCR 

Total RNA was extracted from 1 g fresh weight of various cotton organs (cotyledons 

from 12-h-old germinated seeds, hypocotyls and roots of 2 d-old seedlings, or mature 

leaves of full-grown plants) by the modified hot borate method of Wan and Wilkins [38]. 

Using the Access RT-PCR System (Promega), RT-PCR reactions (50 JJ.1) contained 0.4 

fig of total RNA (isolated from one of the above tissue sources), l jxM of each degenerate 

primer, 5 units of AMV reverse transcriptase, either 1.5 or 3 mM MgS04, nuclease-free 

water, AMV reverse transcriptase/?)? DNA polymerase reaction buffer, 5 units of Tfl 

DNA polymerase, and 0.2 mM each of dATP, dTTP, dGTP and dCTP. Primers were 

added to the RNA template in a 0.2 ml thin-walled, PCR tube (Perkin-Elmer), incubated at 

70°C for 10 min, and cooled to room temperature prior to adding the other reaction 

components. Reactions were incubated in a thermocycler (Perkin-Elmer Model 2400) for 

45 min at 48°C to synthesize first-strand cDNA, followed by 2 min at 94°C to inactivate 
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the reverse transcriptase and denature the cDNA template, followed by 5 relaxed cycles 

and 35 regular cycles (as previously described for PCR reactions) to synthesize second-

strand and amplify DNA, followed by 7 min at 72°C and an extended hold at 4°C. 

Subcloning of PCR products 

Restriction endonuclease digestion, ligation, agarose electrophoresis and additional 

recombinant DNA techniques were carried out as described by Sambrook et al. [39], or 

according to specific product instructions, unless otherwise indicated. PCR or RT-PCR 

amplification products were fractionated on 3% agarose (PCR, Perkin-Elmer) gels in 

standard TAE buffer (0.04 M Tris-acetate, 0.001 M EDTA, pH 8.0) for 2 h at 70V. 

Selected fragments were excised from the gel and purified using either a Prep-A-Gene 

(BioRad) or Sephaglas™ Band Prep (Pharmacia) DNA purification kit. The purified 

DNA (in 5 jxl) was then reamplified in a 50 ^1 PCR reaction containing 0.2 jaM of the 

same primers, 5 units of xTth DNA polymerase (Perkin-Elmer), xTth DNA polymerase 

buffer, 2 mM Mg(OAc)2, and 0.2 mM each dNTP, under the same PCR conditions 

described previously, with the following exception. Reactions were immediately retrieved 

(< 1 min) from the thermocycler after the final temperature (4°C) was achieved, placed on 

ice and purified to enhance ligation into plasmid vectors. These second PCR products 

were purified from the PCR reaction mixture with a Prep-A-Gene (Bio-Rad) DNA 

purification kit, quantified by comparison with DNA mass markers (10-200 ng / band, 

corresponding to 100- 2000 bp, respectively; GIBCO) following electrophoresis in 3% 

agarose gels stained with ethidium bromide, and ultimately ligated into £coRV-digested 

pZEr0.2 ™ plasmids (Invitrogen) with a Fast-Link DNA ligation kit (Epicentre 
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Technologies). One Shot™ Top 10 E. coli cells (Invitrogen), made competent by cell 

suspension in 0.1M calcium chloride and 0.01 M rubidium chloride [40], were transformed 

with the pZEr0.2 ™ plasmid vectors and plated on selective agar, containing NZY media 

(21 mg/ ml), 0.05 mg/ ml kanamycin, and 1 mM IPTG. Since these plasmids carry the 

lethal gene ccdB (control of sell death, induced by the lac Z promoter) and kanamycin 

resistance, only cells carrying plasmids with inserts (which disrupts the ccdB gene) should 

be viable on these plates. Plasmid DNA was isolated (Wizard Plus SV miniprep DNA 

purification kit, Promega) from 10 ml of culture (NZY, 21 mg/ ml, and 0.05 mg/ nod 

kanamycin) innoculated from a single positive colony and grown to log phase. The 

plasmid DNA was digested with EcoRI and Xhol and fractionated on 1.5% agarose to 

verify PCR inserts. Positive clones were amplified in 50 ml culture and the plasmids were 

purified with a Qiagen Plasmid Midi Kit-100 for DNA sequencing. DNA purity and 

quantity were estimated spectrophotometrically. 

DNA sequencing and analysis 

PCR fragments subcloned into double-stranded pZEr0_2 ™ plasmid vectors were 

sequenced with IRD41-labeled Ml 3 Forward or Ml 3 Reverse primers (LI-COR), using 

either a SequiTherm EXCEL™ Long-Read™ Kit-LC fluorescent-labeled primer 

sequencing kit with 7-deaza-dGTP (Epicentre Technologies) and/or a T7 Sequenase 2.0 v 

sequencing kit (Amersham). The dideoxy-termination reactions were processed on an 

automated LI-COR Sequencer (LI-COR Inc., Lincoln, NE, Model 4000). DNA 

sequences were analyzed for open reading frames using DNASIS software (HIBIO 

DNASIS™ for Windows®, version 2). Computer searches of nucleotide and protein 
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databases were performed using BLAST and BEAUTY programs developed by the 

National Center for Biotechnology Information at the National Library of Medicine [36]. 

Results 

Purification of NAPE synthase by IAMHPLC 

Cottonseed microsomal NAPE synthase is postulated to catalyze the direct acylation of 

PE with FFA (Fig. 1). My strategy for purifying this integral membrane enzyme was 

based on the hypothesis that PE analogues might function as affinity ligands to selectively 

isolate NAPE synthase from other DDM-solubilized membrane proteins. The two 

IAM.PE chromatographic surfaces tested in the purification of cottonseed microsomal 

NAPE synthase are depicted in Figure 2. 

Figure 3 shows the chromatographic profile of DDM-solubilized cottonseed 

microsomal proteins (5 mg total protein injected in 2 ml) eluted from a semi-preparative 

ethaIAM.PEcl0/C3 (6.5 X 1.0 cm) HPLC column. The majority of proteins in the sample 

passed through the column with little or no interaction, as observed by the A254 profile in 

Figure 3 A (the second A254 peak, before the "pulse" gradient, was due to the high 

absorbance of proteinase inhibitors added to the preparations and not to membrane 

proteins eluting from the column, as assessed by SDS-PAGE). In contrast, both DDM 

and DMPE were required to elute NAPE synthase activity from the column. In feet, to 

facilitate the elution of proteins that exhibited a high affinity for the cthaIAM.PEcl0/C3 

surface, unconventional elution conditions demonstrated the best success. In other words, 

instead of using a more traditional linear gradient of mobile phase B (containing DMPE 
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Figure 3. (A) Elution profile of DDM-solubilized microsomal proteins from the 
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etberLAM.PEcl0/C3 (6.5 X 1.0 cm) HPLC column using a "pulse" gradient method (as 

described in materials and methods). The broken line represents the pulse gradients (% 

mobile phase B) and the solid circles indicate NAPE synthase activity measured in column 

fractions. (B) SDS-PAGE analysis of selected fractions during the purification of NAPE 

synthase by ethCTIAM.PEcl0/C3 HPLC chromatography shown in A. Proteins in lane 1 were 

from the total homogenate of cotyledons (from 24-h-old cotton seedlings, 57 |ag protein). 

Proteins in lane 2 were from microsomes (52 |ag protein). Proteins in lane 3 were DDM-

solubilized microsomal proteins (0.2 mM DDM, insoluble material was removed by 

ultracentrifugation, 12 jig protein). Proteins in lane 4 were from etberIAM.PEcl0/C3 fraction 

10 (~1 (j.g protein). Proteins in lanes 3 and 4 were photoaffinity labeled (10 s, UV254 

irradiation, as described in Chapter 2) with 125I-ASD (2.6 jiM, 2 |iCi) prior to 12% SDS-

PAGE analysis. Proteins in lanes 1-4 are visualized by silver staining. Lanes 5 and 6 are 

the autoradiograms of lanes 3 and 4, respectively. (Figure was adapted from [29]). 

and DDM), a "pulse" injection of B (shown by the dotted line in Fig. 3 A) resulted in the 

elution of most of these proteins. Most interesting and useful for our purposes was that 

NAPE synthase activity (depicted in Fig. 3A by the solid circles) did not elute during this 

pulse gradient. Instead, it was collected about 15 min after the gradient was completed, in 

fraction 10, thus resolving it from other proteins in a single purification step. 

Furthermore, NAPE synthase activity was concentrated in only three fractions (9,10 and 

11). The purification of NAPE synthase by """"IAM-PE C10/C3 chromatography is 

demonstrated by the 12% SDS-PAGE analysis of selected fractions (Fig. 3B). Protein 

visualization by silver staining (lanes 1-4) revealed the presence of a single 64 kDa 

polypeptide in fraction 10 (Fig. 3B, lane 4). Photoaffinity labeling of these proteins by 

125I-ASD as seen in the autoradiogram (Fig. 3B, lane 6), as well as the pronounced specific 
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activity associated with fraction 10 (Fig. 3 A, solid circles), indicated that the 64 kDa 

polypeptide was NAPE synthase. The cottonseed enzyme was purified 15,520-fold over 

crude homogenates and ~ 96-fold over DDM-solubilized microsomal proteins (Table 1). 

This first purification of NAPE synthase was achieved through a collaboration with Dr. 

Charles Pidgeon at Purdue University. However, we were not able to use the semi-

preparative etiraIAM.PE C10/C3 column further since it was allocated to other projects. The 

tremendous cost of synthesizing a duplicate semi-preparative size etherIAM.PEcl0/C3 HPLC 

column prohibited this option. Therefore, a new generation PE-anologue IAM surface 

(^AJVLPE010'03; Fig. 2), which could be synthesized more economically, was developed 

both for our applications and ultimate commercial production. The ̂ IAMPE010703 

material was prepared in Dr. Pidgeon's laboratory [15], packed into a semi-preparative 

(5.0 X 1.0 cm) HPLC column (and also into a pre-column "guard" column) at Regis 

Technologies and sent to us for testing its applicability to purify NAPE synthase. The 

synthesis of this similar IAM.PE surface provided a practical, alternative stategy for 

purifying NAPE synthase at UNT. 

The ethCTIAM.PECI0/C3 (6.5 X 1.0 cm) chromatographic surface appeared to function 

well as an affinity surface for the NAPE synthase enzyme. However, since the 

5GIAM.PEC10/C3 material lacked the glycerol backbone, it was possible that the enzyme 

might show less afinity for this PE analogue. In part, this was observed. Figure 4 

illustrates the partial purification of NAPE synthase by 6GIAM.PEC10/C3 HPLC. Figure 4A 

is the elution profile of DDM-solubilized microsomal proteins (~ 2 mg total protein 

injected in 5 ml) from the semi-preparative ̂ IAM.PE010703 (5.0 X 1.0 cm) HPLC column 
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using a single-pulse (PE/DDM) gradient method. The superimposed profiles of A254 (solid 
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Figure 4. (A) Elution profile of DDM-solubilized microsomal proteins from the 

^IAM.PE010'03 (5.0 X 1.0 cm) HPLC column using a "pulse" gradient method. Proteins 
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were detected at A254 nm (solid line), the pulse gradient is shown by changes in mobile 

phase B (broken line) and NAPE synthase activity measured in column fractions is 

represented by solid circles. (B) SDS-PAGE analysis of selected fractions during the 

purification of NAPE synthase by ̂ IAM.PE010'03 chromatography shown in A. Proteins 

in lane 1 were DDM-solubilized microsomal proteins (-36 p.g protein). Proteins in lanes 

2, 3,4 and 5 are from fractions 3, 10,21 and 29, respectively (-12,1,2 and <1 \ig 

protein, respectively). Proteins in lanes 1-5 were photoaffinity labeled with 125I-ASD prior 

to 10% SDS-PAGE analysis, as previously described, and then visualized by silver 

staining. Lanes 6-10 show the autoradiogram of lanes 1-5. 

line) and NAPE synthase activity (solid circles) shown in Figure 4A, show two major 

peaks of enzyme activity (peaks 3 and 21, respectively). Although significant production 

of NAPE was catalyzed by proteins in these fractions, the silver stained 12% SDS-PAGE 

analysis of fractions 3 and 21 (Fig 4B, lanes 2 and 4, respectively) revealed that the 64 

kDa polypeptide was not eluted alone. In feet, the proteins in fraction 3 (demonstrating 

less affinity for the ^IAM.PE010'03 chromatographic surface) were numerous. Most of the 

remaining proteins (with higher affinity for the IAM material) were released by the pulse 

gradient. However, after 20 min (similar to the elution profile in Fig. 3 A), a second area 

of NAPE synthase activity (fractions 20 and 21) was observed. Although these fractions 

were highly purified relative to fraction 3 (Fig 4B, lane 4) and also contained a 64 kDa 

polypeptide photolabeled with 125I-ASD (Fig. 4B, lane 9), the protein population was not 

homogeneous (as judged by the SDS-PAGE analysis) and the elution of activity in these 

fractions (after the pulse) was inconsistent. Nevertheless, the specific activity of NAPE 

synthase in fractions 3 and 21 were purified over that of crude homogenates by 755- and 
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8552-fold, respectively (Table 1). 

In experiments designed to examine the enzyme's catalytic properties, it was proposed 

that a serine residue might participate in the active site to form an acyl-intermediate, thus 

facilitating the otherwise unassisted acylation of PE. In support of this hypothesis, PMSF 

(an established inhibitor of active site serines) was shown to inhibit NAPE synthase 

activity [41]. Therefore, PMSF (previously added as a proteinase inhibitor at 0.1 mM 

concentration) was no longer included in the preparation of DDM-solubilized microsomal 

proteins from cotton seedlings. This favorably altered the purification results (Table 2). 

As noted, the specific activities typically recovered in fractions 3 and 21 from the 

^IAM.PE01070 HPLC column increased from 3.65 X 10"2 and 4.13 X 10"1 units/ mg 

protein to 1.92 and 6.91 units/ mg protein, respectively, in the absence of PMSF. 

In addition to obtaining the semi-preparative ^IAM.PE01070 (5.0 X 1.0 cm) HPLC 

chromatographic surface, I also borrowed two 6GIAM.PEC10/C3 HPLC columns from Dr. 

Pidgeon's laboratory, a pilot size (3 X 0.46 cm) and an analytical size (15 X 0.46 cm) 

column, respectively, both of which had been used with some previous success [29]. In 

our HPLC applications, neither column alone performed as consistently as the semi-

preparative ^IAM.PE00'03 HPLC column. When DDM-solubilized microsomal proteins 

(0.5-2.0 mg in 2 ml) were injected onto either column, we were unable to resolve or 

concentrate NAPE synthase activity from other proteins. Neither the implementation of a 

pulse gradient (with PE and DDM) nor the application of a more traditional, linear 

gradient alleviated this problem. Therefore, a two-step chromatographic strategy was 

developed (described in materials and methods) combining the partial purification of 
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Table 1 

Purification of NAPE synthase from cotton seedlings (with 0.1 mM PMSF) 

purification 
step 

total 
protein 

(mg) 

total activity 
(units*) 

specific 
activity 
(units/mg 
protein ) 

it-fold 
purification 

homogenate 563.0 2.72 X 10~2 4.84 X105 1 

microsomes 30.4 2.55 X 102 8.39 X 10"4 17 

1 M NaCl pellet 14.0 3.98 X 10 2 2.84 X 10"3 59 

0.2 mM DDM 
supernatant 

16.4 1.28 X 101 7.80 X 103 161 

ethelAM.PEcl0/C3 

(fraction 10) 
.003 2.25 X 10 3 7.50 X 101 15,520 

8GIAM.PEC10/C3 

(fraction 3) 
.042 1.53 X 10"3 3.65 X 102 755 

8GIAM.PEC10/C3 

(fraction 21) 
.005 2.07 X 10"3 4.13 X 101 8,552 

NAPE synthase was purified from cotton seedlings as described in the text. "Units 

represent (xmol/min. ''NAPE synthase activity and protein concentration were determined 

as described under "General Experimental Procedures". The results are averages of three 

purifications. 
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Table 2 

Purification of NAPE synthase from cotton seedlings without PMSF 

purification total total activity specific activity #z-fold 
step protein (units ) (units/nig ̂  purification 

(mg) protein ) 

homogenate 570.0 

microsomes 20.0 

1 M NaCl pellet 12.0 

0.2 mM DDM 11.8 
supernatant 

2.85 X 10~z 

3.45 X 102 

4.00 X 10 2 

2.08 X 101 

5.00 X 10 5 

1.72 X 10-® 

3.34 X 1<Y3 

1.76 X lO'2 

1 

35 

67 

352 

ethelAM.PE-L 
(enzyme pool) 

.0048 2.60 X102 5.42 108,333 

8GIAM.PEC10/C3 

(fraction 3) 
.010 8.67 X 103 8.67 X 10 2 1,733 

6GIAM.PEC10/C3 

(fraction 21) 
.005 9.60 X 10"3 1.92 38,400 

6GIAM.PEC10/C3 .006 
(enzyme pool, 

fractions 9,10,11) 

4.14 X 10 2 6.91 138,176 

NAPE synthase was purified from cotton seedlings as described in the text. a Units 

represent [imol/min. ^NAPE synthase activity and protein concentration were determined 

as described under "General Experimental Procedures". The results are averages of three 

purifications. 
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DDM-solubilized microsomal proteins (on the semi-preparative ̂ IAM.PE010703 HPLC 

column) and the final purification of NAPE synthase enzyme on either the pilot or 

analytical ethelAM.PE-Lcl0/c3 column. This resulted in sufficient, although very dilute, 

purified enzyme for sequencing and/or kinetics studies. A summary of the various HPLC 

applications we developed with the IAM.PE columns is shown in Table 3. 

Figure 5 shows a typical chromatographic profile of proteins (in active fractions taken 

from the front region (peak 3, Fig. 4A) of the ^IAM.PE010'03 column) eluted from the 

ethaIAM.PE-Lcl0/C3 (analytical) column. In contrast to elution patterns seen with other 

methods, there was little protein seen in the column flow-through, demonstrating that the 

column's capacity accommodated the amount of protein loaded and/or that most of the 

proteins demonstrated a strong affinity for the IAM material. The superimposed profiles 

of A254 and NAPE synthase activity show that the majority of specific enzyme activity was 

located after the extended pulse gradient in fractions 24-34. The region containing 

fractions 31-34 was consistently high in both enzyme activity and relative purity (Fig 5B). 

In contrast, the purity and activity in the region prior to this (fractions 24-29) varied 

slightly in its position, but was of adequate quality for amino acid sequencing or kinetics 

studies. The average specific activity measured in these combined fractions was 5.42 

units/ mg protein (Table 2). The NAPE synthase enzyme was purified 108,333-fold over 

that of crude homogenates and 63- and 3-fold over fractions 3 and 21 (from the SG 

column), respectively. Fractions containing optimal NAPE synthase activity and purity 

(64 kDa polypeptide) were collected from these two regions, combined and stored at 

-80°C for further experiments. 
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Table 3 

Summary of 1AM HPLC purification strategies 

Method 
(# columns 

utilized) 

IAM surface(s) 
(size) 

PE/DDM 
pulse 

elution 
(Y/N) 

Application H-fold 
purification 

1(1) etherIAM.PEC10/C3
a 

(semi-preparative) 
Y homogeneous 

purification 
15,520® 

2 (1) - front 6GIAM.PEC10/C3
 b 

(semi-preparative) 
N partial 

purification 
1,733 

2 (1) - back 6GIAM.PEC10/C3
 b 

(semi-preparative) 
Y protein 

sequencing 
38,400 

3(2) 1. 5GIAM.PEC10/C^ 
(semi-preparative) 

N enzyme pool for 
2nd column 

1,733 

2. etherIAM.PEC10/C3 

(pilot)0 
Y protein 

sequencing, 
characterization 

50,000 

4(2) i. 6GIAM.PEC10/^3 

(semi-preparative) 
N enzyme pool for 

2nd column 
1,733 

2. etherIAM.P|C10/C3 

(analytical) 
Y protein 

sequencing, 
characterization 

108,333 

5(1) 6GIAM.PECI0/C3 

(semi-preparative) 
N enzyme pool for 

kinetics and 
inactivation 
experiments 

138,176 

IAM chromatography was performed as described in the text. a The etherIAM.PEC10/C3 

semi-preparative column dimensions were 6.5 X 1.0 cm ^ The 6GIAM.PEC10/C3 
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semi-preparative column dimensions were 5.0 X 1.0 cm. c The dimensions of the pilot 

size ̂ "IAMPE010703 column were 3 X 0.46 cm. d The dimensions of the analytical size 

^TAM.PE010703 column were 15 X 0.46 cm. e «-fold purification over crude cottonseed 
f 

homogenates. Identity and confirmation of the 64 kDa subunit. 
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Figure 5. (A) Chromatographic profile of proteins eluted from the analytical size 

^"IAM.PE010703 (15 X 0.46 cm) HPLC column, following the injection of NAPE 

synthase-active fractions (collected from the ^IAM.PE010'03 HPLC column, described in 
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the text). The solid line indicates absorbance at 254 nm and the broken line shows the 

progress of mobile phase B (containing PE and DDM). (B) 12% Tricine-SDS-PAGE 

analysis of proteins (TCA precipitation of equal volumes) in selected fractions, as 

indicated. Migration of molecular mass markers (kDa) are shown on the far left (MW). 

"R" (0.5 ml of TCA-precipitated proteins) represents the region of activity collected from 

the ̂ AM.PE010'03 column and injected onto the analytical ether-PE column. Lanes 2-34 

represent the fractions assayed for NAPE synthase activity, shown in A (solid circles). 

Proteins were visualized by silver staining. 

Although NAPE synthase was isolated in a highly-purified form, enzyme-containing 

fractions eluted from the ̂ "IAMPE-L C10/C3 chromatographic surface contained relatively 

high concentrations of both DDM (2 mM) and PE (0.2 mM). Consequently, we devised 

an alternate procedure for the preparation of purified enzyme for kinetics and inactivation 

studies using the semi-preparative ̂ AM.PE010'0 HPLC column and a slight variation of 

the previous protocol. Because some NAPE synthase enzyme bound this material in the 

region before the pulse gradient (Fig. 4), PE and excess detergent were not needed to 

elute the active enzyme. By loading less total protein (0.8 - lmgin2ml,atan initial rate 

of .5 ml/ min, as in the two column method) and collecting 1.5 ml fractions, we were able 

to resolve NAPE synthase in the front region of the 6GIAM.PEC10/C3 column for kinetic 

purposes. Purification of NAPE synthase by 6GIAM.PEC10/C3 HPLC is shown in Fig. 6. 

The superimposed profiles of total protein and NAPE synthase activity in column fractions 

(Fig. 6A) indicated that the majority of DDM-solubilized microsomal proteins either 

passed through the column with little interaction or required 1% CHAPS detergent to 

dissociate them from the IAM surface. The majority of NAPE synthase activity was 
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concentrated in fractions 8-11. The purity of NAPE synthase in eluted fractions was 

evaluated by the separation of TCA-precipitated proteins by 10% tricine-SDS-PAGE (Fig. 

6B), which revealed essentially a single 64 kDa polypeptide in fractions 9-11, consistent 

with previous purification results. This 64 kDa polypeptide was photoaffinity-labeled 

specifically with 125I-ASD (not shown). With this method, NAPE synthase was purified 

138,176-fold (with an average specific activity of 6.91 units/ mg protein; Table 2) from 

crude homogenates prepared from the cotyledons of 14-h-old cotton seedlings [18]. 

These fractions were pooled for kinetics or inactivation studies. 

kDa MW 

1.0 

0.8 

0.6 S 
S 
o 

0 . 4 * 

0.2 

0.0 
»» » - 4 — N - M H I H O 

20 30 40 50 60 * * * 

Fraction number 
* * * 

1 2 3 4 5 6 7 8 9 1 0 1 1 12 14 18 18 20 C1 UZ IV! 

Figure 6. Fractionation of NAPE synthase using 8GIAM.PEC10/C3 HPLC. (A) The elution 
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profile of DDM-solubilized microsomal proteins form the column is shown by protein 

content m and NAPE synthase activity (•). The majority of activity (*) pooled for 

kinetics studies [18] are shown in fractions 9-11. The broken line represents the 

introduction of CHAPS into the mobile stream. CI and C2 indicate protein peaks eluted 

from the IAM surface by the CHAPS wash. (B) 10% Tricine-SDS-PAGE analysis of 

proteins (TCA precipitation of equal volumes in fractions 1-20, and in peaks CI and C2, 

were visualized by silver staining. Molecular mass markers (kDa) are indicated on the far 

left (MW) and the protein composition of DDM-solubilized microsomes injected onto the 

IAM column is shown in the last lane (M). 

Amino acid sequencing of lAM-purified cottonseed microsomal NAPE synthase 

IAM-purified NAPE synthase-containing fractions were pooled and concentrated to 

obtain amino acid sequence. Proteins were prepared in two different ways from active 

fractions, purified either by the ^AM.PE010'03 HPLC method or by the 2 column 

protocol. Table 4 shows the partial amino acid sequences obtained by these different 

methods. At first, proteins collected from the ^AM.PE010'03 HPLC column were blotted 

to PVDF membranes. Two bands were recovered from these preparations, one of ~ 66-

67 kDa and one o f - 64 kDa. Gas-phase N-terminal sequencing identified the larger 

polypeptide as cottonseed calnexin. The N-terminus of the smaller peptide was apparently 

blocked, because no sequences were obtained. Therefore, proteins were prepared for in-

gel digestion and subsequent internal amino acid sequencing from the highly-purified 

fractions eluted from the ^IAMPE010703 columns. The first putative NAPE synthase 

sequences were retrieved from fractions prepared via the 2-column method, using the pilot 

size ethctIAM.PEcl0/C3 column. Digestion with lysyl endopeptidase (lys-C) generated two 
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Table 4 

Sequences homologous to the first putative NAPE synthase amino acid sequences 

Peptide Identity 
(%) 

Sequence 

NAPE synthase 
peptide 1 — -

a> 
DFLLLELKRTPPAG 

NAPE synthase 
peptide 2 

dbest clone ID: 22756 3' 75 
(human infant brain) 

dbest clone ID: 25506 5* 66 
(human infant brain) 

genomic clone ID: F24H23 73 
(Arabidopsis thaliana) 

genomic clone ID: T23K13 64 
{Arabidopsis thaliana) 

RTPPAG VFYQGXFATP 

I II I I I I l+l 
AGVFYQGSAASP 

II + 11 II +1+1 II 
LLKLKEMPPPALFFQPS PPTP 

I l+l II I +11 
FLILELKNYPP 

I++l+l l+l I I 
EVRRSPPSGVF 

genomic clone ID: F6N4 
{Arabidopsis thaliana) 

61 LRXPPPAGFFYTG 

The amino acid sequences recovered from in-gel, lys-C digestion of a 64 kDa polypeptide 

with NAPE synthase activity, purified from the etherIAM.PEcl0/C3 pilot size column by a 2 

column HPLC method (described in materials and methods). BLAST searches (described 

previously) revealed sequences with homology to these peptides. Identity (100%) is 

indicated above the homologous amino acid by "|". Amino acids sharing functional 

similarity are indicated by "+". 
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overlapping amino acid sequences (Table 4), forming 

"DILLLELKRTPPAGVFYQGXFATP" when combined. Searching non-redundant 

protein and nucleotide databases with the BLAST algorithm revealed no homologous 

sequences. In contrast, searches of dbest, the cumulative EST (expressed sequence tag) 

database, identified two clones isolated from human infant brain, cDNA clones 22756 3' 

and 25506 5', respectively (Table 4) with significant homology. These clones were 

purchased, amplified and stored in glycerol stocks for future experiments. More recent 

Blast searches have added unidentified genomic clones from Arabidopsis thaliana that 

also demonstrate homology to this peptide fragment (Table 4). Several other sequences 

(retrieved from various protein preparations and sequencing methods; Table 5) also may 

represent a part of the NAPE synthase amino acid sequence. 

The sequences "XNLEAQLQE", "(S/D)AEARFQ", and "EXYEK" were obtained 

following in-gel digestion of protein isolated (using the 2 column method) from the 

etheTAM.PE-Lcl0/C3 column. The sequence "ESIEQK" was recovered from protein 

isolated in the same manner as the previous three, but blotted to PVDF and treated with 

cyanogen bromide vapor. Database searches with these additional amino acid sequences 

revealed homologies to many likely candidates that support the isolation of NAPE 

synthase, including acyl hydrolases from tobacco and potato, putative acetyltransferases, 

lipases, acyl carrier proteins and ceramide glycosyl transferases from rape seed, barley and 

rice, as well as plant membrane-spanning regions and fatty acid synthases (Table 5). 

Although IAM HPLC provided highly purified NAPE synthase-containing fractions, 

the amount of protein in these fractions was very dilute (typically ~100 ng/ ml). 
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Table 5 

Amino Acid Sequences obtained from IAM-purified NAPE synthase 

Purification Peptide 
method length 

(a.a.) 

(e) 
Amino acid sequence Sequence Similarity 

2 column 00 

2 column (*>) 

2 column O) 

2 column . < « > 

2 column^ 

acIAM.PE(d) 

8GIAM.PE(d) 

6GIAM.PE(d) 

24* 

8* 

7* 

6* 

5 

10* 

#GIAM.PE(d) 13 

11 

12* 

D(M)LLLELKRTPPA 
GVFYOGXFATP 

(N)LEAQL(Q)(E) 

(S/D)AEARF£Q) 

ESIE(Q)(K) 

EXYEK 

(see Table 3) 

patatin (potato), acyl-
hydrolases, lipases, acyl-
transferases 

fatty acid synthases, N-
acetyltransferases, 

acyl carrier proteins, 
14-3-3-like proteins, 
membrane ion channels, 
serine protienase 
inhibitor 2 

(no matches) 

(Q/K)SGPASVE(I/L)(Q/K) hepsin (a novel, trans-
membrane trypsin-like 
serine protease) 

(V)(V)VADT(L/I)(Q/K)DI 
V 
(F/MXQ/K) 

protein disulfide 
isomerase 

T(Q/K)ED(L/1)VD(F/M)(I/ protein disulfide 
L)E(Q/K) isomerase 

SDYP(F/M^GHTfL/I^DA 
(Q/K) 

protein disulfide 
isomerase 

Partial protein sequences were obtained from 64 kDa polypeptides with NAPE synthase 

activity, isolated by various IAM-HPLC methods (prepared for sequencing as described in 
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the text, (a) Purification of DDM-solubilized proteins by ̂ IAM.PE010'03, followed by 

purification on the eflraIAM.PECI0/C3 pilot size column (in-gel digestion with lys-C; Edman 

degradation) (b) Purification of DDM-solubilized proteins by 5GIAM.PEC10/C3, followed by 

purification on the etbeiIAM.PEcl0/C3 analytical size column (in-gel digestion with trypsin; 

Edman degradation) c Same purification as in (b), but blotted to PVDF and treated with 

CNBr vapor (Edman degradation) (d) Purified from peak 21 (Fig. 4; in-gel digestion with 

trypsin; FAB-MS/MS sequencing) (e) * Underlined amino acids were used to design 

degenerate PCR primers (Table 5). 

Furthermore, efforts to combine and concentrate the protein from these solutions failed to 

generate sufficient quantities for amino acid sequencing by Edman degradation. (Typically, 

~1 ng protein was recovered, although at least 6 jag are required for optimal results). In 

contrast, sequence information can be obtained from as little as 5 pmol protein using FAB-

MS/MS (although at least 50-100 pmol, ~3 ^g of NAPE synthase, generate less 

ambiguities). Therefore, we also utilized FAB-MS/MS sequencing to maximize our 

information from limited amounts of recoverable protein. 

The Harvard Microchemistry Facility, with the capability of performing FAB-MS/MS 

sequencing, carried out this alternative method. Purified NAPE synthase activity, isolated 

from the back region of the 6GIAM.PEC10/C3 HPLC column yielded several additional 

internal amino acid sequences from MS/MS sequencing (Table 5). Sequences included 

"(Q/K)SGPASVE(I/L)(K/Q)" (with homology to hepsin, a novel transmembrane trypsin-

like serine protease) and three others, "(V)(V)VADT(L/I)(K/Q)DIV(F/M)(K/Q)", 

"T(K/Q)ED(L/I)VD(F/M)(I/L)E(K/Q)" and "SDYD(F/M)GHT(L/I)DA(K/Q)", all of 

which shared homology to a protein disulfide isomerase precursor peptide sequence (an 
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ER resident protein) and a lipopolysaccharide processing protein. 

Isolation of NAPE synthase cDNAs 

Virtually nothing is known of the primary structure for NAPE synthase from any 

organism. Therefore, essential information, such as regions of amino acid similarity, 

conserved domains between species, or known funtional motifs, was not available for 

consideration in designing a stategy to isolate cDNA(s) encoding cottonseed NAPE 

synthase. Furthermore, the relative orientation of the putative amino acid sequences listed 

in Table 5 also was unknown. In spite of these difficulties, PCR experiments were planned 

with six sets of degenerate oligonucleotide primers, typically 18 nucleotides (nt) long. 

These were synthesized based on amino acid sequences which likely represent the NAPE 

synthase enzyme. Degeneracy was minimized wherever possible to accommodate the 18-

nt length. The logic of this approach is not unprecedented, since several genes have been 

identified by screening specific cDNA libraries with degenerate olignucleotide primers and 

the polymerase chain reaction [25-28]. The increased specificity contributed by PCR 

(over traditional hybridization methods) to the use of short, highly degenerate primers is 

accomplished from the requirement that two oligonucleotides must anneal (with proper 

orientation) to opposite DNA strands for amplification to occur. 

The primers used in PCR and RT-PCR experiments designed to isolate cDNA(s) 

encoding NAPE synthase are listed in Table 6. Primers 1- 4 were designed with the 

assistance of Dr. Robert Benjamin. The "+" or preceeding the primer number 

indicates the coding strand (+ primer) or the antisense strand (- primer, complementary to 

the coding strand), respectively. These primers incorporated all of the coding degeneracy 
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Oligonucleotide primers used in PCR and RT-PCR experiments 

96 

Primer Amino acid sequence^ 
Nucleotide sequence 

length 
( pQ (°Q 

Degeneracy 
(11-fold) 

G V F Y Q G 

+lRd 5' GGNGTRTTYTAYCARGGN 
+1Y 5f GGNGTYTTYTAYCARGGN 

18 56 512 

-1R CCNCARAARATRGTYCCN 5' 
-1Y CCNCAYAARATRGTYCCN 5' 

18 50 512 

E A Q L Q E 

+2R 5' GARGCRCARYTNCARGAR 
+2Y 5' CARGCYCARYTNCARGAR 

18 57 384 

-2R CTYCGRGTYRANGTYCTY 5' 
-2Y CTYCGYGTYRANGTYCTY 5' 

18 55 384 

A E A R F Q 

+3R 5' GCNGARGCRMGNTTYCAR 
+3Y 5' GCNGARGCYMGNTTYCAR 

18 60 768 

-3R CGNCTYCGRMCNAARGTY 5* 18 
-3Y CGNCTYCGYKCNAARGTY 5* 

58 768 

E S I E Q K 

+4 5' GARWSNATHGARCARAAR 

- 4 CTYWSNTADCTY GTYTTY 5' 

18 

18 

47 

51 

288 

288 
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Table 6 (continued) 

Oligonucleotide primers in PCR and RT-PCR experiments 

Primer Amino acid sequence^ 
Nucleotide sequence 

length 
(n«C) 

T 6 Im 
(°C) 

Degeneracy 
(n-fold) 

P A S V E 

+5 5' CCNGNCWCNGTNGAR 15 53 768 

D Y D M G H 

-6 CTRATRCTRTACCCNGTR 5' 18 56 64 

D Y D F G H 

-7 CTRATRCTRAARCCNCTR 5' 18 50 128 

Degenerate primers were designed from putative NAPE synthase amino acid sequences 

(Table 5, synthesized by Bio-Synthesis, Lewisville, TX). Amino acids are italicized' 
Jj 

The International Union of Pure and Applied Chemistry symbols used to denote multiple 
nucleotides are as follows: Y = C+T; R = A+G; S = C+G; W = A+T; N = A+C+G+T. 
c d 

nt (nucleotides) In most cases, two degenerate oligonucleotides were required to 
6 

encompass all codons desired. Tm 's were calculated for standard PCR reaction mixtures 

using "DNA Synthesis Oligo Calculator" (http://w.w.w.biotech.ufl.edu/cgi-bin/doa.cgi/). 

and all of the amino acid variations shown in Table 6. The total degeneracy of the primers 

varied from 64- to 768-fold. All possible pairwise combinations were used in the initial 

PCR experiments (applying annealing temperatures 5 degrees below that of the lowest 

primer T,,,) and the stringency of annealing was relaxed, as previously described, in the 

http://w.w.w.biotech.ufl.edu/cgi-bin/doa.cgi/
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Table 7 

DNA sequence results from PCR and RT-PCR experiments 

Template Primer 
Combination 

PCR 
product 

(bpa) 

sequence homology 

Cottonseed 
cDNA 

+3Y and -1R 350 K coli, shikamate 
synthase 

Tobacco cDNA +3Rand -1R 500 K coli, cinnamyl NAD 
dehydrogenase 

mRNA (12-h-old 
cotyledons) 

+3Y and - 1R 1500(A) E. coli, hypothetical 
protein 

mRNA (2-d-old 
hypocotyls) 

+3Y and -1R 380(B)b ribosomal RNA 

mRNA (12-h-old 
cotyledons) 

+3Y and -1R 280(C) ribosomal RNA 

mRNA (2-d-old 
hypocotyls) 

+4 and -3R 1300(D) E. coli, hypothetical 
protein 

mRNA (2-d-old 
hypocotyls) 

+5 and -6 250(E) 
• 

A. thaliana, putative 
amidase, fatty acid 
synthases, fatty acid 
amide hydrolases 

mRNA (12-h-old 
cotyledons) 

+5 and -6 290(F) chloroplast ribosomal 
RNA 

PCR, RT-PCR and sequencing were performed as described in Materials and Methods. 

Each result represents an average of four sequencing reactions. Homologous sequences 

were identified by BLAST searches, as peviously described. Degenerate, oligonucleotide 

primer sequences are shown in Table 5. • , putative NAPE synthase partial sequence. 
a Based on comigration with DNA markers (Fig. 7A). b Nucleotide sequences and 

deduced amino acid sequences for cotton PCR products are listed in the Appendix. 
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first 3-5 cycles to facilitate the annealing of short oligonucleotide primers [42]. 

Using a 24 h-old cottonseed cDNA library as the template, only a few primer 

combinations amplified PCR products, as visualized in 3% agarose gels stained with 

ethidium bromide (not shown). The primer combinations +3Y and - 1R (as well as +3R 

and - 1R) generated a single dominant 350 bp fragment, and four products were amplified 

with the primer combinations +4 and - 1R, including fragments of320,250,150 and 126 

bp, respectively. A 500 bp product was generated with the +3R and - 1R pair, and a 200 

bp product was amplified with the +4 and - 1R combination, using a tobacco cDNA 

library as the template. Sequencing of the 350 bp product identified it as a contaminant, a 

fragment of the E. coli shikimate synthase gene (Table 7). The 500 bp tobacco cDNA 

product was identified as another E. coli contaminant, cinnamyl-alcohol dehydrogenase. 

Attempts to reamplify the smaller PCR fragments were unsuccessful. 

In similar PCR experiments, using the human infant brain cDNA clone 22756 3' (EST) 

as a DNA template and all possible primer combinations, the +1R and -2Y primer 

combination generated several PCR products (10 bands, ranging from 280-1900 bp). 

However, the insert itself foiled to amplify a nucleotide fragment and other experiments 

with the EST clone and degenerate primer pairs were not pursued. The amplification of 

non-target DNA likely resulted from the combination of high degeneracy in the primer 

mixtures and low stringency annealing conditions. 

To prevent (or reduce) the amplification of non-specific, non-cottonseed cDNAs, an 

alternate strategy was planned using RT-PCR experiments and cottonseed RNA as the 

template. Total RNA was isolated from cotyledons of 12 h-old cotton seedlings, from 
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(ethidium bromide-stained) gel showing the amplification products from RNA templates 
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isolated from two tissues of developing cotton seedlings. Reactions in lanes 1-4 and 9-12 

contained 1.5 mM MgS04; reactions in lanes 5-8 and 13-16 contained a 3 mM MgS04. 

Ml and M2 are DNA ladders (pGEM (Promega), 2645-179 bp and DNA mass ladder 

(Gibco), 2000-200 bp (100-10 ng, shown on the right), respectively). Control mRNA 

template (Promega) was amplified in lane 17 (+) and lane 18 was a negative control, 

containing no mRNA. (B) Description of tissue sources and primer pairs associated with 

A. RT-PCR was performed as described in materials and methods. 

the hypocotyls or roots of 2 d-old seedlings and from the leaves of mature cotton plants. 

Products were amplified from all of these tissues except roots (not shown). Some of the 

results of RT-PCR experiments are illustrated in Fig. 7. The primer combinations that 

generated positive results with the cottonseed and tobacco cDNA libraries were used with 

the RNA templates. Additional primer combinations +5 and - 6 , +5 and -7, and +4 and 

-3R also were tested. Attempts were made to optimize conditions to avoid the selection 

of non-specific products. For example, the Mg2+ concentration was varied from 1.5 to 3 

mM in duplicate amplifications for comparison of products generated. Increased 

magnesium can enhance the amplification of non-specific products, but the amplification 

of specific products may require extra magnesium. In feet, it was difficult to determine 

optimal conditions since the length of expected PCR products was unknown. As in 

previous experiments, many non-specific products were amplified (Fig. 7A). 

Figure 7A is a 3% agarose gel, stained with ethidium bromide, showing the results 

from one RT-PCR experiment. Lanes 1-4 and 9-12 represent RT-PCR amplifications of 

cottonseed total RNA in 1.5 mM magnesium sulfate. Lanes 5-8 and 13-16 show duplicate 

reactions with increased magnesium concentrations (3 mM). Products amplified from 
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total RNA (isolated from the cotyledons of 12-hr-old cotton seedlings) are seen in lanes 1, 

2, 5, 6, 9,10, 13 and 14 (represented by Ax, Bj, C„ and D„ respectively; Fig. 7B). 

Products amplified from 2-d-old hypocotyl RNA are seen in lanes 3,4, 7, 8,11,12,15 

and 16 (represented by A2, B2, C2, and D2, respectively; Fig. 7B). A1 and A2 represent 

amplifications from primers +3Y and - 1R, whereas, B, and B2 were amplified from 

primers +4 and -3R. Q and C2 show amplified products from primers +5 and -6, and Dj 

and D2 show products amplified with the +5 and - 7 primer pair. The band seen in the (+) 

lane was control RNA amplified with specific primers (supplied by the Access RT-PCR kit 

from Promega). The (-) lane shows a negative control, containing all components except 

the RNA template. 

Several PCR products from the experiment shown in Fig. 7A were selected for 

sequencing, including the major products (A) in lane 1 (~ 1500 bp), (B) in lane 3 (-420 

bp), (C) in lane 5 (~ 370 bp), (D) in lane 8 (-1300 bp), (E) in lane 11 (-250 bp) and (F) 

in lane 9 (-250 bp). These were purified from agarose gels, reamplified with rTth DNA 

polymerase, purified and ligated into Ml 3 sequencing vectors. In spite of efforts to 

prevent amplification of non-specific (or contaminating) products, several sequences were 

amplified that did not represent the NAPE synthase enzyme. 

The results of sequencing (Table 7) were as follows. Products A and D likely were 

sequences encoding a hypothetical protein product from E. coli. Products B, C and F 

were amplified from ribosomal RNA. However, the 250 bp fragment in lane 11 (product 

E) from 2-day-old hypocotyl RNA, may represent a portion of the NAPE synthase 

sequence. Searches of nonredundant databases (blastp, blastn, swissprot, dbest, etc.) 



103 

Table 8 

Sequences sharing homology to the cotton hypocotyl RT-PCR (250 bp) 
amplification product E 

Peptide source Protein sequence similarity 
(alignment to C-terminal end) 

RT-PCR (E) 
250 bp (2-d-old 
hypocotyl RNA) 
(G. hirsutum L.) 

Putative amidase 
PIDe326468 
(Arabidopsis 
thaliana) 

Fatty acid synthases 
gi 211767; 
spP12276 
(Gallus gallus) 

Long-chain-fatty-
acid CoA ligase 
PID dl017757 
(Synechocystis sp.) 

Creatine 
amidohydrolase 
PID p38487 
{Bacillus sp.) 

Proteinase 
gi2511732 
(Candida albicans) 

carboxylesterase/ 
lipase (Type-B) 
PID g462182 
(Drosophila 
melanogaster) 

(H) (F) 
[ WQEQLYRSQDQ VRDRD YDMGH] 

QEDLYEAQDQ 

I I 1 + 1+ II I 11 + 
QEQVYQYQDNVEAFDV 

YRADDQIKDF 

++II I + +1 I II 
EIYREHDLLANRTFGYGH 

I I I I 1+ I I I II 
QRQYDRQQDEARDRLFD 

I I I I I I + ++I ++ + 
QEQLRREQQEQQEREYQL 
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Table 8 (continued) 

Peptide source 
Protein sequence similarity 

(alignment to C-terminal end) 

Cysteine proteinase 
PID z34899 
(V. sativa L.) 

Alkaline protease 
secretion protein 
APRF PSEAE 
(P. aeruginosa) 

Maltose 
transacetylase 
PID g2494018 
(E. coli) 

Hypothetical 
protein 
gi 2829870 
(A. thaliana) 

WQEKLYRVKGQLADRSY 

| ++ | | | |+ | | + | + 
QKRSYREQFQLNQRQFERGN 

+ I I I I 1 + II + 
ELYRSADETLSRDRLRA 

++ I 1+ I +1 I I I++ 
RDQEHKKDDGLRDRDHE 

Peptide source Protein sequence similarity 
(alignment to N-terminal end) 

RT-PCR (E) 
250 bp (2-d-old 
hypocotyl 
RNA) 

Hypothetical 
protein 
gi 2673907 
(A. thaliana) 

[KIEELKRKIEEFKTALQNCELRVELLEENNE1 

+ ++ | |+ | ++ | + + ++ + + | + | | | | 
RVDELRREVEQYDLSISTLQSKVKQLEEERE 
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Table 8 (cont'd) 

Protein sequence similarity 
Peptide source (alignment to N-terminal end) 

Legume + + | | + | ++ | + ++ + +| + | + | | | | | + 
cotyledon RVAELRREVERYDCSILSLQLKVKKLEEEREVGEE 
clone pAD9.2 
(P. sativum L.) 

unknown + + | | + | ++ | + ++ + + | + | + | | | | | 
protein RVAELRREVERYDCSILSLQLKVKKLEEEREV 
gi 3128185 + |+ 4+ +| + | 
(A. thaliana) [GEEKP DLENERKEERSENDG] 

Sequences were retrieved from BLAST nonredundant database searches with the blastp 
Si 

algorithm. The complete translated sequence for the 250 bp PCR product (E) is 

"GPCHSRNSVIELKASQSKIEELKRKIEEFKTALQNCELRVELLEENNE*WQE 
QLYRSQDQVRDRDYDMGH" b C-terminal partial sequence C N-terminal partial 

sequence. Identity (100%) is indicated above the homologous amino acid by Amino 

acids sharing functional identity are indicated by 

revealed amino acid homology of part of this translated sequence to a "putative amidase" 

from Arabidopsis thaliana. Other sequences sharing homology to regions of this PCR 

product included those coding for fatty acid synthases, fatty acid amide hydrolases, long-

chain-fatty-acid CoA ligase, a carbamoyl-phosphate synthase and an excitatory integral 

membrane amino acid transporter that removes released glutamate from the synaptic cleft. 

Collectively, these results suggest that the sequence amplified from 2-day-old hypocotyl 

RNA may encode part of the cottonseed NAPE synthase protein. 
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Discussion 

In an effort to determine the physiological role of NAPE synthase in plants, our 

approach has focussed on the purification of this unusual acyltransferase activity from 

DDM-solubilized cottonseed microsomes. The enzyme's affinity for its two substrates 

(PE and FFA) facilitated the use of a FFA substrate analogue (12-[(4-azidosalicyl)amino3 

dodecanoic acid) to identify a 64 kDa polypeptide associated with NAPE synthase activity 

in SDS-polyacrylamide gels [6], and two immobilized analogues of PE (etherIAM.PEcl0/C3 

or 6GLAM.PEC10/C3, respectively; Fig. 2) to purify the enzyme by HPLC [29,18]. 

Collectively, these results support the role of these two substrates in the catalytic reaction 

proposed for NAPE synthase in cotton seedlings [2-5, 18; Fig. 1]. 

Clearly, the rapid purification of cottonseed NAPE synthase to homogeneity on the 

semi-preparative etheiIAM.PEcl0/C3 HPLC column established the suitability of I AM 

chromatographic surfaces for this purpose (Fig. 3). The distinct behavior of the NAPE 

synthase enzyme on the two IAM surfaces tested allowed the development of alternative 

purification strategies to isolate the enzyme for different purposes (Table 3). The strong 

affinity of NAPE synthase for the ^"IAMPE00703 material consistently required the 

addition of PE and DDM into the mobile phase in an unconventional "pulse" gradient to 

selectively elute the enzyme from the column (Figures 3 and 5). This offered an advantage 

in isolating NAPE synthase from other membrane proteins that do not selectively bind PE 

as an affinity displacing ligand. Theoretically, hydrophobic displacing Ugands (e.g., 

DMPE) partition into the IAM surface to facilitate protein displacement. The DMPE is 
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delivered to the surface via a DDM/DMPE-mixed micelle, equilibrating with immobilized 

PE during the pulse gradient. Lateral diffusion of DMPE could allow DMPE to partition 

into the binding site of NAPE synthase. The equilibrium between detergent-solubilized 

DMPE and immobilized PE causes the elution of DMPE (and proteins associated with it) 

to lag behind the pulse, separate from the elution of other proteins not bound by PE, 

In our HPLC applications, neither the pilot nor analytical size etherIAM.PEcl0/C3 columns 

were able to resolve NAPE synthase activity from contaminating proteins when DDM-

solubilized microsomal proteins were applied to the column (not shown). Most probably, 

the total amount of protein in these solutions overloaded the columns' surface capacities. 

However, either of these I AM surfaces provided highly-purified NAPE synthase for amino 

acid sequencing, when used in combination with the ^IAM.PE010'03 (Fig. 5). In this case, 

the enriched NAPE synthase activity, without as many contaminating membrane proteins, 

was better suited for partitioning in the membrane-like surfaces of the smaller 

ettl<BIAM.PEcl0/C3 columns. In contrast, the NAPE synthase enzyme demonstrated less 

affinity (or two distinct affinities) for the ^IAM.PE01070 chromatographic surface, which 

lacked the ether-linked glycerol backbone. However, this made possible the elution of 

purified NAPE synthase without excess PE or DDM and provided a convenient, rapid 

means of obtaining the active enzyme for the study of its kinetic properties with respect to 

both of its substrates, PE and FFAs [18; Fig. 6]. 6GIAM.PEC1<VC3 chromatography also has 

shown a more general applicability for the isolation of membrane proteins based on 

membrane surface interactions [e.g. cottonseed calnexin, 30]. 

It is possible that the differences observed in the partioning of NAPE sythase (binding 
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affinities) within each of the IAM surfaces is due to the selective interactions of isozymes 

with these surfaces. Perhaps one (or more) of the isoforms has greater affinity for the 

analogue lacking the glycerol backbone and is eluted in the PE pulse from the 

^IAM-PE010'03 surface. In contrast, the activity eluted in the region before the PE pulse 

from this surface may bind the ether-PE surface with stronger affinity (perhaps better 

fitting the enzyme's active site). Future work with each isozyme on the IAM surface may 

help clarify these questions. It is interesting to speculate that the enzyme purified by the 

^IAM.PE010'0 front region, followed by the ethraIAM.PEcl0/C3 column, may be isoform B 

[pi 7.2; chapter 2]. The strongly biphasic nature of NAPE synthesis with respect to FFAs, 

in kinetics studies performed with IAM-purified enzyme [18 and chapter 3], resembled the 

kinetic profile seen with isozyme B [5]. To date, attempts to work with the isozymes in 

IAM HPLC applications have been limited, but initial column profiles indicated that 

isozyme B was eluted solely from the ^IAM.PE010'03 front region, while the other two (A 

and C) were retained more strongly and eluted in PE and DDM following the pulse (not 

shown). Other studies are needed to explore this possibility in more detail. 

Several factors complicated the purification and sequencing of cottonseed microsomal 

NAPE synthase. First, its relative abundance in these tissues is apparently very low (based 

on its calculated «-fold purification; Tables 1 and 2) which made it difficult to isolate in 

sufficient quantities for sequencing. Second, it is an integral membrane protein, which 

adds unique challenges that are often difficult to overcome. The hydrophobic nature of 

these proteins requires their solubilization in detergents (which also must maintain their 

native conformation) for in vitro studies in aqueous solutions, and all experiments must be 
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planned carefully to implement steps to prevent aggregation. Attempts to concentrate 

dilute solutions of purified enzyme were met with limited success. In addition to these 

typical problems, the existence of isozymes further complicates the purification and 

sequencing of this unusual acyltransferase. Third, the subcellular location of cottonseed 

NAPE synthase has established it as a resident of the secretory pathway [24]. Therefore, 

it may be chemically modified by glycosylation, acylation, or by other groups that could 

interfere with its digestion. Indeed, proteins prepared for sequencing were highly resistant 

to digestion with endopeptidases (lys-C and trypsin). Also, the N-terminus was blocked, 

making digestion and sequencing of peptide fragments the only options. The results 

presented here represent the success achieved over three years. In an effort to go 

forward, molecular biological experiments were designed to obtain nucleotide sequence 

that encodes NAPE synthases using the limited amino acid sequences obtained. The high 

percentage of ambiguous amino acid information, as well as the limited sequences derived 

from peptide digests (Table 5), made the design of degenerate primers problematic. 

In spite of these difficulties, several partial peptide sequences were recovered that are 

likely candidates for the NAPE synthase enzyme. Since NAPE synthase has not been 

cloned from any organism, nothing is known of the enzyme's primaiy structure and we 

can only propose the relevance of protein families that may share homology with these 

sequences. Several of the proteins listed inTable 5 catalyze their activities through an 

active site serine residue, including esterases and lipases, acyl transferases, fatty acid 

synthases, and serine proteinases [43,44]. Since NAPE synthase was shown to contain a 

functional serine residue in its catalytic site [18,41, chapter 4], it is encouraging to find 
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amino acid homology to sequences within this group. The motif "G-X- S-X-G" has been 

found around the reactive serine residue of all known serine proteinases, esterases, and 

eukaryotic fatty acid synthases [44]. It will be interesting to discover whether or not 

cottonseed NAPE synthase (or other related plant proteins) also shares this same motif. 

Essential to understanding the physiological role of NAPE biosynthesis in plants is the 

molecular cloning of cDNA(s) that encode(s) the NAPE synthase enzyme(s). This 

frequently involves the synthesis of oligonucleotide probes to a known amino acid 

sequence, for sceening a cDNA library from a tissue source that is likely to express the 

gene. However, predicting the codon usage (due to the degeneracy of the genetic code) 

when designing these oligonucletides can complicate this strategy, and frequently generate 

unproductive (spurious) results. We have implemented the mixed alignucleotides primed 

amplification of eDNA (MOPAC) procedure to generate a cDNA probe for screening a 

cottonseed cDNA library and isolating a clone ecoding NAPE synthase [42]. The 

MOP AC method was developed to clone the porcine urate oxidase cDNA [45] and was 

applied by others to generate cDNA probes used for cloning several other genes [25-27]. 

In our experience with this protocol, the low stringency conditions required to ensure 

primer annealing is a major problem, resulting in the amplification of many non-target 

sequences (see Table 7). Prior knowledge of the size of the specific PCR product (as well 

as correct primer combinations and orientations) would greatly facilitate the exclusion of 

these seqences in our search. However, we report here the use of the MOP AC method in 

RT-PCR experiments to isolate a nucleotide sequence that may encode a part of 

cottonseed NAPE synthase. The homology this sequence shares with a region of a 
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putative amidase in Arabidopsis thaliana (Tables 7 and 8), as well as others (including 

fatty acid synthases and amide hydrolases), is consistent with the homologous protein 

sequence results (Table 5) demonstrated with the putative NAPE synthase amino acid 

sequences (from which primers were derived). This PCR-amplified sequence may provide 

a tool for future experiments, including its use as a labeled probe to screen a cottonseed 

cDNA library. The design of specific nested primer combinations for 5 - or 3 - rapid 

amplification of cDNA gnds (RACE) experiments (to capture longer fragments of the 

cDNA sequence) is also planned as part of our strategy to isolate a full-length cDNA 

sequence. The ultimate goal is to gain a better understanding of the physiological role of 

NAPE, which can best be assessed by altering the expression of the NAPE synthase gene 

in transformed plants. The results presented here provide the foundation for determining 

the primary structure of the cottonseed NAPE synthase enzyme and offer the first step 

toward genetic manipulation of its gene expression. 
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CHAPTER 4 

ENZYMOLOGY OF COTTONSEED MICROSOMAL 

N-ACYLPHOSPHATIDYLETHANOLAMENE SYNTHASE: 

KINETIC PROPERTIES AND MECHANISM-BASED INACTIVATION 

Abstract 

An ATP-, Ca2+-, and CoA-independent acyltransferase activity, designated 'W-

acylphosphatidylethanolamine (NAPE) synthase", was reported to catalyze the direct 

acylation of phosphatidylethanolamine (PE) with free fatty acids (FFAs) in cottonseed 

microsomes [Chapman and Moore (1993) Plant Physiol. 102(3), 761-769]. NAPE 

synthase was purified 138,176-fold from crude cottonseed homogenates to a specific 

activity of 5.98 jxmol min1 mg"1 protein by immobilized artificial membrane (LAM) 

chromatography for kinetics and inactivation studies (Chapter 3). Enzyme purity was 

confirmed by the presence of a 64 kDa polypeptide in fractions analyzed by tricine-SDS-

PAGE. Initial velocity measurements, with various free fatty acids ([14C]-myristic, -

palmitic, -stearic, -oleic and -linoleic) and saturating concentrations of dioleoyl-PE, 

Abbreviations: Diethylpyrocarbonate (DEPC), diisopropylfiuorophosphate (DFP), 
dioleoyl(C18:l,C18:l[cis]-9)-PE (DOPE), dithionitrobenzoate (DTNB), j3-D-dodecyl-
maltoside (DDM), free fatty acid (FFA), immobilized artificial membrane (IAM), 
isoelectric focussing (IEF), N-acylethanolamine (NAE), iV-acylphosphatidylethanolamine 
(NAPE), phosphatidylcholine (PC), phosphatidylethanolamine (PE), (C16:C18:2[cis]-
9,12)-PE (PLPE), phenylglyoxal (PGO), phenylmethylsulfonylfiuoride (PMSF). 
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revealed non-Michaelis-Menten, triphasic kinetics with high and low affinity sites 

demonstrating positive cooperativity specific for each [14C]-FFA. Fractionation of /J-D-

dodecylmaltoside (DDM)-solubilized microsomal proteins by gel filtration 

chromatography suggested two oligomeric forms of NAPE synthase activity, a dimer in its 

active native state (or at low FFA levels) and a 15-mer, induced by 100 nM palmitic acid 

added to the mobile phase. In contrast to FFA substrates, no kinetic differences were 

observed for two different molecular species of PE, (18:1,18:1)-PE and (16:0,18:2)-PE, 

and triphasic curves were not pronounced. Neither [14C]-dipahnitoylphosphatidylcholine 

nor [14C]-palmitoyl-CoA served as acyl donors for the synthesis of NAPE, indicating a 

preference for FFAs as the acyl donor. Also, neither ethanolamine nor sphingosine 

functioned as acyl acceptor molecule to form JV-acylethanolamine or ceramide, 

respectively, indicating specificity for the phospholipid, PE. NAPE synthase was 

inactivated in a time- and concentration-dependent manner by diisopropylfluorophosphate 

(DFP) through the apparent modification of one serine residue. Palmitic acid protected 

the enzyme from DFP-inactivation and [,4C]-DFP incorporation, suggesting that a serine 

residue probably binds FFAs in the enzyme's active site forming an acyl-enzyme 

intermediate. Collectively, these results provide new information on the kinetic behavior 

of a purified, integral membrane enzyme which synthesizes a bilayer-stabilizing product 

from two lipid-soluble substrates. The biochemical properties of cottonseed NAPE 

synthase are consistent with a possible free fatty acid scavenging role in vivo. 
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Introduction 

JV-Acylphosphatidylethanolamine (NAPE) was identified as a "non-polar" phospholipid 

component synthesized in cottonseed membranes when cotyledons of 24-h-old seedlings 

were incubated with [l,2-14C]-ethanolaniine [1]. While NAPE was first reported as a 

constituent of plants more than thirty years ago [2, 3], until recently little was known 

about the enzyme(s) involved in its synthesis. Results from radiolabeling experiments in 

vivo with cotyledons of cotton seedlings and in vitro studies with cottonseed microsomes 

suggested that NAPE was synthesized enzymatically by the Ca2+-, ATP- and CoA-

independent acylation ofPE with free fatty acids [1,4; see Fig. 1]. This unusual 

acyltransferase activity was attributed to an integral membrane enzyme, NAPE synthase, 

P~"CH~CH"~NH + O" 
r _ i i 3 I 

o - p - o O r - p - O - C H - C H 
" II 2 1 2 

O " <j)<j) O f o O NH 

o = c + o = < ; q = o — • o = c c = o 0 = 0 

NAPE synthase 

FFA PE NAPE 

Figure 1. Biosynthesis of NAPE in cottonseed microsomes. NAPE synthase catalyzes 

the acylation of PE with FFA. 
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solubilized from cottonseed microsomal membranes in DDM [5]. 

NAPE occurs in the membranes of various mammalian cells, including neuronal, 

myocardial and reproductive tissues [3, 6]. Also, NAPE has been found in washed cells or 

cell culture supernatants of several microorganisms [3]. In animal cells, NAPE 

accumulated as a result of ischemic injury and cancer; in other tissues, NAPE was a 

precursor for anandamide, a ligand that binds to and activates cannabinoid receptors [7-9]. 

A membrane-associated enzymatic activity responsible for the synthesis of NAPE was 

found in animal systems that catalyzed the Ca2+-dependent transfer of 0-acyl fatty acid 

groups esterified at the jw-1 position of diacylphospholipids to the amino headgroup of PE 

[3,6, 8,10]. The reaction occurred either intermolecularly, using PE, PC or cardiolipin as 

acyl donors, or intramolecularly, but noteably neither free fatty acids (FFAs) nor acyl 

moieties from fatty acyl-CoA were incorporated into NAPE. 

In an effort to better understand the physiological role of NAPE biosynthesis in 

cottonseeds, our primary objective was to purify this unusual enzyme and study its 

biochemical properties in vitro. The enzyme's affinity for its two substrates facilitated the 

use of substrate analogues in the identification and purification of cottonseed NAPE 

synthase. A 64 kDa polypeptide associated with NAPE synthase activity was identified in 

12% SDS-PAGE gels using a [125I]-labeled photoreactive FFA analogue [11, Chapter 2]. 

Also, a 64 kDa polypeptide with NAPE synthase activity was purified to homogeneity by 

etberLAM.PEcl0/C3 HPLC chromatography [12, Chapter 3], employing an analogue of PE as 

the immobilized artificial membrane ligand. Utilization of the e&erLAM.PEcl0/C3 surface 

required the elution of purified enzyme fractions with relatively high concentrations of 
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both DDM (2mM) and PE (0.2 mM). Consequently, we devised an alternative procedure 

for the preparation of purified enzyme for kinetics and inactivation studies using a different 

I AM HPLC chromatographic surface, ^AM.PE00'03, prepared with a PE analogue 

lacking the glycerol backbone [13, Chapter 3]. NAPE synthase bound this material with 

less affinity so that PE and excess detergent were not needed to elute the active enzyme 

[15]. Hence, kinetic parameters could be determined from initial velocity measurements 

made with either substrate and experiments were initiated to explore this unusual enzyme 

mechanism. 

Here we report the kinetic characterization of 6GIAM.PEcl0/C3-purified NAPE synthase 

with respect to free fatty acid (myristic, palmitic, stearic, oleic and linoleic) and PE 

((16:0,18:2)-PE (PLPE) and (18:1,18:1)-PE (DOPE)) substrates. The synthesis ofNAPE 

by the purified enzyme was not supported from acyl-CoA or diacyl-PC substrates. NAE 

was not formed from ethanolamine and palmitic acid, and the reverse reaction NAPE to 

PE and FFA was not observed. Consistent with the results of previous kinetic studies 

with less purified preparations, biphasic saturation curves were generated from initial 

velocity measurements made with FFA substrates [4, 5]. Furthermore, results from gel 

filtration chromatography of DDM-solubilized microsomal proteins suggested the 

presence of two catalytically active oligomeric forms ofNAPE synthase, which may 

possibly explain the nature of the biphasic behavior with respect to FFAs and the previous 

isolation of isozymes. Finally, we propose a feasible catalytic mechanism for the direct 

acylation reaction ofNAPE synthase through the formation of an acyl-enzyme 

intermediate based on inactivation experiments with known chemical modifiers. 
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Materials and methods 

Chemicals 

[l-14C]-Linoleic acid (53 mCi mmol"1 in ethanol), [l-14C]-palmitic acid (54 mCi mmol"1 

in ethanol), [l-l4C]-oleic acid (50 mCi mmol'1 in ethanol), [l-14C]-stearic acid (58 mCi 

mmol"1 in ethanol), [l-14C]-myristic acid (55 mCi mmol"1 in ethanol), [l-14C]-palmitoyl-

CoA (57 mCi mmol"1 in aqueous buffer, pH 7.4), l,2-di[l-14C]palmitoyl-PC (115 mCi 

mmol"1 in tolueneiethanol, 1:1), [l,2-14C]-ethanolamineand [1-14C]-

diisopropylfhiorophosphate (DFP) (160 mCi mmol"1 in propylene glycol) were purchased 

from DuPont NEN. L-3-phosphatidyl[2-14C]ethanolamine, l,2-dioleoyl(54mCi/mmolin 

toluene:ethanol, 1:1) was from Amersham Corp. Linoleic acid, palmitic acid, oleic acid, 

stearic acid, myristic acid, palmitoyl chloride, dipalmitoyl phosphatidyl(ALpalmitoyl)-

ethanolamine (NAPE), dioleoyl(C18:l,C18:l[cis]-9)-PE (DOPE), (C16:0,C18:2 [cis]-

9,12)-PE (PLPE), polyethylene glycol (PEG), deoxycholic acid (sodium salt), DFP, 

phenylmethylsulfbnylfluoride (PMSF), dithionitrobenzoate (DTNB), diethylpyrocarbonate 

(DEPC) and phenylglyoxal (PGO) were from Sigma. w-Dodecyl-P-D-maltoside (DDM) 

was from Anatrace. Sephacryl S-400 HR gel filtration packing material was from 

Pharmacia. Dialysis tubing (Cellulose Ester Membrane, MWCO: 10,000, Spectra/Por 

CE) and all other chemicals were from Fisher Scientific. 

Preparation of microsomes and DDM-solubilization of microsomal membranes 

Cotyledons of germinated cotton seedlings were harvested after 14 h, when cotyledons 

contained maximum NAPE synthase specific activity [18] and homogenized as previously 
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described (Chapter 1) with the following changes. PMSF was excluded from the 

proteinase inhibitor cocktail (0.5mM EGTA, 0.001 mM leupeptin, 0.001 mM pepstatin 

and 1 mM benzamidine HC1) since it was found to inhibit NAPE synthase activity [16]. 

Purification of NAPE synthase by IAM chromatography 

DDM-solubilized microsomal proteins were concentrated by ultrafiltration in 

Centriprep-30 devices (Amicon, Beverly, MA, USA) and fractionated by immobilized 

artificial membrane (IAM) chromatography for kinetics and inactivation studies using a 

semi-preparative 6GIAM.PEC3/C10 HPLC column (5.0 X 1.0 cm, prepared by Regis 

Technologies, Inc., Morton Grove, IL, USA), as described in Chapter 3. 

NAPE synthase activity also was purified for enzyme characterization by a two-column 

method (Chapter 3), by injecting partially purifed NAPE synthase onto either a pilot- or 

analytical-size etherIAM.PEC3/C10 HPLC column and eluting the highly-purified enzyme 

with a "pulse" of PE and DDM (0.2 mM and 2.0 mM, respectively). 

Eluted fractions (1.5 ml) were collected and analyzed for NAPE synthase activity 

(Chapter 1). Protein content was estimated fiuorometrically using OPA (Fluoraldehyde™ 

Protein/Peptide Assay Reagent from Pierce) and BSA as a protein standard according to 

manufacturer's instructions. Column fractions were evaluated for enzyme purity by 

examining their protein composition in silver-stained, Tricine-SDS 10% polyacrylamide 

gels (Chapter 3). 

Concentration ofproteins for gel filtration chromatography 

DDM-solubilized microsomal integral membrane proteins were concentrated either by 
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dialysis against inert dry media [19] or by ultrafiltration in a gas-pressurized (N2,10 psi) 

stirred cell (Amicon) through YM-30 membranes (30 kDa molecular weight exclusion 

limit, Amicon). Insoluble material was removed from DDM-solubilized microsomal 

proteins by centrifugation (150,000 X gmaY, 60 min, 4°C) in a Beckman Ti45 rotor. To 

concentrate by dialysis, DDM-solubilized microsomal protein solution (300 ml) was 

placed in dialysis tubing (8,000 MWCO), preconditioned to remove impurities by 

incubation in 100 mM NaHC03, 10 mM EDTA solution (pH 7.0) with shaking at 60°C for 

2 h [20]. The secured bag was completely covered with dry, flaked PEG (>10,000 MW) 

and incubated overnight at 4°C. The concentrated solution (-100 ml) was transferred to a 

new dialysis bag and covered in fresh PEG10 000 (2X) until the volume was reduced to 20 

ml. The protein solution was further concentrated to 5.5 ml (~6 mg total protein) in a 

Centriprep-30 ultrafiltration device (Amicon). 

Alternatively, DDM-solubilized microsomal proteins (300 ml) were added to a stirred-

cell and concentrated under positive pressure (N2,10 psi), according to manufacturer's 

instructions. When the volume was reduced to 15 ml (5 hr), the protein solution was 

transferred to a Centriprep-30 ultrafiltration device (Amicon) and concentrated to a final 

volume of 5.5 ml (~5.5 mg total protein). 

Gel filtration chromatography 

An aliquot (0.5 ml) of concentrated DDM-solubilized microsomal protein solution was 

assayed for NAPE synthase activity. The remaining 5 ml was loaded onto a gel filtration 

column (41 X 600 mm) packed with Sephacryl S-400 HR (Pharmacia), equilibrated in 

buffer A, 0.1 M potassium phosphate (pH 8.0), 0.1 M KC1,20% ethylene glycol (v/v), 1 
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mM EDTA and 0.2 mM DDM. Chromatography was performed at room temperature 

using a Bio-Rad Econo Pump LC System with the flow rate maintained at 1 ml min"1. 

Proteins eluted from the gel filtration column were monitored with a dual wavelength UV 

detector set to 280 nm, at a range of 0.01 AUFS. Column fractions (10 ml) were 

collected and analyzed both for NAPE synthase activity and for protein content 

(fluorometrically, using FluoraldehydeTM Protein/Peptide Assay Reagent from Pierce and 

BSA as a protein standard, according to manufacturer's instructions). 

To determine if oligomerization of NAPE synthase was induced by high FFA 

concentrations, palmitic acid (100 fiM) was included in mobile phase A to create mobile 

phase B and also added to the concentrated protein sample with incubation at room 

temperature for 30 min prior to injection onto the gel filtration column. Column fractions 

were collected and analyzed as above. Average molecular masses were estimated from a 

standard calibration curve derived from the elution of standard proteins, /3-amylase (200 

kDa), alcohol dehydrogenase (150 kDa), bovine serum albumin (66 kDa) and cytochrome 

c (12.4 kDa), and blue dextran (2,000 kDa). 

Preparation of radiolabeled substrates 

Radiolabeled and non-radiolabeled fatty acids were combined to prepare stock solutions 

for kinetic studies. Routinely, [14C]-palmitic acid (1.8mM, 54 mCi mmol"1 in ethanol) was 

mixed (1:1) with non-labeled palmitic acid (10 mM in ethanol) to generate a stock solution 

of [14C]-palmitic acid (5.9 mM, 8.2 mCi mmol"1 in ethanol). Stock solutions for linoleic, 

oleic, stearic and myristic acids were prepared in the same way generating final specific 

radioactivities of 8.5 mCi mmol"1, 8.3 mCi mmol"1 and 8.5 mCi mmol"1, respectively. 
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Enzyme assays 

The general assay for NAPE synthase activity, as well as lipid extraction of the reaction 

products, TLC separation, and quantification of radiolabeled NAPE were described 

previously (Chapter 1). DDM was added to eluted I AM column fractions to ensure a final 

concentration of 0.2 mM in the reaction mixture prior to the addition of substrates. The 

assay solution was briefly vortexed, sonicated and the incorporation of radiolabeled 

substrate was typically allowed to proceed with shaking in a 45°C water bath for 10 min 

before stopping the reaction with 2 ml of hot 2-propanol (70°C). 

To evaluate optimal temperature for the NAPE synthase reaction, assays were 

performed in triplicate. Each assay contained 0.5 ml pooled enzyme solution (~0.4 ng ml'1 

total protein), 50 jxM DOPE and 90[l-14C]-palmitic acid (8.2 mCi mmol"1 in ethanol) 

at 25, 35,45, 55, 65, and 75°C. Similar experiments were conducted with 90 |iM [1-14C]-

linoleic acid (8.5 mCi mmol"1) instead of radiolabeled palmitic acid. 

To establish acyl donor preference of the purified enzyme, three incubation 

mixtures were compared. Active enzyme fractions (0.5 ng ml"1 total protein) from I AM 

HPLC were combined (15 ml) and distributed as aliquots to three tubes. Each reaction 

contained 20 mM sodium phosphate (pH 8.0), 0.2 mM DDM, 20% (v/v) ethylene glycol, 

1 mM EDTA, and 2.5 fig total protein in 5 ml. DOPE (50 |xM) was added prior to the 

addition of 45 nmol of acyl substrate. To test for intermolecular acyltransfer from PC, 45 

nmol of l,2-di[l-14C]palmitoyl-PC (115 mCi mmol'1 in toluene:ethanol, 1:1) was added. 

To test for CoA-mediated acyl transfer, 45 nmol of [l-14C]-palmitoyl CoA (57 mCi mmol"1 

in aqueous buffer, pH 7.4) was added. Finally, 45 nmol of [l-14C]-palmitic acid (54 mCi 



126 

mmor1 in ethanol) was added for comparison. The reaction tubes were co-incubated at 

45°C for 40 min with shaking. Aliquots (0.5 ml) were removed from each tube at timed 

intervals (0, 5,10,20, 30, and 40 min), the reactions were stopped with the addition of 

hot 2-propanol (2 ml) and lipids were extracted and analyzed for NAPE formation [21]. 

Initial velocity measurements with FFA substrates were made in triplicate. Pooled 

enzyme solution (~0.3jag ml"1 total protein in 0.5 ml) and 50 |iM DOPE were equilibrated 

at 45°C for 10 min before adding FFA substrate. Undilute [l-wC]-FFAs of ~50 mCi 

mmor1 were used for substrate concentrations ranging from 5 to 60 fiM, and the diluted 

[1-14C]-FFA solutions of ~8 mCi mmol"1 were used for substrate concentrations from 30 

to 140(xM. 

Initial velocity measurements with PE substrates were made at saturating 

concentrations of FFA and increasing concentrations of DOPE or PLPE. Pooled enzyme 

(~0.4|ig ml"1 total protein in 0.5 ml) and [14C]-palmitic acid (70 or 20 jiM, 8 mCi mmol"1 

in ethanol) were equilibrated at 45°C for 10 min before adding the PE substrate. Stock 

solutions of DOPE or PLPE (1 mM in diethyl ether) were added to make final PE 

substrate concentrations of 5 to 100 ^M. 

The enzyme also was evaluated for catalysis of the reverse reaction, the conversion of 

NAPE to PE and FFA. [14C]-NAPE was prepared according to Dawson et al. [2] and 

purified by TLC. [14C]-NAPE (50 jil, 0.2 mM; 1.5 mCi mmol"1 in diethyl ether) was then 

added to pooled enzyme solution (-0.3ng ml"1 total protein in 3.5 ml) and aliquots (0.5 

ml) were removed at timed intervals (0, 5,10, 20, 30,45, and 60 min). Lipids were 

analyzed as above. 
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In other experiments, DOPE was replaced by [l,2-14C]-ethanolamine (3 mCi mmof1 in 

ethanol) and assayed with non-radiolabeled fatty acids to evaluate the specificity of the 

acyl acceptor and formation of [14C]-NAE. Following lipid extraction, radioactivity in 

both phases was assessed by liquid scintillation counting (in ScintiSafe Plus™ 50%, Fisher 

Scientific) in a Beckman LS 3801. Lipids also were separated by TLC to check 

specifically for the formation of [14C]-NAE [21]. 

Analysis of Kinetic Data 

Data obtained from initial velocity measurements were fit to the Hill equation [22]: 

• - (V-XCSD (1) 

\+[Sf 

The biphasic curves were best modeled as the sum of two independent Hill-derived 

equations: 

v = (Vmaxi)(Kal) + (Vmax2)(Ka2) (2) 

l/[S]n + K* l/tSf + K^ 

where v is the initial velocity measurement observed, is the apparent maximum rate 

obtained by the reaction, [S] is the substrate concentration, n = the number of substrate 

binding sites and described by Equation 3, is the association constant representing the 

affinity of the first site (or monomer) for substrate. 

Ka=[E-SJ (3) 

[E] [Sf 

Equation 2 was derived with the assumption that the rate of equilibration between 

substrate and enzyme was rapid relative to the rate of catalysis. Kinetic parameters were 

generated based on optimized curve-fitting of initial velocity data using Quasi-Newton or 
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Steepest Descent numerical algorithms [23] applied to Equation 2 with a MacCurveFit 1.2 

program (Kevin Raney Software, Australia). Values for S0,5 were calculated from values 

ofK/ n , where = l / K ^ , where Kj is the binding dissociation constant for substrate 

and K, has units of fiM"n. 

Chemical modification of NAPE synthase 

Inactivation experiments were performed using well-known chemical modifiers of 

specific amino acid residues [24-27]. Both DFP and PMSF were used to test for essential 

serine residues. DTNB was used to modify cysteine residues, DEPC was used to modify 

histidines, and PGO was used to modify arginines. Stock solutions of DFP (100 mM in 

isopropanol), PMSF (100 mM in isopropanol), DTNB (50 mM in ethanol), DEPC (100 

mM in DMSO), and PGO (100 mM in DMSO) were prepared fresh and added to enzyme 

assay solutions as required. Appropriate solvent blanks (without inhibitor) with added 

enzyme were tested as controls for calculations of activity. 

DFP inactivation experiments were performed in triplicate as follows. Purified enzyme 

(~2.5 |ig total protein in 5 ml) was added to each incubation tube, equilibrated to 45°C 

with continuous shaking, and DFP (100 mM in isopropanol) was added to make final DFP 

concentrations of 1, 3, 5,10,20, and 45 mM in 6 ml final volume, adjusted with assay 

buffer (20 mM sodium phosphate (pH 8.0), 0.2mM DDM, 1 mM EDTA). Following the 

addition of DFP to the assay solution, aliquots (300 jj.1) were removed at timed intervals 1, 

2, 3, 5,10,15, and 20 min and transferred to tubes containing assay buffer and 50jiM 

DOPE (200 (il). The samples were assayed for NAPE synthase activity with 70|aM [1-

14C]-palmitic acid (8 mCi mmol"1 in ethanol) as above (10 min at 45°C with shaking). 
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Modifications of NAPE synthase by DTNB were performed as described above for 

DFP, except that 50 mM DTNB (in ethanol) was used to make final DTNB concentrations 

of 1, 5,10,15, and 20 mM when added to incubations (-2.5 jig total protein in 5 ml). 

Substrate protection experiments were performed similarly, except that palmitic acid (120 

nM) was added to the assay solution for 15 min prior to the addition of DFP or DTNB. 

Additional modification experiments of NAPE synthase by PMSF, DEPC, DFP, DTNB 

and PGO were done using a common enzyme pool (-0.3 pg ml"1 total protein). Typically, 

stock solutions of PMSF, DEPC, DFP and PGO (described above) were added to enzyme 

solution (0.75 |j.g total protein) to make 1,10 and 30 mM inactivator concentrations in a 

final volume of 1.5 ml. These incubations were allowed to proceed for 20 min and the 

contents of each tube was then transferred to 3 tubes (0.5 ml/ tube) and assayed for 

remaining NAPE synthase activity as above. 

Incorporation of radiolabeled DFP into NAPE synthase 

[1-14C]-DFP (10 (iCi, 160 mCi mmol"1 in propylene glycol) was added to pooled 

enzyme (~0.6 (ixg total protein in 2 ml) and the modification reaction was allowed to 

progress for 30 min at 45°C with shaking. Proteins were precipitated with TCA as above. 

Protein pellets were dissolved in 200 pi of 3% (w/v) NajCO^ in 0.1 N NaOH and 

neutralized with 20 pi of 1 N HC1 as described by Cao and Preiss [28]. Radioactivity in 

the final suspension was assessed by liquid scintillation counting (in ScintiSafe Plus™ 

50%, Fisher Scientific) in a Beckman LS 3801. Substrate protection samples were 

prepared in a similar manner except that palmitic acid (120 pM) was incubated with the 

enzyme solution for 15 min prior to the addition of [1-,4C]-DFP. 
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Analysis of Inactivation Data 

For processing inactivation experimental data, non-linear least squares methods (using 

algorithms related to Levenberg-Marquardt [ 23]) were applied to inactivation equations 

[25] using Sigma Plot software (Jandel Scientific). Pseudo-first-order rate constants (kobs) 

for inactivation of NAPE synthase at various DFP concentrations were determined from a 

non-linear least squares fit of the observed data to: 

Et = E0e-to (4) 

where Et and E0 represent NAPE synthase activity at time t and 0, respectively. Semi-log 

plots derived from this expression were used to obtain (slope) values by regression 

analysis of the linearized data. A double reciprocal plot of vs [DFP] was made to 

show the concentration dependence of the pseudo-first-order rate constants. The line 

obtained is a nonlinear least squares fit of the rate constants obtained from Equation 4 

applied to Equation 5. This relationship is based on the general assumption of the 

formation of an enzyme-inactivator complex as shown: 

kj K*ct 
E + l - m - m l/kobs=l/kinact + K I/(lW[I]) (5) 

k.i 

The observed rate constant for inactivation was derived from Equation 5, where kobs is the 

pseudo-first-order rate constant of inactivation at a specific [DFP], Kx is the apparent 

dissociation constant of the enzyme inhibitor complex and k ^ is the maximum rate 

constant for inactivation. 
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Results 

Purification of NAPE synthase by60IAM.PECI0/C3 HPLC 

Cottonseed NAPE synthase is postulated to catalyze the direct acylation of PE with 

FFA (Fig.l). Purification of the NAPE synthase activity by ̂ AMPE010703 HPLC is 

summarized in Table 1. NAPE synthase was purified 138,176-fold from crude 

Table 1 

Purification of NAPE synthase from cotton seedlings 

Purification step Total 
protein 

(mg) 

Total Specific activity n-Fold 
activity (units/mg purification 

(units") protein) 

crude 
homogenate 

4,172 0.20 4.33 X 10 5 

microsomes 240" 0.16 6.50 x 10" 15 

lMNaCl pellet 

0.2 mM DDM 
supernatant 

6GIAM.rEC10/° 
(enzyme pool) 

60" 

59 

0.06 

0.15 

2.16 

0.35 

2.52 X103 

3.67 X 10 2 

5.98 

58 

850 

138,176 

NAPE synthase was purified from cotton seedlings as described in the text. NAPE 

synthase activity was determined as described under "Experimental Procedures". The 

results are averages of three purifications. The ̂ IAJMPE step represents activity 
a b 

measured in combined fractions 9,10 and 11. Units represent (imol/min. Protein 

concentrations were determined by the Bradford method. c Protein concentrations were 
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determined fluorimetrically using O-phthalaldehyde reagent. BSA was used as a protein 

standard for both methods. 

homogenates prepared from the cotyledons of 14-h-old cotton seedlings (Chapter 2). The 

average specific activity of the purified enzyme was 5.98 units/ mg protein compared to a 

specific activity of 4.33 X 10"5 units/ mg protein in the crude homogenate. The two-

column method (employing both ether- and 6G-IAM.PE surfaces, Chapter 3) also 

provided highly-purified (108,333-fold) NAPE synthase enzyme (5.42 units/ mg protein) 

appropriate for enzyme characterization. 

The yield (% of total activity recovered) from detergent-solubilized microsomal protein 

was 16.2%. The overall yield was not determimed since solubilization of microsomal 

proteins in DDM greatly increased the total activity from that of the crude homogenate. It 

is possible that the in vitro enzyme activity is enhanced in some way by incorporation into 

detergent micelles or that specific regulators (or substrate competitors) have been 

removed or inactivated. 

Enzymology of IAM HPLC-purified NAPE synthase 

Since palmitic and linoleic acids were predominantly found at the jV-acyl position of 

cottonseed NAPE [29], the effects of temperature on purified NAPE synthase activity 

toward these two FFAs was examined (Fig 2). When [14C]-palmitic acid (90|iM) was 

added to the enzyme pool with 50 nM DOPE, optimal activity was observed at 45°C (Fig. 

2A), as previously reported for cottonseed microsomes [4], which suggested that this 

temperature dependence was a property of the enzyme itself and not its membrane-lipid 
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Figure 2. Influence of temperature on NAPE synthase activity using either (A) [14C]-
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palmitic acid (90 fiM, 8.2 mCi mmol'1) or (B) [14C]-linoleic acid (90 (iM, 8.5 mCi mmol"1) 

as the FFA substrate plus 50 yM DOPE (described in materials and methods). 

environment. When [14C]-linoleic acid was used as the FFA substrate, the enzyme was 

active over a wider temperature range (25-60°C) than for palmitic acid (Fig. 2B), with 

maximum NAPE synthase activity observed at 55°C. Boiling irreversibly abolished 

activity. 

Assays were conducted to examine the specificity for acyl-group donors and amino-

group acceptors of the NAPE synthase reaction. [14C]-Palmitic acid was incorporated into 

[14C]-NAPE in a linear fashion up to 15 minutes. In contrast to the results with free 

palmitic acid, neither [I4C]-dipalmitoyl-PC nor [14C]-palmitoyl-CoA was used to form 

[14C]-NAPE. In other experiments, [14C]-NAE formation was not detected in assays with 

[l,2-14C]-ethanolamine. Furthermore, [14C]-ceramide formation was not detected in 

assays with sphingosine and [14C]-palmitic acid, indicating that the enzyme was selective 

toward the phospholipid, PE. NAPE biosynthesis was dependent on exogenous PE, and 

when purified NAPE synthase was incubated with [14C]-NAPE at 45°C for 60 min, the 

reverse reaction did not occur. 

Kinetic properties of NAPE synthase 

Plots of initial velocity measurements at increasing concentrations of [l-14C]-linoleic 

acid, [l-14C]-palmitic acid, [l-I4C]-oleic acid, [l-14C]-stearic acid and [l-14C]-myristic acid 

with saturating DOPE concentrations (50 |aM) are shown in Figure 3 (panels A, B, C, D 

and E, respectively). The five curves are overlaid for comparison in Figure 3F. The 
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Figure 3. Substrate specificity of NAPE synthase for various free fatty acids. Plots of 

initial velocity measurements of NAPE synthase activity at increasing concentrations of 

[14C]-labeled linoleic (A), palmitic (•) , oleic (0), stearic ( • ) and myristic ( • ) acids in the 

presence of 50 (a.M DOPE are shown in panels A, B, C, D and E, respectively. Panel F is 

an overlay of all five plots. The curves represent the best fit of the data to Equation 2. 

purified enzyme consistently exhibited biphasic, non-Michaelis-Menten kinetics with 

respect to various FFAs. Apparent "high" and "low" affinity sites were identified for each 

with some more pronounced than others. A curvefitting program was used to model the 

experimental data to Equation 2 as descibed in Materials and Methods. The lines 

generated for each substrate concentration curve (Fig. 3) best fit the actual data points 

(with r2 values of0.9852,0.9813, 0.9870,0.9645 and 0.9944 for linoleic, palmitic, oleic, 

stearic and myristic, respectively), and trials using ligand binding equations for other 

kinetic models were not as effective. Various transformations of the data presented in Fig. 

3 were made to evaluate kinetic properties including double-reciprocal plots of initial 

velocity measurements [22]. 

Table 2 summarizes the kinetic parameters obtained from computer modeling as well 

as those determined graphically. Double reciprocal plots of the data in both high and low 

affinity ranges were concave upward for all FFAs suggesting postitive cooperativity at 

both sites [22, 30]. Extrapolation of the curves to the y axes gave apparent values 

((amol/min per mg protein) of 1.83,2.08,2.20 and 0.85 for linoleic, palmitic, oleic, and 

stearic acids, respectively at the high affinity sites ( V ^ for myristic at the high affinity site 

could not be determined graphically). Apparent V,^ values (nmol/min per mg protein) of 
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Table 2 

Summary of kinetic parameters for cottonseed NAPE synthase with FFA substrates 

Free Fatty Acid 
( j iM) 

0̂.5 
(MM) 

V r max 
(units/mg 
protein ) 

"H 

High Affinity Site: 

Linoleic 3.40 X 10"3(a) 10.6b 2.72±0.20a 2.4a 

(12C) (1.83d) 

Palmitic 2.50 X 10"3 12 2.13±0.44 2.4 

(14) (2.08) 

Oleic 2.60 X 10"3 12 2.16±0.27 2.4 

(17) (2.20) 

Stearic 2.59 X10"3 12 1.05±0.14 2.4 

(16) (0.85) 

Myristic 8.53 X 10"4 19 0.88±0.24 2.4 

(18) (n.d.6) 

Low Affinity Site: 

Linoleic 8.01 X 10"29(a) 75b 2.70±0.24a 15a 

(84®) (5.56d) 

Palmitic 1.44 X 10"26 53 3.16±0.44 15 

(55) (5.56) 

Oleic 1.00 X 10*26 54 1.45±0.10 15 

(56) (1.20) 
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Linoleic 8.01 X 10~29(a) 75b 2.70±0.24a 15a 

(84c) (5.56d) 

Stearic 5.16 X 10"29 77 0.68±0.17 15 

(79) (1.80) 

Myristic 3.46 X 10"26 50 0.62±0.21 15 

(50) (1.50) 

Data was determined as described in the text. Dioleoyl-PE, 50jiM was added to each 

assay tube prior to the addition of FFA. a Vmax, IC,, and Hill coefficients (%) were 

b 1/w 

determined from a fit of the data using equation 2. S0 5 values were derived from Kd , 

where K ^ l / I ^ (from equation 3). 0 S0 5 values were also determined graphically from 

Hill plots as described in the text. d VmaY values were determined from double reciprocal 
e f 

Lineweaver-Burke plots. Not determined graphically. Units represent pmol/min. 

5.56, 5.56,3.40, 1.80 and 1.50 for the same FFAs were obtained for the low affinity sites. 

Hill and Scatchard plots (not shown) were made to determine other parameters and to 

better assess allosteric behavior [22, 23,26,27]. Apparent half-saturation concentrations 

(S0 5) and positive cooperativity were determined graphically from Hill plots (log (v/V,^ -

v) versus log [S]). Hill equation parameters (Table 2) were mathematically determined by 

fitting the data to Equation 2, as described above. Apparent S0 5 values derived for both 

methods were in good agreement. For example, S0 5 values for linoleic, palmitic, oleic, 

stearic and myristic at the high affinity sites were 10.6,12,12,12 and 19 jxM (derived 

from Krf17" values) and 12,14,17,16 and 18 ^M, respectively (from Hill plots); apparent 

S0 j values at the low affinity sites for the same FFAs were 75, 53, 54, 77 and 50 nM 
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(derived from K/" values) and 84, 55, 56, 79 and 50 jiM, respectively (from Hill plots). 

The apparent values (jamol/min per mg protein) derived from the curvefitting 

program were 2.72, 2.13,2.16,1.05 and 0.88 at the high affinity sites and 2.70, 3.16, 

1.45, 0.68 and 0.62 for the same FFAs, respectively, at the low affinity sites. The 

maximum rates observed in the graph (Fig. 3) are presumed to be the sum of rates 

contributed from both activities. Therefore the value generated from the computer 

algorithm is less than the graphically determined value, and at the low affinity site 

(the maximum catalytic rate for the second binding form) is added to that of the other 

binding form (at the high affinity site) to produce the overall rate observed for the 

reaction. 

Hill coefficients (%) derived from curvefitting to Equation 2 were consistently 2.4 for 

the high affinity sites and 15 for the low affinity sites likely indicating a higher degree of 

cooperativity induced by higher FFA concentrations. Scatchard plots (v/[S] versus v ), 

each exhibiting two concave-downward curves, further supported the presence of two 

binding forms with positive cooperativity (not shown). 

NAPE synthase exhibited no apparent differences in binding or rate of synthesis with 

respect to two molecular species ofPE (Fig. 4). (16:0,18:2)-PE (PLPE) was recently 

found to be a major molecular constituent of NAPE in cottonseeds [29]. Therefore the 

acylation of PLPE was compared to that of DOPE at increasing PE concentrations and 

[14C]-palmitic acid (70 fiM or 20 ĵ M). The biphasic behavior depicted in the FFA binding 

curves was not pronounced for the PE substrates at either concentration of palmitic acid. 

In this case, the data were optimally fit to one Hill-derived equation to generate the lines 
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Figure 4. Specificity of NAPE synthase for PE substrates. Plot of initial velocity 

measurments ofNAPE synthase at increasing concentrations of DOPE ( • ) or PLPE (0) 

in the presence of [14C]-labeled palmitic acid (70 |iM). 

in Figure 4, with r2 values of 0.98 and 0.995 for DOPE and PLPE, respectively. As for 

the analysis of FFA data, attempts to use the standard Michaelis-Menten equation to fit 

the PE data yielded lower correlation coefficients. 

Table 3 summarizes the apparent kinetic parameters for PE in the NAPE synthase 

reaction with 70(iM palmitate determined in the same ways as those in Table 2. Both PE 

substrates exhibited non-Michaelis-Menton kinetics and positive cooperativity with no 
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Table 3 

Summary of kinetic parameters for cottonseed NAPE synthase with PE substrates 

PE K* „ OiM) 
So.5 
(m-M) 

v Y max 
(units/mg 
protein6) 

(18:1,18:1)-PE 7.69 X 10"3(a) l l b 5.84±0.26a 2.0a 

(17)c 

(5.56d) 

(16:0,18:2)-PE 8.47 X10"3 11 5.68±0.29 2.0 

(13) (5.56) 

Data was determined as described in the text. Palmitic acid (70jiM) was added to each 

assay tube prior to addition of PE. a V ^ , K ,̂ and Hill coefficient (wH) values were 

determined from a fit of the data using equation 2. b S0 5 values were derived from Kd
1/w, 

* C /I 

as in Table 2. S0 5 values were also determined graphically from Hill plots. Maximum 

velocities were determined from double reciprocal plots. e Units represent ^mol/min. 

significant differences in apparent , K,, or S05 values for either PE species. Positive 

cooperativity was supported by double-reciprocal, Hill and Scatchard plots (not shown). 

A maximum rate of 5.6-5.8 |imol/min per mg of protein was observed for DOPE and 

PLPE at 70 fiM palmitic acid with S0 5 values of approximately 11 |iM for each suggesting 

no preference for either PE. The same apparent Vmjv value was observed for the overall 

rate of NAPE production at the high affinity sites of both linoleic and palmitic acids. Also, 

Hill coefficients of—2.0 were consistent with the high affinity site coefficients calculated 
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for FFA binding indicating the same degree of cooperativity at low concentrations of FFA 

and PE. The apparent and S0 5 values observed with 20 |iM palmitic acid 

concentrations (not shown) were 1.25 fimol/min per mg protein and 7.5 jiM, respectively 

(% of ~2). An evaluation of the order of substrate binding was inconclusive due to the 

nonlinear nature of double-reciprocal plots for varying concentrations of PE at either FFA 

concentration. 

Gel Filtration Chromatograpy 

The biphasic nature of NAPE synthase activity with respect to FFAs could indicate 

FFA-induced aggregation. We designed gel filtration experiments to examine the 

possibility of different oligomeric forms of active NAPE synthase. Fractionation of DDM-

solubilized microsomal proteins by Sephacryl S-400 HR (Pharmacia) gel filtration 

chromatography, performed with or without the addition of palmitic acid (100 |iM) to the 

mobile phase, indicated two distinct molecular masses of NAPE synthase activity eluted 

from the column (Fig. 5). When palmitic acid was excluded from the mobile phase, 

column fractions (assayed with 100 [14C]-palmitic acid and 50 jiM DOPE by the 

standard assay, Chapter 1) a single region of NAPE synthase activity (Fig. 5, solid circles) 

was observed, primarily in fractions 48-50, corresponding to an average molecular weight 

of ~228 kDa. In contrast, the addition of 100 fxM palmitic acid to the mobile phase 

resulted in a shift of NAPE synthase activity (Fig. 5, solid squares) to a region associated 

with much higher molecular mass (fractions 35-37 with 1,060 kDa average molecular 

weight, respectively). These results implied that NAPE synthase may be a dimer in its 

active native form with oligomerization (> 15-mer) induced in the presence of high levels 
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of palmitic acid. 
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Figure 5. NAPE synthase specific activity profile of fractions eluted from the gel filtration 

column. The solid circles ( • ) represent specific activity eluted with no palmitic acid 

added to the mobile phase. The solid squares (•) , in contrast, show activity measured in 

fractions eluted when palmitic acid (100 nM) was added to both the sample (prior to 
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column loading) and to the mobile phase. Fractions (1 ml) were assayed by the standard 

NAPE synthase assay described in Chapter 1, with the addition of 100 jxM [14C]-palmitic 

acid and 50 jiM DOPE at 45°C for 10 min. 

Inactivation of NAPE synthase by chemical modification 

In an effort to better understand the "direct"-acylation mechanism of this unusual 

enzyme, we tested chemical modifiers for their ability to inactivate NAPE synthesis. The 

aim of this work was to identify residues essential to the acyltransferase reaction and to 

evaluate the possible role of an acyl-enzyme intermediate. Preliminary experiments with 

several chemical modifiers (DFP, PMSF, PGO, DTNB and DEPC) suggested that serine, 

cysteine, arginine and/or histidine residues may participate in catalysis [16; Table 4]. 

Table 4 

Inhibition of NAPE synthase activity by chemical modification of specific amino 

acid residues 

Inhibitor Target 
amino acid 

% Remaining activity 
[1 mM]a 

% Remaining activity 
[10 mM] 

DEPC Histidine 81% 14% 

PGO Arginine 50% 0% 

DTNB Cysteine 73% 42% 

PMSF Serine 70% 17% 

DFP Serine 67% 17% 

Values are reported as % remaining activity assayed after 20 min incubation. In the 

absence of inhibitor, 100% activity was 5.4 units / mg protein. Final inhibitor 
Jj 

concentration of 1 mM. Final inhibitor concentration of 10 mM. 



147 

B 

5 10 15 

Time (minutes) 

<=- 0.02 

10 15 

[DFP] mM 



148 

500 -
k'mact= 0.05 min~* 

Ki = 16 mM 
400 -

300 -

0.0 0.2 0.4 0.6 0.8 1.0 1.2 

1/[DFP] (mM"1) 

-1.4 

-1.6 

1 
-1.8 

c 
I -2.0 

JQ 
o 

C
M

 

G) 
O -2.4 

-2.6 

-2.8 

slope = 0.910 

0.00 0.25 0.50 0.75 1.00 1.25 1.50 

log ([DFP] mM) 



149 

Figure 6. Inactivation of NAPE synthase by DFP. (A) Semilogarithmic plot of remaining 

enzyme activity vs. time following incubation with various concentrations of DFP (1 ( • ) , 

3 (• ) , 5 (A), 10 ( • ) , and 20 (•) mM). Points represent averages from three experiments 

and solid lines are from a fit of the data to Equation 3. (B) Plot of pseudo-first-order rate 

constants, as a function of DFP concentratioa (C) Double-reciprocal plot depicting 

the concentration-dependence of on DFP concentration. The solid line is from a fit of 

the data to Equation 5, as described in the text. (D) Double-logarithmic plot of observed 

rates of inactivation, kobs vs. DFP concentration. 

Figure 6 shows the time- and concentration-dependent inactivation of NAPE synthase by 

DFP. A plot of the pseudo-first-order rate constants (k^) as a function of DFP 

concentration (Fig. 6B) suggested the possible (although brief) formation of a dissociable 

complex between enzyme and reagent, as depicted in the kinetic scheme described by 

Equation 5. The double reciprocal plot in Figure 6C shows dependence of the rate of 

inactivation on DFP concentration. A nonlinear-least squares fit of the rate constants 

obtained in Fig. 6 A to Equation 5 generated a line with*- and ̂ -intercepts of -0.062 mM"1 

and 22 min, respectively. The reciprocals of these values yielded an apparent Kx of 16 mM 

and a maximum rate of inactivation (k^,) of 0.05 min'1 for the inactivation of NAPE 

synthase by DFP. Figure 6D is a double-log plot showing the relationship between the 

pseudo-first-order rate constants (k^) obtained from the slopes of the lines in Figure 6A 

and DFP concentratioa The straight line implies bimolecular inactivation and the slope 

(0.910) suggests the modification of as few as one serine residue per active site. 

Palmitic acid conferred protection of NAPE synthase from DFP inactivation (Fig. 7A). 

When the modification was allowed to proceed for 20 min in the presence of 20 mM DFP, 
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Figure 7. Substrate protection against DFP. (A) Protection by palmitic acid against 

inactivation of NAPE synthase by DFP. IAM HPLC-purified enzyme was incubated with 

20 mM DFP for 20 min at 45°C, as described in the text, in the presence (•) or absence 

(•) of palmitic acid (120 p.M). (B) Protection by palmitic acid from incorporation of 

[14C]-DFP into protein. IAM HPLC-purified enzyme was incubated with radiolabeled 

DFP for 30 min at 45°C in the presence (right bar) or absence (left bar) of 120 nM 

palmitic acid prior to TCA-precipitation of protein. 

reactions containing palmitic acid (120 |iM) retained approximately 40% more of the 

initial NAPE synthase activity compared to those without substrate. In identical 

experiments using DTNB instead of DFP, incubation with palmitic acid (prior to adding 

DTNB) foiled to protect against the inactivation of enzyme activity (not shown). 

Inactivation of NAPE synthase by DFP also was associated with the incorporation of DFP 

into enzyme (Fig. 7B). [14C]-DFP was incorporated into protein and palmitic acid 

prevented this incorporation by approximately 50%. These results indicate that DFP 

inactivates as a result of blocking FFA binding while the role of essential cysteine residues 

in the NAPE synthase reaction may be structural rather than catalytic. 

Discussion 

Kinetic characteristics of purified NAPE synthase 

An affinity-based approach was used to purify cottonseed NAPE synthase for 

biochemical experiments (Chapter 3). 6GIAM.PEC10/C3 [14], a variation of the 

ethaIAM.PEcl0/G3 HPLC surface [12], was used to fractionate DDM-solubilized microsomal 

proteins (Table 1) for kinetics studies. This alternate surface (^AM.PE0 0 7 0) made 
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possible the elution of purified NAPE synthase without the addition of excess PE or DDM 

which provided a convenient, rapid means of obtaining the active enzyme for the study of 

its kinetic properties with respect to both of its substrates, PE and FFAs. 

Although linoleic, palmitic, oleic, stearic and myristic acids all have been found at the 

JV-acyl position of NAPE in vivo [1], palmitic and linoleic acids were predominant in 

cottonseeds [29]. The in vitro kinetic behavior of cottonseed NAPE synthase toward 

linoleic and palmitic acids (higher VmaY and lower S0 s values compared to other FFAs, Fig. 

3 and Table 2) is consistent with the prevalence of these species in vivo, and high and low 

affinity sites suggests the possibility of at least two binding (or iso-)forms in purified 

fractions. 

Results from kinetic studies with respect to the incorporation of palmitic acid were 

consistent with previous observations for NAPE synthase activity in intact cottonseed 

microsomes and for at least one DDM-solubilized isoform isolated by preparative IEF [1, 

4, 5]. Not only were biphasic saturation curves exhibited for palmitic acid binding of 

6GIAM.PEcl0/C3-purified NAPE synthase, but similar non-Michaelis-Menton behavior was 

evident for all FFAs tested. The presence of high and low affinity sites, however, was 

more pronounced for incorporation of linoleic, palmitic and stearic acids than for oleic or 

myristic. The biphasic nature of the overall synthesis of NAPE in response to increased 

FFA concentration is as yet unexplained, but the observed saturation curves suggest two 

modes of substrate binding [27]. Several scenarios could explain the observed kinetics. 

This could be accomplished by ligand-induced conformational changes (affecting subunit 

interactions) between non-identical polypeptide chains (as in isozymes), or between 
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geometrical arrangements of identical chains (oligomerization). Alternatively, physical 

effects caused by mixed enzyme-lipid micelles may be responsible for the apparent biphasic 

kinetics [31]. Both forms of FFA binding may make significant contributions to the total 

flux through the reaction, but the relative magnitudes of these contributions apparently 

change as the substrate concentrations change. The observed behavior may correspond to 

one binding form which is stabilized at lower FFA concentrations (as seen by the plateau), 

and another (or both, seen as an additive result) if the concentration becomes critically 

elevated and perhaps more threatening to cellular compartmentation. 

The gel filtration results (Fig. 5) also supported the presence of two oligomeric forms 

and may explain the biphasic behavior of NAPE synthase with respect to FFAs. In 

addition to this, Hill coefficients of-2 and 15 were consistently demonstrated (Table 2) 

for high and low affinity sites, respectively, suggested a dimer of NAPE synthase, active at 

low FFA levels, and a high level of oligomerization (up to a 15-mer) active at high FFA 

concentrations. The region of activity eluted from the gel filtration column in the absence 

of palmitic acid (100 |j.M) with average molecular weight of228 kDa (Fig 5, solid circles), 

could represent two DDM micelles (50 kDa each) and two NAPE synthase monomers (64 

kDa each). Furthermore, the average molecular weight of the NAPE synthase activity 

eluted in the presence of lOOjaM palmitic could be interpreted as two DDM micelles (50 

kDa each) and fifteen NAPE synthase subunits (64 kDa each). In other gel filtration 

experiments, when myristic acid was added to the mobile phase instead of palmitic acid, 

similar results were observed [Markovic, R., et al., unpublished results]. 

In contrast to FFA kinetics, results from previous experiments with three "iso2yme" 
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activities (separated by preparative IEF) suggested that NAPE synthase exhibited 

Michaelis-Menten kinetics with respect to binding its PE substrate [5]. The absence of 

apparent biphasic kinetics for varied PE was proposed to be due to the use of DOPE 

which likely is not a substrate for the enzyme in vivo. However, when concentrations of 

both DOPE and PLPE, the predominant constituent of cottonseed NAPE [29], were 

varied, there were no kinetic differences (specificity) observed for the two PE species. 

Although positive cooperativity (non-Michaelis-Menten kinetics) was indicated for binding 

PE (as for FFAs, with Hill coefficients of 2.0), biphasic curves were not apparent (Fig. 4). 

Several investigators have used models designed to describe membrane enzyme 

kinetics. One common problem with enzyme-mixed micelle assays is the efficient delivery 

of lipid substrate to the enzyme. Takakuwa et al. [32] fused microsomes with liposomes 

containing substrate and proposed a quantitative model to describe the kinetic properties 

of a membrane enzyme where one of the substrates was also an integral component of the 

membrane. In other investigations, equations derived for surface dilution kinetic schemes 

[reviewed in 33] have been used to describe the behavior of enzymes such as 

phospholipase A2 which act at a water-lipid interface. The use of surface dilution kinetic 

models have been extended to analyze data from integral membrane, detergent-solubilized 

enzymes, where two surfaces interact [34]. Another problem imposed by detergent 

micelles is the artificial nature of the environment containing the enzyme. With 

hydrophobic binding domains in proximity to phospholipid or detergent, the enzyme may 

require structural features of the phospholipid substrate for reconstitution of full activity. 

Some integral membrane enzymes have been shown to depend on lipid activators [35] and 
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may require specific threshold levels of lipids to regulate levels of activity. Sandermann's 

model [36] interpreted apparent kinetic cooperativity observed in integral membrane 

proteins in terms of noncooperative binding of boundary lipid to these enzymes. The 

activation of integral membrane enzymes by lipids was described in terms of multiple 

binding sites, with Hill-like equations. 

Some membrane-bound enzymes have demonstrated a requirement for a complete 

boundary layer of phospholipid for complete activation. Rat liver PE JV-methyltransferase 

[37] and E. coli diacylglycerol kinase [38] represent two examples of lipid-activated 

integral membrane enzymes. Initial velocity curves for both enzymes originally showed 

nonlinear, cooperative enzyme activity with respect to varied concentrations of lipid 

substrate, but the addition of non-substrate lipid linearized the activities, converting Hill 

coefficients to near unity [38, 39]. In our experiments with IAM-purified NAPE synthase 

and added PC (30 or 50 mol%), the addition of PC effected no change in the cooperative 

behavior observed for palmitic acid-dependent NAPE synthase activity (not shown). This 

was not surprising since biphasic kinetic behavior with respect to palmitic acid was noted 

in intact microsomes [4]. It is possible that multiple binding sites for FFA substrates act to 

modulate NAPE synthase activity when threatening levels of FFAs accumulate. 

Catalytic mechanism 

Based on the experimental data, I propose a feasible model for NAPE synthesis from 

PE and FFA whereby the NAPE synthase enzyme forms an acyl intermediate through a 

serine residue to transfer FFA to PE (Fig. 8). The biosynthesis of NAPE does not appear 

to require a source of metabolic energy. The reaction mechanism likely is facilitated by 
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Figure 8. A feasible model for NAPE synthase catalysis. The initial enzyme-FFA complex 

is shown in (a). A histidine may donate electrons to a proximal serine, thus facilitating the 

transfer of a proton from the serine hydroxyl group and the nucleophilic attack of the 

carbonyl carbon by the serine oxygen. The carbonyl oxygen atom is probably hydrogen-

bonded to one or more NH groups (not shown). A fixed positive charge in this region, 

possibly from an arginine (or lysine) residue located near the C=0 group, would favor the 
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formation of the tetrahedral intermediate shown in (b) by increasing the negative charge 

on the carbonyl oxygen. With the release of a water molecule, a covalent acyl-enzyme-

(ester)intermediate is formed (c). The enzyme may undergo a conformational change at 

this time to bind the ethanolamine head group of the PE substrate (or PE may already be 

bound), specifically aligning the terminal nitrogen with the acyl-enzyme carbonyl carbon 

(d). A proton could be transferred then from the ethanolamine nitrogen (possibly to 

histidine), increasing its nucleophilicity, and the acyl-enzyme-(ester)intermediate is 

hydrolyzed by the subsequent nucleophilic attack by this nitrogen on the carbonyl carbon 

to form an amide bond and the second tetrahedral intermediate (e). In the final step, 

NAPE is released from the enzyme-product complex. Transition states are probably 

stabilized throughout catalysis by favorable electrostatic interactions of negatively charged 

oxygen with nearby positively charged atoms. R1 represents a hydrocarbon chain with 

13-17 carbons attached to the carbonyl carboa R2 represents the phosphatide acid 

portion of PE. 

entropy-driven, hydrophobic interactions which would effectively lower the activation 

energy required to proceed past the transition state, as suggested by Kruszka and Gross 

[40] for the ATP- and CoA-independent synthesis of arachidonoylethanolamide. Enzyme-

directed nucleophilic attack of the activated oxyester by the deprotonated nitrogen 

headgroup of PE could proceed rapidly with the formation of NAPE and its release at the 

membrane (micelle) surface, thus returning the enzyme to its FFA-binding conformation 

for another round of catalysis. 

While the above scenario is speculation at this point, there is some evidence to support 

this possibility. An active site serine is a common feature of many enzymes possessing 

esterase or hydrolase activity. This has been demonstrated for serine transacetylase [41], 
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human pancreatic carboxylic-ester hydrolase [42], rat brain anandaxnide amidohydrolase 

[43], chymotrypsin and many others [44]. DFP reacts with a unique serine to form a 

tetrahedral adduct, binding with the expected geometry of a substrate transition state 

analogue, and is generally taken as an indication that an enzyme is of the serine-protease 

class [26]. Our results (Fig. 5) suggest that NAPE synthase may function essentially as a 

reverse serine protease with as few as one serine residue located at the active site. Further 

identification of specific residues involved in catalysis and a rigorous test of the proposed 

mechanism must await cloning and mutagenesis of cDNA(s) encoding this NAPE 

synthase. 

Functional role of NAPE synthase 

Our biochemical results support previous indications that the enzyme synthesized 

NAPE specifically from PE and FFAs [4]. Previous results with cottonseed microsomes 

suggested that [14C]-NAPE was produced from both [14C]-dipalmitoyl-PC and [14C]-

palmitoyl-CoA, although much less efficiently than from [14C]-palmitic acid [4]. 

However, the presence of [14C]-FFAs on TLC plates, associated with lanes containing 

[14C]-NAPE, suggested that the FFAs were released from diacyl-PC and acyl-CoA, prior 

to their incorporation into NAPE by the action of endogenous acylhydrolases. The lack of 

[14C]-NAPE synthesis in the purified enzyme pools from either diacyl-PC or acyl-CoA 

supports the former conclusions that the NAPE synthase enzyme is specific for FFAs as 

the acyl donor. NAPE may be synthesized during seed imbibition and germination to 

protect intracellular membranes from damage due to the release of FFA. 

There was no evidence to indicate the release of PE and FFA from NAPE. In fact, it is 
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likely that the reverse reaction is in some way prevented or that it might only occur in 

unusual circumstances, with very specific regulation. If NAPE synthase does act to 

scavenge free fatty acids from the membrane, an equilibrium (or reverse) reaction would 

offer no apparent advantage. Recent studies of the metabolism of NAPE by cottonseed 

microsomes also indicated that the synthase reaction was not readily reversible under any 

of the conditions tested [21]. NAPE did not appear to serve as a fatty acid "reservoir", 

since the amide-linked acyl group was not transferred to the 0-acyl positions of other 

phospholipids. Instead, phospholipase D- and A-type activities catalyzed the hydrolysis of 

NAPE to formNAE or jV-lysoPE, respectively. 

There has been renewed interest in the formation and degradation of NAEs in 

mammalian tissues since they have been shown to bind cannabinoid receptors as possible 

mediators of cell signalling [7, 8], Extensive research has shown that NAEs are formed 

not only by the phospholipase D-catalyzed hydrolysis of JV-acylphospholipids, but also 

from the direct condensation of ethanolamine with FFAs [8]. The latter activity appears to 

be due mostly to the reverse reaction of a specific amidohydrolase that degrades NAE 

[45]. It is possible that the cottonseed enzyme which synthesizes NAPE in vitro acts as an 

amidohydrolase in vivo. However, the purified cottonseed NAPE synthase did not 

catalyze the production of [14C]-NAE from [l,2-14C]-ethanolamine and palmitic acid. 

Further, experiments with sphingosine and [14C]-FFA did not indicate the synthesis of 

ceramide by the purified NAPE synthase enzyme. Consequently, the cottonseed enzyme 

appears to specifically catalyze the formation of an amide bond between PE and FFA. It is 

distinctly different from the anandamide amidohydrolase [8] or ceramidase [46] of 
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mammalian tissues or the transacylase enzyme which synthesizes NAPE in mammals and 

microorganisms. Nevertheless, these enzymes may share regions of structural homology 

and similarities in their catalytic mechanisms. More detailed comparisons of these and 

other enzymes with cottonseed NAPE synthase must await the isolation of their 

corresponding DNA sequences. 
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SUMMARY AND SIGNIFICANCE 

Phospholipids have long been recognized as essential structural components of 

biological membranes. Over a decade ago, however, it became increasingly clear that 

phospholipids play a much larger role in intracellular and intercellular dynamics. 

Therefore, the general interest in molecular mechanisms responsible for the regulation of 

these processes has extended to the purification of membrane proteins with the ultimate 

goal to fully characterize them and understand how they fulfill their unique functional roles 

in vivo. 

Although the existence of NAPE in plants was debated for many years, recent 

investigations have established it unequivocably as a natural phospholipid component of 

plants [1,2]. In feet, this unusual acylated derivative of PE is now included in plant 

biochemistry text books as a product of lipid metabolism [3]. Of unquestionable 

importance is understanding the functional role of NAPE in plants and/or in animals. 

Because of its unusual structural properties, results from biophysical studies with model 

membranes inferred a membrane bilayer stabilizing role for NAPE [4], but additional 

evidence also supported a role for NAPE in modulating cell signaling both in plants and in 

animals [5, 6]. It is possible that NAPE has several functional roles and that its 

biosynthesis is therefore uniquely regulated to serve different purposes at different times of 

plant development. My contribution to answering these questions and the focus of this 

dissertation research has been the purification and biochemical characterization of the 
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enzyme(s) responsible for the synthesis of NAPE in cotyledons of newly developing 

cottonseed microsomes. 

The results from earlier investigations of NAPE biosynthesis both in cottonseed 

microsomes and in DDM-solubilized microsomal protein solutions implied that NAPE was 

produced by the ATP- and Ca2+-independent direct acylation of PE with free fatty acids 

[1,7] and that more than one structural form might be active. The proposed mechanism 

was unusual since most of the enzymes involved in lipid metabolism require that acyl 

substrates are O- or S-esterified to carrier molecules for recognition [8, 9]. The 

biosynthesis of NAPE in animals also was reported to be different from the reaction 

observed in cotton seedlings. It was determined that the acyl donor molecule was a 

phospholipid or cardiolipin and that Ca2+ was required for this activity in animal cells [4, 

5]. To confirm the hypothesis that cottonseed microsomal NAPE is synthesized by a 

mechanism possibly unique to plant systems, the nature of the reaction was examined in a 

number of ways by incorporating its investigation into the experiments designed to meet 

my research objectives. The proposed mechanism was consistently supported by all 

experimental results. 

The first objective, the identification of NAPE synthase-associated polypeptides, was 

addressed in Chapter 2. These results also were published in [10]. Because cottonseed 

NAPE synthase appeared selective for free fatty acids, it seemed likely that a 

photoreactive fatty acid substrate analogue 12-[(4-azidosalicyl)amino]decanoic acid 

(ASD) could target NAPE synthase activity with photolabeling. In feet, ASD 

photoinactivated cottonseed NAPE synthase in a time- and concentration-dependent 
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manner. Furthermore, free palmitic acid protected the enzyme from inactivation and [125I]-

ASD was incorporated into the Apposition of NAPE by DDM-solubilized microsomal 

cottonseed NAPE synthase in low light. Collectively, these results demonstrated the 

suitability of ASD and its 125I-labeled derivative as FFA substrate analogues, supporting 

the hypothesis that FFAs are the preferred substrate for the reaction. Also, NAPE 

synthase activity in microsomes, DDM-solubilized microsomal proteins and in partially 

purified IEF fractions was directly and consistently correlated with a 64 kDa polypeptide 

in SDS gels using a combination of native PAGE, two-dimensional PAGE and 

photoaffinity labeling. This provided a basis for establishing homogeneous enzyme purity 

and suggested that a 64 kDa subunit common to all isoforms might contain the enzyme's 

active site. 

The purification to homogeneity of cottonseed microsomal NAPE synthase by LAM 

chromatography was described in Chapter 3. Although the purification by 

ettraIAM.PEcl0/C3 HPLC was published previously [11], Chapter 3 provided the details of 

subsequent purification strategies developed using another IAM surface, 4GIAM.PEC10/C3 

as well as combined "tandem" applications employing both. These IAM surfaces not only 

provided the general stability of membrane partitioning for optimal isolation of native 

membrane proteins like calnexin [12], but they also appeared to function specifically as 

affinity ligands for NAPE synthase since both contained analogues of PE. Significantly, 

the differences in these surfaces facilitated the isolation of purified enzyme for a variety of 

applications. In feet, the variations demonstrated in the elution of purified NAPE synthase 

activity from these surfaces may further support the presence of multiple catalytic forms of 
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the enzyme that exhibit different affinities for the LAM surfaces. Moreover, perhaps the 

most convincing support of the proposed mechanism for cottonseed microsomal NAPE 

synthase was that the 64 kDa polypeptide, purified to homogeneity from either the 

eflMBIAM.PEcl0/C3 or aGIAM.PEcl0/C3 HPLC column and photoaffinity labeled with 125I-ASD, 

synthesized NAPE from free palmitic acid and PE. 

The second objective also was addressed in Chapter 3 by the description of amino acid 

sequences obtained from IAM-purified enzyme preparations. The difficulties encountered 

in acquiring these sequences were not unexpected. Amino acid sequence information is 

often difficult to obtain from purified membrane enzymes due to their instability once 

extracted from membrane environments [13]. Furthermore, the amount of protein 

obtained in purified form was extremely dilute and difficult to concentrate. Often these 

proteins also are chemically modified, leaving the N-terminal amino acid blocked and/or 

amino acid residues resistant to digestion. In feet, recent results localized cottonseed 

microsomal NAPE synthase in the ER, in golgi vesicles and in the plasma membrane [14]. 

This suggests that as a member of the secretory pathway, the enzyme may be extensively 

modified, supporting the enzyme's observed resistance to digestion and the blocked N-

termimus. Nevertheless, several amino acid sequences were identified that seem likely 

candidates for encoding cottonseed NAPE synthase. This conclusion was based on 

sequence similarity to enzymes that might share similar functional structure, including acyl 

hydrolases, putative acetyltransferases, lipases, acyl carrier proteins and ceramide glycosyl 

transferases, since these enzymes also must bind acyl groups to perform their specific 

reactions. 
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The interpretation of results from PCR and RT-PCR experiments using degenerate 

oligonucleotide primers based on putative NAPE synthase amino acid sequences easily 

could be compared to the problem of "looking for a needle in a haystack". Because 

NAPE synthase has not been purified or the genes cloned from any other organism, 

virtually nothing is known of its primary structure. Therefore, essential information, 

including conserved amino acids, conserved domains or known functional motifs, or the 

relative orientations of sequences, is missing and could not be considered in designing 

strategies to isolate cDNA(s) encoding the enzyme. In spite of these difficulties, and the 

amplification of many non-target sequences, a 250 bp cDNA RT-PCR product was 

sequenced that may parially encode cottonseed NAPE synthase. Based on identity to 

sequences retrieved from national databases which include a putative amidase, fatty acid 

synthases, long-chain-fatty-acid CoA ligase, creatine amidohydrolase, carboxylesterase/ 

lipase, cysteine proeinase, and maltose transacetylase, the cDNA sequence may be 

representative of NAPE synthase and a useful tool in future experiments. Although the 

primary structure of cottonseed microsomal NAPE synthase is to date undecifered, these 

results contribute a strong preliminary foundation for its determination. 

Essential to the investigation of any enzyme's functional role is the investigation of the 

enzyme's kinetic properties and its catalytic mechanism. Although a purified enzyme is 

removed from its natural environment and its functional context, experiments must be 

performed in vitro in this form to fully interpret and understand enzyme activity in vivo. 

Chapter 4 detailed experiments designed to satisfy the final objectives of this research, the 

determination of the kinetic properties, the nature of multiple structural forms and the 
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determination of amino acid residues necessary for NAPE synthase catalysis. Most of 

these results have been published previously [15, 16]. 

In support of the working hypothesis, the selectivities for both the acyl donor and 

lipid acceptor molecules were thoroughly investigated and confirmed as free fatty acids 

and PE, respectively. The biochemical results are consistent with a possible FFA 

scavenging role for NAPE synthase in the membranes of cottonseed microsomes. 

Because [14C]-NAPE synthesis did not occur in purified enzyme preparations containing 

either diacyl-PC or acyl-CoA and PE, this provided additional support to the proposed 

specificity of NAPE synthase for FFAs as the acyl donor. The reverse reaction also was 

not observed, suggesting the possible regulated prevention of FFA accumulation. NAPE 

may be synthesized to protect intracellular membranes from solubilization and the 

consequent loss of compartmentation by preventing the accumulation of FFAs within the 

bilayer. 

Although the evidence supporting a scavenging role for NAPE synthase is compelling, 

it also is likely that NAPE synthase utilizes its novel mechanism to participate in signal 

transduction mechanisms. Phospholipids have gained recognition not only as structural 

membrane components but also as precursors of bioactive molecules that are generated in 

cells following stimulation of cell-surface receptors and function as second messengers 

[17,18]. In feet, recent evidence has indicated many novel lipid messengers that are 

regulated by signal-activated phospholipases and kinases [17-20]. One example is 

anandamide, the endogenous ligand for activating (G^-coupled cannabinoid receptors in 

mammalian brain [21]. Although still an issue of debate, this specialized NAE is likely 
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formed via the signal-mediated hydrolysis of NAPE [5]. Likewise, studies of the turnover 

of NAPE in cottonseed microsomes revealed that NAE was released from NAPE by a 

membrane-bound phospholipase D (PLD)-type activity [22]. A G-protein-mediated cell 

signaling event could not be linked to this hydrolysis in cottonseed microsomes from 

studies with either GTP-y-S or mastoparan (Chapman and DeSouza, unpublished 

observations). However, a signaling function could not be ruled out since little is known 

of signal transduction mechanisms in plant systems. 

Recent experiments with cultured tobacco cells indicated that the NAPE hydrolytic 

pathway is initiated in response to plant pathogen perception and likely functions in the 

negative feedback regulation of plant defense responses by attenuating stimulatory 

pathways in plant-microbe interactions [6]. A PLD activity, identified in microsomes from 

tobacco cells, hydrolyzed NAPE to NAE in vitro. However, in contrast to the cottonseed 

PLD activity, the tobacco PLD was stimulated by GTP-y-S and Ca2+, and G-protein-

mediated regulation was inferred by increased PLD activity toward exogenously supplied 

[14C]-NAPE in the presence of mastoparan. 

The apparent differences in phospholipase regulation between tobacco cell and 

cottonseed microsomal PLDs does not rule out the possibility of a signaling function for 

NAPE in cottonseed microsomes. The two organisms may employ different signal 

transduction mechanisms for regulating NAE levels, or NAEs may play a different role in 

cottonseedlings. It is possible that cottonseed microsomal NAPE synthase may function 

to maintain NAPE levels as precursors for NAEs. PLD activity, stimulated in response to 

specific signals could provide bioactive NAE molecules, which in turn are disarmed 
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through the action of amidohydrolases [5]. The degradation of NAEs result in the release 

of ethanolamine and FFAs. The subsequent activation of NAPE synthase to incorporate 

these FFAs into newly synthesized NAPE would maintain the messenger precursor pool. 

The in vitro kinetic behavior of 6GIAM.PEcl0/C3-purified cottonseed NAPE synthase 

toward linoleic and palmitic acids (higher and lower S0 5 valules compared to other 

FFAs) is consistent with the prevalence of these species in vivo [2]. The biphasic nature 

of the overall synthesis of NAPE in response to increased FFA concentrations is consistent 

with previous observations in intact cottonseed microsomes and one DDM-solubilized 

isofbrm isolated by preparative IEF [1,7]. This behavior may correspond to one binding 

form, stabilized at lower FFA levels, and another if FFAs become critically elevated and 

perhaps more threatening to membrane integrity. The sharp increase in the rate of FFA 

uptake is consistent with a "scavenging" role for NAPE synthase. The positive 

cooperativity noted at both sites suggests oligomerization, induced by FFA binding, and 

allosteric regulatioa It is likely that multiple binding sites for FFA substrates may act to 

modulate NAPE synthase activity when FFA levels increase. 

It is uncertain if true NAPE synthase isozymes exist. The evidence collected to date is 

mostly indirect. Although three distinct forms of DDM-solubilized NAPE synthase were 

separated by preparative IEF, each of which exhibited different kinetic properties with 

respect to FFA and PE substrates [7], these observations could be misleading. True 

isoforms may exist, but it is also possible that the in vitro solubilization of microsomal 

membranes by DDM could have facilitated co-partitioning of the NAPE synthase enzyme 

with different sets of proteins and/or lipids, imposing alternate enzyme conformations in 
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different localized environments. This may explain the observed differences in substrate 

affinities of the partially-purified IEF fractions. 

Enzyme velocity depends on accessibility of the substrate to the enzyme, in the micelle 

in this situation, and not on bulk concentration. Furthermore, in vitro conditions may not 

provide the correct sets of factors which govern the reaction kinetics in vivo, like proper 

substrate enzyme alignment or solubilization of a proper structural form of substrate since 

substrates also may form aggregates. These complications make it difficult to interpret 

steady-state enzyme kinetics of membrane enzymes once they are solubilized. However, 

the results from numerous experiments, including kinetics parameters calculated from the 

initial velocity measurements with increasing FFAs, the separation of distinct activities by 

gel filtration chromatography in the presence and absence of high levels of FFAs, and 

perhaps the most convincing, triphasic initial velocity measurements observed from the 

incorporation of FFAs into NAPE in intact microsomes, have consistently indicated at 

least two structural forms of NAPE synthase activity present in cottonseed microsomes. 

In my investigations of isoizyme fractions isolated by preparative IEF, not only was a 

64 kDa polypeptide the only polypeptide common to all isozyme fractions, but it also was 

the only one that demonstrated dimished labeling in the presence of palmitic acid. 

Furthermore, when DDM-solubilized microsomal proteins photoaffinity-labeled with 125I-

ASD were fractionated by non-denaturing PAGE followed by SDS-PAGE, the only 

polypeptide identified in autoradiograms was 64 kDa. These results, plus the observation 

that a single peak of enzyme activity was eluted from the gel filtration column, collectively 

supported the possibility of only one subunit associated with NAPE synthase activity. 
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I also planned experiments to couple preparative IEF with IAM chromatography to 

purify the individual NAPE synthase protein(s) to homogeneity from each isozyme 

fraction (pi 6.3, 7.2, and 8.4). Results from studies designed to reveal differences in 

molecular weights, overall charge differences, kinetic differences and/or oligomeric 

differences could lend support to the existence of isozymes. However, my attempts to 

further purify and study the individual IEF-separated fractions by IAM chromatography 

resulted in limited success. The low amounts of proteins present in these preparations, as 

well as their limited stability in IAM applications left interpretation of these results 

inconclusive. 

It also is possible that distinct NAPE synthase isozymes may be present in different 

membrane compartments, e.g. ER, golgi, and plasma membranes, [14]. To investigate this 

possibility, I recovered NAPE synthase activity from golgi membranes and fractionated 

DDM-solubilized golgi membrane proteins by the """TAM-PE010'03 analytical column. 

Although the purification results were promising, the amount of time required and the 

difficulty involved in preparing the enzyme in sufficient quantities from this source made 

this approach impractical. Therefore, I focused on experiments designed at the molecular 

level to isolate cDNA(s) for NAPE synthase since multiple cDNA sequences encoding 

NAPE synthase would support the biochemical data indicating isozymes. 

My investigation of unesterified fatty acids as the acyl donor for the NAPE synthase 

reaction was one of the most intriguing aspects of the overall research. Traditionally, it 

has been assumed that utilization of acyl substrates requires both energy in the form of 

ATP and CoA-mediated thioesterification of the carboxylate moiety [8,23] for enzyme 
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catalysis. One partial exception is acyl-CoA synthetase, an integral membrane protein of 

the both lipid bodies [24] and the chloroplastidial envelope [25]. The substrates for acyl-

CoA synthetase are released either by phospholipase action in lipid bodies for /3-

degradaton of fatty acids or by termination of de novo fatty acid synthesis in chloroplasts. 

The enzyme facilitates joining FFAs to Co A for the purpose of "reactivating" them for 

further processing by en2ymes requiring their esterification to CoA for substrate 

recognition. However, in contrast to the cottonseed NAPE synthase reaction, the 

formation of thioestererified acyl-CoA from FFA by acyl-CoA synthetase is dependent on 

ATP, Mg2+, and dithiothreitol [25]. Cottonseed microsomal NAPE synthase, therefore, is 

not likely a microsomal form of acyl-CoA synthetase. The NAPE synthase reaction is 

distinct not only in the type of covalent bond catalyzed, since the acyl group is attached to 

PE through an amide bond, but also in its lack of other required cofactors or ATP. 

In contrast, ceramide synthase activity has been reported in squash membranes to 

catalyze the synthesis of ceramide from FFAs and sphingonine by the formation of an 

amide bond via condensation of fatty acid with the amino group of a long-chain base [26]. 

Similar to cottonseed NAPE synthase, this reaction also does not appear to require ATP. 

Although squash microsomal ceramide synthase and cottonseed microsomal NAPE 

synthase may share similarities in their acylation mechanisms, NAPE synthase did not 

utilize sphigonine as a substrate to form ceramide and is therefore functionally distinct. 

Perhaps more typical of cottonseed microsomal NAPE synthase activity is the enzyme 

activity described in independent investigations of anandamide synthesis [27-29]. A 

membrane-bound activity was reported in brain microsomes that catalyzed the formation 
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of an amide bond between the carboxyl group of arachidonic acid and the amino group of 

ethanolamine, in the absence of ATP and CoA. This reaction, though unusual, is not 

unfeasible. It has been demonstrated that 180-labeled palmitic acid could be enzymatically 

exchanged through an ATP- and CoA-independent mechanism via an acyl-enzyme 

intermediate [30]. Numerous other investigators also have reported alternative ATP- and 

CoA-independent mechanisms that utilize an acyl-enzyme intermediate either by the 

formation of a thioester or an oxyester in the carboxylate exchange reaction [28-31]. 

Therefore, it is reasonable to speculate that an acyl-enzyme intermediate also is involved in 

the mediation of the acyl exchange reaction by NAPE synthase. 

Preliminary exploration of the cottonseed microsomal NAPE synthase mechanism with 

several chemical modifiers suggested that serine, cysteine, arginine and/or histidine 

residues may participate in catalysis [15]. DFP inactivated NAPE synthase by the 

modification of one serine residue in a time- and concentration-dependent manner. 

Although both DFP and DTNB inactivated the enzyme, palmitic acid gave substrate 

protection from DFP, but not DTNB, inactivation and from [,4C]-DFP incorporation as 

well. I therefore proposed a feasible model for NAPE synthesis from PE and FFA similar 

to the reverse of a serine protease [32],in which a serine residue may participate in the 

active site to form an oxy-ester, acyl-enzyme intermediate to facilitate the transfer of an 

acyl group to PE. 

Although the confines of a two-dimensional membrane bilayer may necessitate 

alternative mechanisms than that of a soluble serine protease, the same catalytic tryad, or a 

close variation thereof, may provide the essential framework for transesterification to 
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occur. Since the biosynthesis of NAPE does not appear to require a source of metabolic 

energy, the mechanism likely is facilitated by entropy-driven, hydrophobic interactions, 

effectively lowering the activation energy required to proceed past the transition state. 

Enzyme-directed nucleophilic attack of the activated oxy-ester by the deprotonated 

nitrogen headgroup of PE could proceed rapidly with the formation of NAPE. Further 

identification of specific residues involved in catalysis and rigorous testing of the proposed 

mechanism must await cloning and mutagenesis of cDNA(s) encoding this NAPE 

synthase. 

In conclusion, my research has contributed the first biochemical characterization of 

purified NAPE synthase. Collectively, the results from this dissertation research support 

the hypothesis that NAPE synthase is present in at least two catalytic forms in the 

microsomes of cotton seedlings and establishes an unprecedented lipid biosynthetic 

acyltransferase activity, the direct acylation of PE with FFAs. Futhermore, the possibility 

that NAPE synthase may function to scavenge free fatty acids for membrane protection 

and/or the modulation of lipid signaling is entirely consistent with the enzymological data. 

References 

[1] Chapman K.D. and Moore, T.S., Jr. (1993) Plant Physiol. 102,761-769. 

[2] Sandoval, J.A., Huang, Z.-H., Garrett, D.C., Gage, D.A. and Chapman, K.D. (1995) 

Plant Physiol 109, 269-275. 

[3] Harwood, J.L. (1997) Plant Lipid Metabolism in Plant Biochemistry (Dey, P.M. and 

Harborne, J.B., eds.), p 241, Academic Press, San Diego. 



Ill 

[4] Schmid, H.H.O., Schmid, P.C. and Natarajan, V. (1990) Prog. Lipid Res. 29,1-43. 

[5] Schmid, H.H.O., Schmid, P.C. and Natarajan, V. (1996) Chem. Phys. Lipids 80, 133-

142. 

[6] Chapman, K.D., Tripathy, S., Venables, B. and DeSouza, A. (1998) Plant. Physiol. 

116,1163-1168. 

[7] Chapman, K.D. and Moore, T.S., Jr. (1994) Biochim. Biophys. Acta 1211,29-36. 

[8] Harwood, J.L. (1996) Biochim. Biophys. Acta 1301, 7-56. 

[9] Moore, T.S., Jr. (1993) Lipid Metabolism in Plants, CRC Press, Boca Raton. 

[10] McAndrew, R.S., Leonard, B.P. and Chapman, K.D. (1995) Biochim. Biophys. Acta 

1256,310-318. -

[11] Cai, S.J., McAndrew, R.S., Leonard, B.P., Chapman, K.D. and Pidgeon, C. (1995) J. 

Chromatograph. A. 696,49-62. 

[12] Chapman, K.D., McAndrew, R.S. and Huynh, T.T. (1997) Plant Physiol. Biochem. 

35,483-490. 

[13] Antonson, B. (1997) Biochim. Biophys. Acta 1348,179-186. 

[14] Chapman, K.D. and Sriparameswaran, A. (1997) Plant Cell Physiol. 38,1359-1367. 

[15] Chapman, K.D. and McAndrew, R.S. (1996) Biochemical characterization of 

cottonseed microsomal N-acylphosphatidylethanolamine synthase in Physiology, 

Biochemistry and Molecular Biology of Plant Lipids (Williams, J.P., Khan, M.U. and Lem, 

N.W., eds.), pp. 107-109, Kluwer Academic Publishers, Dordrecht. 

[16] McAndrew, R.S. and Chapman, K.D. (1998) Biochim. Biophys. Acta 1390, 21-36. 

[17] Liscovitch, M. and Cantley, L.C. (1994) Cell 77, 329-334. 



178 

[18] Munnik, T., Irvine, R.F. and Musgrave, A. (1998) Biochim. Biophys. Acta 1389, 

222-272. 

[19] Yuan, Y., Schoenwaelder, S.M., Salem, H.H. and Jackson, S.P. (1996) J. Biol. 

Chem. 271, 36-43. 

[20] Gomez-Munoz, A. (1998) Biochim. Biophys. Acta 1391, 92-109. 

[21] Schmid, P.C., Paria, B.C., Krebsback, R.J., Schmid, H.H.O. and Dey, S.K. (1997) 

Proc. Nat. Acad. Sci. USA 94,4188-4192. 

[22] Chapman, K.D., Lin, I. and DeSouza, A.D. (1995) Arch. Biochem. Biophys. 318, 

401-407. 

[23] Ohlrogge, J. and Browse, J. (1995) Plant Cell 7, 957-970. 

[24] Olsen, J.A. and Lusk, K.R. (1994) Phytochemistry 36, 7-9. 

[25] Joyard, J. and Stumpf, P.K. (1981) Plant Physiol. 67,250-256. 

[26] Lynch, D.V. (1993) Sphingolipids in Lipid Metabolism in Plants (Moore, T.S., Jr., 

ed.), p 285, CRC Press, Boca Raton. 

[27] Deutsch, D.G. andn Chin, S.A. (1993) Biochem. Pharmacol. 46, 791-796. 

[28] Devane, W.A. and Axelrod, J. (1994) Proc. Nat. Acad. Sci. USA 91, 6698-6701. 

[29] Kruszka, K.K. and Gross, R.W. (1994) J. Biol. Chem. 269,14345-14348. 

[30] Muderhwa, J.M., Schmid, P.C. and Brockman, H.L. (1992) Biochemistry 31,141-

148. 

[31] Desarnaud, F., Cadas, H. and Piomelli, D. (1995) J. Biol. Chem. 270,6030-6035. 

[32] Creighton, T.E. (1993) Proteins: Structures and Molecular Properties, 2nd Ed., W.H. 

Freeman and Co., New York. 



APPENDIX 

NUCLEOTIDE SEQUENCES 

179 



180 

NUCLEOTIDE SEQUENCES AND DEDUCED AMINO ACID SEQUENCES 

FROM RT-PCR AMPLIFICATION OF COTTON cDNA TEMPLATES 

WITH DEGENERATE OLIGONUCLEOTIDE PRIMERS 

(see Fig. 6, Chapter 3) 

1. Sequence from the (~250 bp) cDNA amplification product (E) encoding NAPE 

synthase. The sequence below was obtained using the SequiTherm EXCEL™ Long-

Read™ Kit-LC fluorescent-labeled (Ml 3) primer sequencing kit with 7-deaza-dGTP 

(Epicentre Technologies). (Slight variations in some nucleotides were observed using 

different sequencing methods. Underlined amino acids indicate primers used in 

amplification.) 

ATGGCCCATGTCATAGTCGTAACTCTGTAATCGAGTTGAAGGCTA 45 
G P C H S R N S V I E L K A S 

GCCAGAGCAAAATTGAAGAGCTAAAAAGAAAGATAGAAGAATTCA 90 
Q S K I E E L K R K I E E F K 

AAACCGCACTACAAAATTGCGAACTTCGAGTTGAACTCTTGGAAG 135 
T A L Q N C E L R V E L L E E 

AAAATAATGAGTAGTGGCAGGAACAGCTTCATCGATCTCAAGATC 180 
N N E * W Q E Q L H R S Q D Q 

AGGTTAGGGATAGGGATTACGACATGGGTCAT 212 
V R D R D Y D M G H 

2. Sequence from the (~ 350 bp) cDNA product (B) encoding ribosomal RNA. 

GCTGAGGCTCGTTTCCAGGGTTCGTATACGTACTGGAGATCAGAA 45 
A E A R F O 

CAAACGAGCCTCTACACTTATGTTCCACACGAGATTCTGTACTCG 90 
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TTGAGCTCATCTTAGGACACCTGCGTTATCTTTTAACAGATGTGA 135 

CGCGCCAGCCAAACCCCCCACCTGACAATGTCTCGCGCGCGGATC 180 

GGCCGGCCGAAGCGCTTTGGGGTCCAAAAAGAGGGGCCGTGCCCC 225 

CTCCGATTCACGGAATAAGCAAAATAACGTTAAAAGTAGTGGTAT 270 

TTC AATGGCCCCCGAGAGCGCCC ACTTTTCCTACCCCTCCC AAGT 315 

CATTCAACAAAGTCGGACTAGGAGTCCCCTACCAAGGG 353 
Q V (P) Y O G 

3. Sequence from cDNA product (C) encoding ribosomal RNA. 

GCGGAAGCGAGGCCTTGGGGGCCAGAAGGGGGGGCGGTGCCCGGC 45 
A E A R 

CGCCGACCCACGGGATAGGTAAAATAACGTGACAAGGTAGTGGTA 90 

TCCCAATCTCGCCCGAGCCCCCCACCCACCCTACACCTCTCAAGT 135 

CATTTCAC AAAGTCGGCCTAGAGTCAAGCTCAACGGGGTCTTTTA 180 
G V F Y 

CCAGGGTGGTGTGTGTTACCAGGGA 205 
Q Q G V (C) Y O G 
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4. Sequence from (~290 bp) cDNA amplification product (F) encoding 

chloroplastidial ribosomal RNA 

TGGCCCATATCGGTAGAGCAGCTTACTACTTTACACCGCCTGTAC 45 
W P (I) S V E 
AGGGTTGAACCTGGGATTTGACGGCGGACTTAAAAAGCCACCTAC 90 

AGACACTTTACACCCAATCATTCCGGATAACGCTTGCATCCTCTG 135 

TATTACCGCAGCTGCTGGCACAGAGTTAGCCGATGCTTATTCCCC 180 

AGATACCGTCATTGCTTCTTCTCCAGGAAAAGAAGTTCACGAACC 225 

GTAGACCTTCTACCTCCACACTTACCAGACTACGATATGGGACAC 270 
D Y D M G H 
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